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ABSTRACT 

 

Biofouling, through undesirable colonisation of surfaces by marine organisms, is 

responsible for significant economic and environmental impacts that justify the use of 

antifouling (AF) coatings. Extracts from cultivable microalgae were investigated as a 

sustainable and eco-friendly source of AF compounds. A multi-functional bioassay was 

developed to test microalgal extracts against biofilm-forming bacteria and diatoms 

(behaviour, growth, adhesion, toxicity, species interactions). The AF activity of extracts 

from seven microalgae was investigated against microfoulers, macroalgae and barnacles, 

and, the impact of stresses was assessed. Inhibitory activities were recorded against a 

wide spectrum of organisms between 0.01 and 100 µg.mL-1, and complex dose-

responses with stimulatory effects were highlighted. The AF activity was improved 

using competition and dark stress on marine microalgae, and was repressed using 

predation on freshwater species. Replicate experiments conducted using dark stress 

demonstrated the stability of stress responses, when comparing AF activity and 

metabolic profiles, for Cylindrotheca closterium and Thalassiosira pseudonana. These 

strains, which showed high biomass and extract yields (5%-10%), were further studied 

for fractionation and field-tests. Fractions of intermediate polarity from C. closterium 

demonstrated the most potential in the laboratory. In the field tests, Cc5 still showed 

moderate activity against early formation of algal slime in Portsmouth, and Cc6 reduced 

invertebrates’ settlement in Toulon. The microalgal culture-associated bacteria studied 

showed high diversity, microalgal proximity, and multifaceted chemical interactions. A 

comparative study showed that microalgal and bacterial extracts exhibited different 

patterns of AF activity and distinct chemical signatures, confirming the microalgal 

origin of extracts studied throughout. This work proposed a multi-functional AF 

screening of microalgal compounds for a better understanding of the mode of action, it 

demonstrated the tangible potential of microalgal extracts for AF applications, and it 

addressed the limits of an AF strategy based solely on chemical interactions - 

encouraging future use of combinatory approaches. 
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GENERAL INTRODUCTION 
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PREAMBLE 

 

Marine biofouling refers to the undesirable colonisation of submerged man-made 

surfaces by micro- and macro-organisms. The consequences of this phenomenon are 

mainly observed on ships whose speed and manoeuvrability are considerably reduced as 

fouling organisms gradually cover the hulls. Because the global market is highly 

dependent on maritime transport, significant economic and environmental impacts 

result from affected cargo ships traveling on worldwide trading routes. Biofouling also 

affects other marine industries, such as aquaculture, fisheries, oil and gas industry, 

offshore wind energy farms, naval fleets, or simply recreational boating. In the recent 

years, researchers have been actively working on this challenging and multi-disciplinary 

topic to develop new antifouling (AF) solutions, which primarily need to meet cost and 

efficiency requirements, as well as having low environmental impacts. This thesis starts 

to focus on the challenge of finding an eco-friendly alternative to existing toxic AF 

solutions by exploiting marine natural products (MNPs). Marine chemical ecology is 

the study of naturally produced chemicals on the ecological interactions between marine 

organisms and their environment. This area of research can be applied to the field of 

marine biotechnology, especially for AF applications. These compounds are already 

present in the natural environment and, because marine organisms produce these 

chemicals for ecological purposes, they are expected to have a targeted mode of action. 

Furthermore, attention was focused on MNPs produced by microalgae as the 

cultivability of these photosynthetic organisms opens opportunities to greatly reduce the 

costs of production. In this introduction, the colonisation processes of marine biofouling 

are described as well as the biology and the settlement features of the commonly 

involved organisms. The consequences of exposing and using untreated submerged 

surfaces are also detailed, along with the environmental concerns of existing AF 

formulations that ultimately lead to the ban of AF substances, such as tributyl-tin (TBT). 

Finally, the approach proposed in this thesis, based on the use of microalgal MNPs for 

AF application, is presented. 
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1.1. Biofouling: colonization processes 

 

It is generally accepted that biofouling occurs through a series of successive and/or 

overlapping complex stages that involve physical, chemical and biological processes 

(Figure 1.1) (Abarzua & Jakubowski, 1995; Yebra et al., 2004; Hellio et al., 2009a). 

The first phase is known as molecular fouling: submerged surfaces adsorb dissolved 

organic matter that forms a conditioning film the composition of which 

(polysaccharides, proteins, lipids, humic acids, nucleic and amino acids) is subject to 

temporal and seasonal modification (Garg et al., 2009). Such conditioned surfaces 

provide carbon sources for organisms involved in adherence to the surface and thus 

facilitate the formation of primary film (Bakker et al., 2004). Primary film formation 

comprises a slime layer containing microorganisms, mainly of bacteria (including 

cyanobacteria) and diatoms, together with fungi and protozoa (Dobretsov et al., 2010). 

Secondary film formation involves macroalgae, hydroids and serpulids, and tertiary 

films are composed of larger organisms such as, for example, barnacles, mussels, 

ascidians and sponges (Jones, 2009).  

 

 

 

 

 
Figure 1.1: Development processes of marine biofouling on untreated surfaces (Lejars 

et al., 2012). 
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1.1.1. Bacterial biofilms 

 

Bacterial biofilms are formed during the first hours of immersion (Lee et al., 2008). 

The multi-stage bacterial attachment process includes the transport of cells to the 

substratum, initial adhesion of cells, followed by reversible and then irreversible 

attachment and surface colonisation (van Loosdrecht et al., 1990; Harder & Yee, 2009; 

Busscher & van der Mei, 2012).  

Physico-chemical interactions (such as Brownian motion forces, attractive or 

repulsive electrostatic, Van der Waals forces and hydrogen bonds) contribute to the 

reversible adhesion of the swimming bacteria (Hori & Matsumoto, 2010; Busscher et al., 

2012; Hwang et al., 2012). These interactions are represented in the thermodynamic 

DLVO model (named after Derjaguin, Landau, Verwey, and Overbeek), which 

describes the mutual forces between the bacterial cells and the submerged surface upon 

closer contact (<20 nm) (Harder et al., 2009). The chemical composition of the 

conditioning layer was also shown to influence surface energy and roughness of the 

substratum, which may play some role in subsequent colonization and composition of 

first-arriving bacteria (Bakker et al., 2004; Garg et al., 2009; Hwang et al., 2012). 

Bacterial morphological features are known to have an important function in the 

attachment (Hori et al., 2010; Busscher et al., 2012). For example, proteinous 

nanofibers, such as fimbriae and pili, can pierce the barrier caused by the repulsive 

energy at low ionic strength and help bridge between cells and the substratum in an 

irreversible manner (Hori et al., 2010). Bacterial cell surface properties, such as 

hydrophobicity and surface charge, differ among bacterial strains and with 

environmental conditions, thus influencing the subsequent bacterial adhesion (Fletcher 

& Pringle, 1985; Harder et al., 2009). For instance, the variable chain length of the 

lipopolysaccharides on the outer surface of Gram-negative bacteria determines the 

degree of surface hydrophobicity, and hence adhesion strength (Harder et al., 2009). 

Phenotypic changes occur progressively with increased adhesion forces: the production 

of extracellular polymeric substances (EPS) composed of polysaccharides, proteins, 

nucleic acids and lipids leads to irreversible attachment as well as increased resistance 

to biocides (Busscher et al., 2012; Vázquez-Sánchez et al., 2014). In addition to the 

physical adhesion forces, chemical interactions and communication between bacteria 

also play a central role in the self-production of the protective matrix in which bacteria 

are embedded (Lowery et al., 2008; Liaqat et al., 2014). The extracellular matrix allows 
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microorganisms to protect against desiccation, biocides, metallic cations, ultraviolet 

(UV) radiation and grazers (Flemming & Wingender, 2010; Moryl et al., 2014). 

Although there have been extensive studies focused on biofilm-forming cells, only 

recently have they addressed the extracellular matrix surrounding microbial cells 

(Decho, 2013). Many reviews reveal the complexity and the difficulty of extracting and 

purifying EPS to obtain complete biochemical profiles, leading to EPS being referred to 

as “the dark matter of biofilm” (Flemming et al., 2007, 2010; Decho, 2013). Confocal 

laser scanning microscopy using fluorescent dyes allowed the in situ detection of EPS 

components (Flemming et al., 2010). The matrix was shown to contain structural 

alginate and proteins, various proportions of sugars, such as fucose, galactose, sialic 

acid, N-acetyl-D-glucosamine and N-acetylgalactosamine, as well as enzymes essential 

for biofilm degradation and dispersal (Flemming et al., 2010; Moryl et al., 2014). The 

composition and architecture of the extracellular matrix is thought to vary according to 

the biofilm age, environmental conditions and species diversity (Moryl et al., 2014; 

Vázquez-Sánchez et al., 2014). Indeed, the early-stage biofilms are dominated by 

bacteria belonging to the Alteromonas (γ-Proteobacteria) and Roseobacter (α-

Proteobacteria) groups, whereas minor groups such as Acidobacteria, Actinobacteria, 

Bacteroidetes, Chloroflexi, Cyanobacteria, Firmicutes, Planctomycetes, β-, δ- and ε-

Proteobacteria and Verrucomicrobia are encountered depending on the environmental 

site and the nature of the surfaces (Lee et al., 2008; Salta et al., 2013).  

The complex and dynamic three-dimensional structure formed by bacterial 

biofilms on the submerged surface can favour the colonization by other microorganisms 

and larger fouling organisms through chemical cues (see 1.3.4) (Hadfield & Paul, 2001; 

Salta et al., 2013; Yang et al., 2014). Especially, molecules such as N-acyl homoserine 

lactones (AHLs) can mediate quorum sensing (QS) (Wheeler et al., 2006). It was shown 

that the diffusible molecules such as N-acyl homoserine lactones (AHLs) produced by 

Vibrio anguillarum can be exploited by eukaryotic organisms, such as Ulva zoospores, 

through cell-to-cell communication or quorum sensing (QS), influencing their 

exploratory behaviour and settlement (Joint et al., 2002). It has also been suggested that 

bacterial secondary metabolites, chemical signal molecules and glycoproteinacious 

bacterial exopolymers could act as chemical cues for settlement and metamorphosis of 

fouling invertebrates (Hadfield et al., 2001; Harder et al., 2002; Joint et al., 2007). 

However, despite over 60 years of study, still very little is known about the bacterial 

ligands involved in larval settlement stimulation or the receptors that detect the bacterial 
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cues (Hadfield, 2011). Two compounds isolated from a natural biofilm were found to 

induce settlement of the polychaete Hydroides elegans in a similar way to the biofilm 

itself: 12-octadecenoic acid (long chain fatty acid) and 6,9-heptadecadiene 

(hydrocarbon) (Hung et al., 2009). Also, it was shown that the species composition of 

the bacterial biofilm community plays an important role in the settlement of invertebrate 

larvae, affecting positively or negatively the larval settlement response of barnacles and 

tubeworms (Lau et al., 2003, 2005): biofilm age also influences subsequent colonisers 

as it was shown to be positively correlated with the settlement of plantigrades of Mytilus 

coruscus (Yang et al., 2014). Other studies have shown that biofilms could have anti-

settlement effects on higher organisms through negative chemical cues (Fenical, 1993; 

Hadfield et al., 2001; Dobretsov & Qian, 2002; Huggett et al., 2006). As the community 

of microorganisms evolves within the biofilm, the chemical cues produced by the 

bacteria and other microorganisms, such as diatoms, vary qualitatively and 

quantitatively over the period of biofilm formation. Chemical profiling could be a good 

starting point for both identifying the source organisms and the bioactive molecules 

(Chung et al., 2010).  

 

1.1.2. Microalgal biofilms 

 

Eutrophication of coastal waters can favour the proliferation of micro- and 

macroalgae and key factors such as nutrient availability (nitrates, phosphates) and 

temperature can regulate microalgal growth (Van Dolah, 2000). High cell 

concentrations can result in intense competition for suitable surface settlement sites, 

with fast growing species suppressing the growth of others (Ianora et al., 2011). In 

addition, some benthic microalgae benefit from a dimorphic life cycle, with an initial 

free-floating stage followed by a benthic phase, which facilitates their dispersal and the 

colonization of new surfaces (Fattom & Shilo, 1984). Microalgae are the other 

dominant group of microorganisms part of marine biofilm communities (Decho, 2000; 

Salta et al., 2013) and raphid diatoms, such as Navicula sp. Nitzschia sp. and Amphora 

sp., are the most common microalgae in the early stage of substratum colonization 

(Molino & Wetherbee, 2008; Hellio et al., 2009a; Salta et al., 2013). Microalgae can be 

pioneer settlers, adhering to the surface using secreted mucilage even in the absence of a 

bacterial biofilm (Eulin & Le Cohu, 1998; Higgins et al., 2002). As primary producers 

they can support the growth of other settlers and induce the settlement of invertebrate 
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larvae through chemical cues (Daume et al., 1999; Harder et al., 2002; Mieszkin et al., 

2013), leading to further increases in fouling density and hence, frictional resistance 

(Schultz et al., 2011). The adhesion process, however, is not entirely understood despite 

its importance for the development of new AF products. A two-stage process has been 

suggested: the initial and reversible adhesion involves insoluble EPS secretion that also 

facilitates “gliding” motility, which is followed by an irreversible stage involving the 

formation of sessile adhesion structures such as strands, pads and stalks (Underwood, 

2005; Chiovitti et al., 2006; Molino et al., 2008).  

The EPS secreted during the first contact with the substratum is a complex and 

multi-component material, the composition of which varies between diatom species and 

according to different location sites on the cell (Chiovitti et al., 2006). Biochemical and 

histochemical studies show that carbohydrates are the major component of the secreted 

mucilages, which include complex polysaccharides, neutral monosaccharides (such as 

hexoses, pentoses, 6-deoxyhexose, and O-methylated sugars), sulfate ester as well as 

uronic acids (Chiovitti et al., 2006; Molino et al., 2008). An adhesion complex model 

was suggested for diatom adhesion and motility that acts as a bridge between the cell 

and the substratum surface: connector molecules that include a surface adhesive and a 

cytoplasmic motor extend from the cytoskeleton to the extracellular matrix through 

trans-membrane connections (Figure 1.2) (Lind et al., 1997; Wetherbee et al., 1998; 

Molino et al., 2008; Hellio et al., 2009a). Studies suggested the important role of an 

actin/myosin motor, which generates the force required for motility (Chiovitti et al., 

2006). This ultimately leads to the deposition of an EPS trail with the myosin molecules 

and other intercellular connectors of the adhesion complex being recycled within the 

cell (Molino et al., 2008).  

During the first adhesion stage, the microalgae cells can adjust their position helped 

by the secreted mucilage (Underwood, 2005), and cellular interactions and cell 

reproduction could also explain the adhesion pattern in diatoms (Cao et al., 2013). 

Progressively, the composition of the adhesion complex is subject to changes with new 

connector molecules and enzyme-mediated transformations leading to a stronger and 

permanent adhesion (Figure 1.3) (Molino et al., 2008; Hellio et al., 2009a). For instance, 

as the diatom Achnantes longipes requires bromide for stalk formation and production 

of insoluble EPS, it was proposed that bromoperoxidase could mediate the mechanisms 

that lead to aggregation, stalk assembly and permanent adhesion (Vreeland et al., 1998; 

Chiovitti et al., 2006). Indeed, by oxidizing phenolic compounds and promoting their 
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cross-linking to carbohydrates in polysaccharides and glycoproteins, bromoperoxidase 

helps stabilise extracellular matrix (Chiovitti et al., 2006, 2008). The exact chemical 

nature of the adhesive structures remains unclear, but compositional evidence showed 

that adhesive nanofibers assembled from modular proteins are involved (Dugdale et al., 

2006). Also, a comparative characterisation of EPS from two morphotypes of 

Phaeodactylum tricornotum showed that the EPS produced by the ovoid morphotype 

(which secretes adhesive mucilage) contains rhamnose and fucose, suggesting their 

involvement in the adhesive function of the mucilage (Willis et al., 2013). Because 

many of the specific components and processes are still undefined, the adhesion 

complex model remains a hypothesis, despite the fact that data on diatom adhesion are 

consistent with this model (Molino et al., 2008; Poulsen et al., 2014; Willis et al., 2014). 

Further research is needed to fully characterise these adhesive molecules, their 

subcellular localization, to understand their interaction with the EPS molecules and 

elucidate the adhesive mechanisms in diatoms (Poulsen et al., 2014; Willis et al., 2014). 

Although it is acknowledged that diatoms play a major role in the microbial biofilm 

functioning, the study of diatom-produced cues affecting larval recruitment of fouling 

invertebrates, which could be as important as bacterial ones, remains unexplored (Salta 

et al., 2013).  
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Figure 1.2: Adhesion complex of a raphid diatom. The adhesion complex connects two 

adhesive interfaces: the cell-extracellular matrix interface and the extracellular 

matrix-substratum interface. Trans-membrane proteins help bridging and the 

actin/myosin motor generates forces leading to gliding motility, ultimately leaving an 

EPS trail on the substrate (Wetherbee et al., 1998; Molino et al., 2008; Hellio et al., 

2009a). 

 

 

 

 
Figure 1.3: A: The raphid diatom Stauroneis decipiens lands on its side and adhesive 

mucilage is secreted from the two raphes; B: contact is made; C and D: the motility 

mechanism interacts with the adhesive complex to pull the cell up onto one of the 

raphes and the diatom is firmly attached (Wetherbee et al., 1998; Hellio et al., 2009a). 
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1.1.3. Macrofoulers 

 

Macrofoulers include macroalgae and invertebrates such as tubeworms, bivalves 

and crustaceans (Table 1.1). The colonization strategies of these sessile organisms 

involve a planktonic stage, which allows the dispersal of larvae and spores through the 

water column until settlement on suitable substrates when conditions are favourable 

(Zimmer et al., 2009). The dispersal patterns result from environmental features, such as 

hydrodynamics that transport the propagules, as well as behavioural characteristics, 

both of which can strongly influence the structure of sessile adult communities (Levine 

& Murrell, 2003). The colonisation processes of macroalgae and invertebrates are 

described hereafter.  
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1.1.3.1. Macroalgae 

 

A wide diversity of macroalgae, including Ulva (Chlorophyta, Ulvaceae), 

Ectocarpus (Phaeophyceae, Ectocarpaceae), Laminaria (Phaeophyceae, Laminariaceae) 

and Porphyra (Rhodophyceae, Bangiophyceae), are involved in biofouling of man-

made structures (Hellio et al., 2009a). Colonisation of surfaces by macroalgae is 

dependent on both benthic and pelagic stages: zoospores are released then dispersed in 

the water column until they settle on a suitable surface (Figure 1.4), ultimately resulting 

in macrofouling (Fletcher & Callow, 1992; Hellio et al., 2009a).  

Several behaviours impact on the dispersal of zoospores and they can be quite 

diverse according to the species and both physical and chemical characteristics (Callow 

& Callow, 2002). Positive and negative phototaxis can influence dispersal into the water 

column (Maggs & Callow, 2003): positively phototactic spores move towards light, 

which aids dispersal into the water column; negatively phototactic motile spores are 

guided to suitable surfaces for settlement in areas of low irradiance. 

Settlement processes vary greatly between macroalgae species, and the 

development of successful AF strategies deeply relies on a better understanding of the 

spore’s attachment mechanisms and the chemicals involved in this process (Petrone et 

al., 2011). Surface characteristics of the substratum, such as surface energy and 

microtopography, strongly influence the settlement of macroalgal spores (Callow et al., 

2002). For instance, studies showed that most algal spores prefer to settle on rough 

surfaces (Maggs et al., 2003), but nanoscale roughness was shown to inhibit the 

settlement of other species such as Polysiphonia sphaerocarpa (Scardino, 2009). In fact, 

in 2005 a 5-year integrated project funded by the European Commission “Advanced 

Nanostructured Surfaces for the Control of Biofouling (AMBIO)”, explored the use of 

novel materials, such as nanoparticles, in reducing biofouling (Callow & Callow, 2009): 

patent applications were submitted for 5 novel coating technologies. Other parameters 

influence macroalgal spore attachment: Ulva spores were shown to be influenced by 

lubricity, surface energy and wettability (Bowen et al., 2007; Petrone et al., 2011), and 

species of the Phaeophycea group, such as Hinksia irregularis, preferentially settle on 

uncharged surfaces rather than positively or negatively charged substrates (Greer & 

Amsler, 2002). It has also been shown that organisms that are already present on the 

surface can impact colonization because they modify the microtopography as well as 

other physical and chemical properties (Maggs et al., 2003). Moreover, the organisms 
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within the biofilm produce chemical cues that can be detected by algal zoospores and 

influence their settlement, either positively or negatively (Mieszkin et al., 2012), for 

example via N-acyl homoserine lactones (AHLs) mediated quorum sensing (QS) 

(Wheeler et al., 2006).  

Zoospore adhesion is very rapid where the initial phase can be accomplished within 

seconds once contact is established with the surface, and the permanent attachment is 

completed within an hour with the hardening of the adhesive substances secreted 

(Callow & Callow, 2006). Characterisation of the chemicals involved in the adhesion 

process is crucial for the development of AF strategies, but only few recent studies have 

addressed the nature of the adhesive material secreted by macroalgal spores during this 

stage (Dimartino et al., 2013). It was shown that adhesive bulk material secreted by 

Undaria pinnatifida (Phaeophyta), possibly from Golgi bodies, contained protein, 

anionic polysaccharides (sulphated and phosphated), as well as calcium and magnesium 

ions (Petrone et al., 2011). It has been suggested that those ions could be involved in the 

gelation of the secreted adhesive structures by interacting with the negatively charged 

polysaccharides, strengthening the adhesion (Chiovitti et al., 2008; Petrone et al., 2011). 

In spores from Rhodophyta, glycoproteins and sulphated polysaccharides are the main 

components of the mucilage, particularly, α-D-glucose and β-D-galactose were detected 

in the rhizoid cells of Porphyra spiralis var. amplifolia, suggesting their importance in 

the permanent adhesion process (Ouriques et al., 2012). Bioadhesives from the 

Rhodophyta Gracilaria conferta were found to be were found to be about 20% 

glycoproteins and about 70% polysaccharides (Dimartino et al., 2013). Rhizophitic 

Chlorophyta, such as Caulerpa Mexicana, can attach to a substratum by means of 

thigmoconstriction (where rhizoids change morphology to fit tightly into crevices) as 

well as by the formation of adhesive pads that secrete fibrillar material containing 

vibronectin-like proteins (Fagerberg et al., 2012). The settled macroalgae will then 

germinate and develop, producing compounds that can also act as chemical cues 

(activation or inhibition, see 1.3.4) for other macro-organism settlement or grazing such 

as invertebrates (Qian et al., 2003; Hammann et al., 2013; Flöthe et al., 2014).  
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Figure 1.4: Summary of features involved in the settlement and adhesion of zoospores 

of Ulva and other green algae. The swimming spore (a) senses the surface via an 

apical papillum (b) on which it rotates and may become temporarily attached to the 

surface by discharging a small deposit of adhesive (c). Permanent adhesion (d) is 

characterized by the discharge of the contents adhesive-containing cytoplasmic 

vesicles (Golgi-derived). The permanently settled spore is surrounded by an adhesive 

pad (Maggs et al., 2003; Hellio et al., 2009a). 
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1.1.3.2. Invertebrates 

 

Several invertebrate classes and phyla, such as bivalves, calcareous polychaetes, 

bryozoans and cirripeds, are responsible for macrofouling (Figure 1.5). Their large size 

(up to several centimetres) and calcareous features can cause intense increased frictional 

resistance (up to 80%) (Schultz, 2007) as well add extra weight to submerged structures, 

and, many have been intensively studied to understand the processes responsible for 

substrate colonisation.  

Barnacles are model invertebrate macrofoulers and have been subject to extensive 

AF studies of their behaviour, adhesion mechanisms and their susceptibility to AF 

agents (Favi et al., 2012; Kamino, 2013). Semibalanus balanoides is commonly found 

in intertidal zone in the world's northern oceans, while Amphibalanus amphitrite have 

spread to most warm and temperate seas. They are the most common barnacles due to 

their high fecundity (up to 20,000 eggs per adult, Hills and Thomason 2003), their 

broad global distribution, and their ultimate life cycle larval stage, the cyprid larva 

(Figure 1.6) (Clare & Aldred, 2009; Holm, 2012; Kamino, 2013): the cyprid larva 

allows settlement on a suitable substratum for the development of the adult barnacle. 

(Lagersson & Høeg, 2002)have described the behaviour of these larvae, which initially 

begins with a wide ranging exploration where the larvae “walk”, using their paired 

antennules (Clare et al., 2009), in a straight line along the surface for several minutes 

before frequent detachment. When a propitious area is located the larvae change their 

behaviour to close exploration with repeated and tight changes of direction. They will 

then produce a temporary adhesive followed by a cement to attach permanently to the 

substratum (Clare et al., 2009). Cyprid settlement is mainly influenced by surface 

properties, such as wettability and roughness (Berntsson et al., 2000; Clare et al., 2009), 

but the protein secreted in the temporary adhesive and the permanent cement also act as 

chemical cues inducing gregarious settlement (Bacchetti De Gregoris et al., 2012). In 

fact, a complex relationship between hydrodynamics, substratum type and the 

physiological age of the larvae govern the cyprids habitat selection for final settlement 

(Miron et al., 2000; Clare et al., 2009; Bacchetti De Gregoris et al., 2012; Holm, 2012). 

However, cyprids can become less selective with regards to the settlement surfaces as 

food availability decreases, reaching the status of desperate larvae (Elkin & Marshall, 

2007). 
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Bryozoan species such as Bugula neritina, which are cosmopolitan fouling 

organisms frequently found on man-made submerged surfaces, undergo a pelagic stage 

before becoming photonegative and geopositive (they preferentially settle on shaded 

undersides of surfaces), making these organisms ideal species for experimental studies: 

larvae can be obtained easily and settle only hours after release (Qian, Wong, & Zhang, 

2010; Yu, Yan, & Gu, 2007). For example, in “choice assays”, B. neritina showed that 

they respond to settlement cues and have a preference for surfaces covered in biofilms 

composed of diatoms such as Achnantes sp. and Amphora coffeaeformis, whereas 

biofilms composed of the bacterium Pseudoalteromonas sp. significantly reduced 

settlement (Dahms et al., 2004). However, once they have used their physiological 

reserves, they reach a “larval desperation” stage and settle wherever they can (Elkin et 

al., 2007).  

Ascidians are cosmopolitan fouling organisms as well, mostly because of 

anthropogenic translocation across the globe (Aldred & Clare, 2014). In addition, their 

effective reproductive ecology confers them a particularly aggressive fouling character, 

especially problematic in aquaculture facilities (Cahill et al., 2012; Bullard et al., 2013; 

Aldred et al., 2014). The colonial Diplosoma listerianum will usually settle on shaded 

down-facing surfaces, responding to environmental cues such as low irradiance and 

gravity (Hurlbut, 1993). It was also shown that ascidian larval settlement (Ciona 

intestinalis and Pyura praeputialis, which are responsible for serious operational 

difficulties in aquaculture systems in South America), could be inhibited by bacterial 

biofilms (Zapata et al., 2007). Other allelochemicals such as radicicol (fungi-derived) 

and polygodial (from terrestrial plants) have shown to inhibit the metamorphosis of the 

ascidian Ciona savignyi (Cahill et al., 2012). 

Mussels cause serious fouling problems as they firmly attach to a wide variety of 

submerged surfaces using collagenous attachment byssal threads (Bandara et al., 2012), 

which can respond to changes in surface wettability (Aldred et al., 2006). The adhesive 

polyphenolic proteins such as collagen and catechol oxidase from byssal plaque are 

responsible for the strong adhesion (Bandara et al., 2012). The blue mussel, Mytilus 

edulis, showed preferential settlement on rough, hydrophobic biofilm covered surfaces 

(Dobretsov & Railkin, 1996), with surfaces covered by the filamentous Chlorophyta 

Cladophora rupestris being highly attractive, suggesting that chemical cues other than 

surface chemistry, are involved (Dobretsov & Wahl, 2001).  
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The diversity of the organisms involved in biofouling and the variety of the 

settlement strategies employed add to the complexity of developing AF solutions. When 

these organisms settle on man-made structures, the resultant macrofouling community 

can be responsible for significant technical and environmental damage, the economic 

impacts of which are the drive behind the search for AF agents. 
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Figure 1.6: Light micrograph of the cyprid of Amphibalanus amphitrite. Adhesive 

antennular disc (ad); 1st antennular segment (ant1); carapace (c); caudal appendage 

(ca); compound eye (ce); oil cell (oc); thoracic appendages (ta); and thorax (t). Scale 

bar: 100 µm (Clare et al., 2009). 
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1.2. Biofouling: consequences and prevention 

 

Although all submerged surfaces can form a substrate for biofilm formation and the 

subsequent growth of larger organisms, this phenomenon most visibly affects man-

made structures (boat hulls, buoys, pontoons, offshore wind farms, pipelines…) where 

it has major economic and environmental impacts.  

 

1.2.1. Economic impacts 

 

Bacterial biofilms increase the severity of biofouling through chemical cues and 

they lead to settlement induction of other organisms, but they are also responsible for 

significant degradation and deterioration of man-made structures in their own right, 

such as through the discolouration of surfaces (Swain et al., 2006) and marine 

biocorrosion of carbon steel (Lee, Ray, Lemieux, Falster, & Little, 2004): there is 

evidence that EPS produced by bacteria can accelerate biocorrosion (Beech et al. 1998). 

Facultative sulphate-reducing bacteria, such as Shewanella oneidensis (γ-

Proteobacteria, formerly S. putrefaciens) are associated with biocorrosion of steel 

through iron respiration, which is accelerated under microaerobic conditions, where iron 

is available as an alternative electron acceptor for respiration (Lee & Newman, 2003). 

The corrosion process can also be caused by enzymes that can remain active even in the 

absence of living cells (Beech et al., 2002). Indeed, bacteria produce a wide range of 

enzymes (hydrogenase, catalase, peroxidase, superoxide dismutase) that can be 

entrapped in the bacterial EPS. They are known to play a key role in the corrosion of 

iron and its alloys, mainly through reduction reactions of oxygen coupled with 

enzymatic decomposition of hydrogen peroxide (Busalmen et al., 2002; Beech et al., 

2005). Microalgal biofilms can also be responsible for biocorrosion through the 

production of EPS and the consumption/production of O2 (de Brito et al., 2007). In 

addition, when cyprid barnacle larvae ultimately settle on a man-made habitat, such as 

ship’s hull, the hard shells can damage protective surface coatings and initiate corrosion 

of the underlying metal (Clare et al., 2009). 
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By affecting the design integrity of structures, the consequences of biofouling on 

ships’ hulls is economically problematic, where significant increases in fuel 

consumption are caused by the additional frictional drag: total resistance was estimated 

to be increased by 20% with heavy slime coverage, 35% with macroalgae and by up to 

80% with heavy calcareous fouling (Schultz et al., 2011; Schultz, 2007). Hence, this 

phenomenon is responsible for major economic expenditures (Callow, 1996; Champ, 

2000). For example, for an entire class of US Navy mid-sized naval ships, it was 

estimated that the overall annual cost associated with hull fouling (fuel consumption, 

coating and maintenance) was $56M (Schultz et al., 2011).  

Aquaculture industries are also severely economically impacted by biofouling, where 

the biofoulers interfere with stocks of cultured species (restriction of water exchange, 

physical damage of cultivated organisms, disease risks and biological competition), and 

damage infrastructure through increased weight (de Nys & Guenther, 2009; Fitridge et 

al., 2012). The Figure 1.7 shows one of the most problematic hydroids, Tubularia sp., 

fouling a salmon net in Norway during late summer: the hydroids are difficult to 

remove and quickly re-grow, and their presence causes decreased flow through the net 

and a decrease in oxygen levels within cages (de Nys et al., 2009). The associated costs 

are thought to be 5-10% of production cost, which could represent at least $1.5 billion 

per year, but this could be a significant underestimate (Fitridge et al., 2012). Because of 

the broad toxicity of biocides and heavy-metal based coatings, fouling control in 

aquaculture is usually limited to frequent cleaning and reduction of the exposure time to 

seawater (Dürr & Watson, 2010). Other strategies initiated by aquaculturists include the 

introduction of grazers and predators to reduce biofouling, but aquaculture industries 

have an urgent need of eco-friendly AF coatings (Fitridge et al., 2012).  

Problems associated with biofouling extend beyond shipping and aquaculture industries 

to other man-made structures including marinas, seawater cooling systems, underwater 

acoustic instruments such as sensors, underwater cables and all off-shore industries 

(Yebra et al., 2004; Whelan & Regan, 2006; Jones, 2009; Chapman & Regan, 2012). 

For instance, structures such as offshore platforms related to the oil and gas industries 

could be fixed or anchored to the ocean floor at depth ranging from 100 to 1000 meters, 

and, biocorrosion associated with fouling represents serious health and safety issues on 

these constructions. In addition, they provide a substratum for species to attach and 

complete their life cycles in unexpected habitats, attracting organisms for food and 

protection and creating a new ecosystem (Apolinario & Coutinho, 2009). Biofouling is, 
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however, a major problem for the integrity of power stations and water supply systems, 

where regular blocking of filters is reported because of microbial slime and hard 

foulers: in addition to mechanical removal, heat and chlorination treatments are used, 

but they severely impact the surrounding environment (Henderson, 2010). Finally, 

emerging offshore renewable energy systems such as wind and wave power energy are 

also affected by marine biofouling (Langhamer et al., 2010; Krone et al., 2013). For 

instance, an increase in the blue mussel Mytilus edulis has been recorded in North Sea 

due to the reef effect of offshore wind farm foundations (Krone et al., 2013).  

 

 

 

 
Figure 1.7: The hydroid Tubularia sp. fouling a salmon net (de Nys et al., 2009). 
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1.2.2. Environmental impacts 

 

As discussed previously (see 1.1), submerged surfaces rapidly become colonised by 

micro and macrofoulers when left un-treated. Biofouling on ship’s hull, particularly, is 

responsible for major environmental concerns: mainly increased greenhouse gases 

emissions, and dissemination of invasive species. 

The increased frictional drag causes greater consumption of fuel by ships, thus 

contributing to global ecological impacts through the increased emission of greenhouse 

gases into the atmosphere. For instance, the use of efficient preventative treatments for 

biofouling on ships’ hulls could reduce global carbon dioxide emissions by 23 million 

tonnes annually (Abbott et al., 2000), which is a significant reduction contribution to the 

UK target emission (623,9 million tonnes carbon dioxide average per year for 2013-

2020) in the Climate Change Act 2008 (Anonymous, 2014). 

Ships’ hulls are particularly affected by macroalgal colonization as they navigate 

through various water bodies and climates, because they hold organisms in the photic 

zone, which is propitious for algal development (Chambers et al., 2006). This results in 

the spread of potentially invasive algal species (Gollasch, 2006). For example, the 

invasive Undaria pinnatifida (Japanese kelp) is known to be transferred between 

regions via the hulls of vessels (Hay, 1990). Also, it has been pointed out that boat hulls 

are characterized by high shear forces, environmental shifts and toxic AF coatings 

(Yebra et al., 2004), all of which could select for the characters that are required by 

successful invasive species (Coutts et al., 2010). Some vessels, particularly trading 

vessels with poor AF coatings, are more likely to facilitate the spread of species 

worldwide than others. For example, one 10,000 tonne bulker visited several ports in 

the world over a five years period (Figure 1.8) and there is evidence that even short 

periods at anchor are sufficient to allow the settlement of potential invasive species 

(Minchin & Gollasch, 2003).   

Several mechanisms for the spread of macrofoulers from ships to the local environment 

have been proposed, such as synchronized release of gametes, ready detachment of 

mobile species when a propitious environment is found, dispersal following underwater 

cleaning of vessels (scuba-diving or robots) where scraped hull fouling biota waste is 

released untreated, and from wrecked ships’ hulls that have viable biota coming to rest 

in shallow waters allowing further proliferation (Minchin et al., 2003). Several invasive 

species are thought to have been introduced via hull biofouling, such as Dreissena 
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polymorpha (zebra mussel) in Ireland, Crepidula fornicata (slipper limpet) in northern 

France, the decapod Hemigraspus penicillatus along the Atlantic coast of France and 

Mytilus galloprovincialis in Hawaii (Noël et al., 1997; Apte et al., 2000; Lewis et al., 

2003; Minchin et al., 2003). These alien species can have a large impact on the 

indigenous organisms. For instance, the invasive C. fornicata significantly lowered the 

density of young-of-the-year sole fish in the Bay of Biscay in France (Le Pape et al., 

2004): possible explanations involve structural changes in the benthic habitat such as 

higher turbidity (due to sediment resuspension), the presence of shells, and the creation 

of mats.  

 
 

 

 

 

 

 
Figure 1.8: Ports visited during an inter-docking five-year period for one 10,000 tonne 

bulk carrier dry-docked in Dublin in 1998 (Minchin et al., 2003). 
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1.2.3. Preventative antifouling treatments: past and present 

 

1.2.3.1. Past treatments 

 

Initial attempts to reduce biofouling included the use of metallic sheathing (lead, 

iron, copper) on wooden then iron hulls, but corrosion problems caused by sheathing on 

iron hulls ultimately led to the use AF paints in the 20th Century where toxicants such as 

copper oxide were added (Readman, 2006). Many organic compounds, such as organo-

mercury, organo-lead and organo-arsenic, were subsequently integrated to AF paints, 

but organo-tins compounds, such as tributyl-tin (TBT), were the most efficient and cost-

effective, particularly when used with self-polishing co-polymers (SPCs) that provided 

a controlled release (Yebra et al., 2005). However, TBT has deleterious effects on many 

non-target marine species, such as bivalves, which developed abnormal shell growth 

(Nell & Chvojka, 1992; Coelho et al., 2006), and Nucella lapillus (dogwhelk), which 

developed imposex (Gibbs et al., 1991; Spooner et al., 1991). Tin-based paints have 

also been linked to the death of cetaceans, such as dolphins and whales in North 

Atlantic waters, since the 1980s (Ponasik et al., 1998). TBT also appears to be persistent 

in the marine environment and to bioaccumulate in marine organisms (Anonymous, 

2003). In fact, a study highlighted the fact that TBT undergoes significant 

biomagnification through the food web in Japanese coastal waters (Murai et al., 2008), 

and, ultimately to human exposure through the consumption of contaminated water and 

marine food (Okoro et al., 2011).  Because of such problems, the International Maritime 

Organisation (IMO) adopted the International Convention for the Control of Harmful 

Anti-Fouling Systems on Ships that was ratified in 2008: this Convention proposed the 

complete ban of TBT-based AF paints (Pereira & Ankjaergaard, 2009).  

 

1.2.3.2. Present treatments 

 

Following the ban of TBT, formulations combining heavy metals, such as copper or 

zinc, and biocides, such as Irgarol 1051, Diuron and Sea-Nine 211, have been used, 

however, their broad toxicity is recognised to be problematic and their use is now 

regulated by the Biocidal Products Directive (98/8/EC). Zinc and copper pyrithione are 

organometallic salts with multi-site inhibitor mode of action (Dafforn et al., 2011). This 

property gives them a broad spectrum of activity but the lack of specificity affects non-
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target organisms such as sea urchins, seagrasses and corals (Kobayashi & Okamura, 

2002; Piola & Johnston, 2007; Dafforn et al., 2011; Guardiola et al., 2012). On the other 

hand, it was shown that the accumulation of heavy metals not only has deleterious long-

term effects on marine ecosystems, but also increases the growth of tolerant microbial 

species and non-indigenous species (Paradas & Amado Filho, 2007; Dafforn et al., 

2011; Guardiola et al., 2012). In fact, legislation has been introduced in the Washington 

State Senate that would ban the use of copper-based AF coatings on recreational vessels 

by January 2015 (Anonymous, 2011). Irgarol 1051 is known to prevent algal fouling by 

inhibiting the photosystem II through binding to the D1 protein (Arrhenius et al., 2006), 

but it also has deleterious effects on non-target organisms, such as the symbiotic 

zooxanthella in corals, seagrasses and mangroves (Carbery et al., 2006). It is also very 

persistent in the marine environment, including sediments, with a half-life of 100 days 

(Konstantinou & Albanis, 2004). Additionally, its degradation products display even 

greater toxicity and are even more persistent than the parent compound (Okamura, 

2000). Another issue involves the resuspension of sediment with can release the biocide 

into the water column, becoming bioavailable for other organisms (Tolhurst et al., 2007). 

It has been stated that at concentrations above 0.024 µg L-1, Irgarol 1051 can be 

dangerous to 95 % of marine organisms, but this concentration has been already 

exceeded in various areas around the world, such as the Caribbean, USA, and Europe 

(Dafforn et al., 2011). Diuron is also used as an algaecide in AF paints, but it can persist 

in the marine environment for up to a year (Giacomazzi & Cochet, 2004). Hence, The 

UK Health and Safety Executive revoked the use of Diuron as an active ingredient in 

AF paints on any size of vessels (Gatidou, Thomaidis, & Zhou, 2007; Thomas, McHugh, 

& Waldock, 2002) and current seawater contamination is more likely to be linked to its 

use in agricultural industries (Haynes et al., 2000). Sea-Nine 211 seems to have the 

lower environmental risks compared to the other booster-biocides, with an estimated 

half-life of less than 24h (Thomas, 2009), however, it has been shown that when 

associated with paint particles the half-life of Sea-Nine 211 increased to 9.9 days 

(Thomas, McHugh, Hilton, & Waldock, 2003). As a consequence, the UK Health and 

Safety Executive restricted the use of this biocide to vessels measuring more than 25 m 

(Konstantinou et al., 2004; Chambers et al., 2006). It is then absolutely necessary to 

consider the fate of new active AF ingredients from the leaching from marine coatings 

to their accumulation and degradation in the water column as well as in the sediments. 

Non-toxic technologies, such as non-stick coatings, have been investigated as a 
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means of preventing the surface adhesion of fouling organisms (Lejars et al., 2012): 

they provide a low-friction and ultra-smooth surface where organisms can hardly settle, 

without the use of biocides. Yebra et al. (2004) reviewed the limits of this technology: it 

is very expensive, the coating may not adhere strongly to the surface and can be easily 

damaged, and, it does not work for stationary surfaces. Indeed, the coatings require a 

minimum speed of 22 kn to remove attached fouling organisms and slime is hardly 

removed even at speeds above 30 kn.  

One of the biggest challenges in marine biotechnology and engineering is the drive to 

develop new environmentally friendly AF solutions, which have to meet strict criteria: 

they have to be durable (12 years), repairable, cost effective, easy to apply and 

maintain, smooth, efficient at port and at sea, and the product must be commercially 

available and registered with the Environmental Protection Agency (Ralston & Swain, 

2009).  
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1.3. Chemical ecology of marine organisms 

 

Marine chemical ecology comprises the study of the production and interaction of 

bioactive molecules that affect the behaviour and function of marine organisms (Ianora 

et al., 2011). One of the biomimetic approaches for finding new AF solutions is the 

understanding of the chemical ecology of marine organisms. It is an area of 

interdisciplinary research that promises great potential in the field of marine 

biotechnology as the chemicals that mediate specific interactions can be exploited for 

bioinspired technologies, especially in AF applications. 

 

1.3.1. Investigation of marine natural antifoulants 

 

Biodegradable MNPs could provide a route to eco-friendly AF paints (Clare, 

1998; Burgess et al., 2003; Hellio et al., 2009b). Marine chemical ecology involves the 

simultaneous investigation of chemical and biological aspects within ecologically 

realistic constraints (Hay, 1996). Many marine organisms, such as sponges and 

macroalgae, are known to produce secondary metabolites (which are not directly 

involved in the normal growth and reproduction) with AF activity (Amin, Parker, & 

Armbrust, 2012; Hellio, Marechal, et al., 2009; Natrah, Bossier, Sorgeloos, Yusoff, & 

Defoirdt, 2014; Qian, Xu, & Fusetani, 2010; Raveendran & Limna Mol, 2009). These 

compounds are produced as part of the positive and negative ecological interactions 

between organisms for defence or allelopathy and have been shown to target a wide 

range of biofouling organisms from bacteria and microalgae to macroalgae and 

invertebrates (Hellio et al., 2009b; Zhang et al., 2009; Amin et al., 2012; Natrah et al., 

2014). Also, the epibiotic biofilm present on the surface of micro- and macro-organisms 

and many chemical interactions occur in the interface between these colonisers and the 

basibionts (substrate organisms), which can be beneficial or detrimental (Wahl et al., 

2012). These secondary metabolites include terpenes, alkaloids and polyphenols, and 

they can greatly differ from terrestrial secondary metabolites in their chemical structure, 

including their halogenation. Moreover, marine organisms can produce a large array of 

different chemicals, as is the case of Laurencia spp. (Rhodophyceae) that produce over 

500 different terpenes (Hay, 1996), but these activities could also be attributed to the 

associated microflora. Methods for the mass production of the active ingredients 

extracted from these organisms, however, have yet to be developed and the chemical 
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synthesis of the complex functional groups can be very challenging (Li & Trost, 2008; 

Wohlgemuth, 2009). Greater focus needs to be directed towards producing active 

chemicals from cultivable organisms. 

 

1.3.2. Bioactive extracts from microalgae 

 

Microalgae could be a reliable source of AF MNPs: they have a high growth rate and 

they can be cultivated on a large scale under controlled conditions and in a sustainable 

way. Indeed, chemostat systems can be constructed using 400 L polyethylene bags or 

controlled helical tubular photobioreactors of up to 700 L (Lebeau & Robert, 2003a). 

Microalgae can also uptake nutrients from wastewater (Doria et al., 2011) and have the 

additional benefit of capturing atmospheric CO2 (Kumar et al., 2011). Moreover, 

because microalgae are amongst the most diverse organisms, they provide a wide 

spectrum of metabolites that can be screened for relevant activities. This is why, in 

recent years, there has been increased interest in these organisms for their 

biotechnological potential in diverse areas such as the cosmetic, pharmaceutical, food 

industries and biofuels (Venter, 2001; Raja et al., 2008; Plaza et al., 2009; Chu, 2012; 

Mimouni et al., 2012; Rawat et al., 2013; Wijffels et al., 2013; Yen et al., 2013; Pérez-

López et al., 2014). High value compounds of interest for commercialization are 

pigments, such as carotenoids used for food industry applications, and polyunsaturated 

fatty acids (PUFAs), such as docosahexaenoic acid (DHA), which is mainly used for 

therapeutic purposes (Spolaore et al., 2006; Chu, 2012; Pérez-López et al., 2014). 

Further studies have revealed biological activities such as antioxidant, antibacterial, 

antiviral and antifungal (Murakami et al., 1988; Kellam & Walker, 1989; Plaza et al., 

2010; Mimouni et al., 2012; Natrah et al., 2014). Some studies have established the 

potential for exploitation of cyanobacteria with AF activity (Abarzua, Jakubowski, 

Eckert, & Fuchs, 1999; Abed et al., 2013; Bhadury & Wright, 2004; Dobretsov, Dahms, 

& Qian, 2006; Volk & Furkert, 2006), but little is known about the AF properties of 

cyanobacterial extracts. Contrary to bacteria-derived chemical cues, microalgae-derived 

cues have been much less studied, however, Dobretsov et al. (2006b) has reviewed 

some bioactive compounds from marine diatoms (Table 1.2): it has been found that 

Thalassiosira rotula produces unsaturated aldhehydes such as decadienal that are 

reported to inhibit the growth of Vibrio splendidus and Bacillus megaterium (Adolph et 

al., 2004), and, to restrict the early life cycle of invertebrates such as sea urchins and 
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copepods (Pohnert, 2000; Romano, 2003; Adolph et al., 2004; Leflaive & Ten-Hage, 

2009, 2011). Shaw, Andersen, & Harrison (1995) also found that the diatoms 

Thalassiosira pseudonana and Phaeodactylum tricornutum produce intracellular apo-

fucoxanthinoids that deter grazing by copepods. Biofilms of the diatom Nitzschia 

frustulum inhibit the larval settlement of the bryozoan Bugula neritina, suggesting the 

involvement of chemical cues (Dahms et al., 2004). Other studies have shown some 

biological activities of microalgae towards aquaculture pathogens where excess use of 

antibiotics has been a concern (Natrah, Defoirdt, Sorgeloos, & Bossier, 2011; Natrah et 

al., 2014; Naviner, Bergé, Durand, & Le Bris, 1999), and human pathogens including 

the multi-resistant Staphylococcus aureus (Findlay & Patil, 1984; Murakami et al., 

1988; Venkatesan et al., 2007; Desbois et al., 2009; Al-Wathnani et al., 2012).  
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Table 1.2: AF activity reported from compounds extracted from marine microalgae 

(Dobretsov et al., 2006; Natrah et al., 2014) 

Microalga Inhibits Inhibitive 
compounds Reference 

Thalassiosira rotula 

• Bacterial growth: 
Vibrio splendidus 
Bacillus megaterium 
• Egg development and 

morphogenesis of: 
Sphaerechinus granularis 
Crassostrea gigas 
Calanus helgolandicus 

Unsaturated 
aldehydes 
(decanal) 

Romano et al. 2003 
Adolph et al. 2004 

Achnantes parvula Settlement of Semibalanus 
balanoides Unknown Le Tourneux and 

Bourget 1988 
Amphora tenerrima; 
Nitzschia frustulum 

Settlement of Hydroides 
elegans Unknown Harder et al. 2002 

Lam et al. 2003 

Nitzschia frustulum Attachment of Bugula 
neritina Unknown Dahms et al. 2004 

Biofilm 

• Settlement of Haliotis 
rubra; 

• Bacterial growth: 
Erythrobacter citreus 
Erythrobacter flavus 
Loktanella vestfoldensis 
Oceanibulbus indolifex 
Parococcus alcaliphilus 
Phaeobacter gallaeciencis 
Roseobacter litoralis 
Sulfitobacter mediterraneus 
Alteromonas macleodii 
Pseudomonas 
oryzihabitans 

Microscilla pacifica 
Muricauda aquimarina  
Kocuria marina 
Rhodococcus erythropolis 
Bacillus aquimaris  
Enterococcus faecium 

• Unknown 
• Polyunsaturated 

aldehydes: 
- 2E,4E-decadienal  
- 2E,4E-octadienal 
- 2E,4E-heptadienal 

 
 
 
 
 
 
 

 
 

 
 
 

• Daume et al. 2000 
• Ribalet et al. 2008 

 
 
 
 
 
 
 
 
 
 
 
 
 
 

Skeletonema costatum Growth of aquacultural 
pathogens Organic extracts Naviner et al. 1999 

Desmodesmus sp. 
Pediastrum sp. 

• Bacterial growth: 
Bacillus subtilis 
Staphylococcus aureus 
Escherichia coli 
Pseudomonas aeruginosa 
Mycobacterium smegmatis 
• Development of starfish 

fertilized eggs 

Fat-soluble fractions Murakami et al. 1988 

Rhizosolenia alata  
• Bacterial growth: 
Staphylococcus aureus 
Proteus vulgaris 

Organic extracts Venkatesan et al. 2007 

Chaetoceros sp. Growth of Vibrio sp.  Unknown Viso et al. 1987 

Pheodactylum 
tricornotum 

• Bacterial growth: 
Vibrio anguillarum 
Staphylococcus aureus 
Staphylococcus epidermidis 
Bacillus aureus 
 

Eicosapentanoic acid 
Palmitoleic acid 
Hexadecatrioneic 

acid 

Desbois et al. 2008 
and 2009 

Navicula delognei f. 
elliptica 

• Bacterial growth: 
Staphylococcus aureus 
Staphylococcus epidermidis 
Salmonella typhimurium 
Proteus vulgaris 

Hexadecatetraenoic 
acid 

Octadecatetraenoic 
Hexadecatrienoic 

Findlay and Patil 1984 
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1.3.3. Impact of biotic and abiotic stresses on microalgal cultures 

 

It is possible to enhance the production of microalgal secondary metabolites and 

chemical signals by manipulating the culture conditions with biotic and abiotic stresses, 

but this may result in growth limitation (Borowitzka, 1995; Le Chevanton et al., 2013). 

Secondary metabolite production can be stimulated through various processes, such as 

chemical defence, allelopathic mechanisms or carbon uptake management (Wingler et 

al., 2000; Wolfe et al., 2002; Hay, 2002; Potin et al., 2002; Tillmann, 2004; Fleck-

Schneider et al., 2007; Leflaive et al., 2009, 2011; Amin et al., 2012; Roy et al., 2013; 

Natrah et al., 2014). The impact of predation has also been investigated because 

phytoplankton cells have developed several strategies of defence against grazers and 

other predators: swimming behaviours, size and formation of colonies, spines and 

mucilage, hard cell wall and the production of noxious chemicals that can deter 

predators (Smetacek, 2001; Tillmann, 2004; Leflaive et al., 2009, 2011; Roy et al., 

2013). The latter have attracted attention in recent years, and, for instance, it has been 

shown that various species of phytoplankton have developed a sublethal chemical 

defence system against protist grazers (ciliates and heterotrophic dinoflagellates) with 

the production and the breakdown of dimethylsulfoniopropionate (DMSP) leading to a 

reduced grazing activity on strains of Emiliania huxleyii (Strom et al., 2003a, 2003b). 

Diatoms are also known to negatively influence the reproduction of grazers, such as 

copepods, through, for example, reactive aldehydes from Thalassiosira rotula 

(decadenial and decatrienal derived from eicosanoic fatty acids), but the enzymatic 

mechanism producing these defence metabolites is more likely to be triggered after cell 

disruption (Pohnert, 2000; Leflaive et al., 2009, 2011; Roy et al., 2013). The same 

phenomenon was observed with the freshwater diatom Asterionella formosa, the 

benthic diatom Gomphonema parvulum, and a microalgal biofilm: by rapidly 

transforming eicosanoic fatty acids after cell damage, diatoms can build up local high 

concentration of defensive metabolites leading to a reduction of grazer hatching success 

(Miralto et al., 1999; Pohnert, 2000; Jüttner, 2001; Pohnert & Boland, 2002). In fact, 

PUFAs and polyunsaturated aldehydes (PUAs) seem to play a very important role in 

predator defence processes as described in reviews of diatom-grazers interactions in the 

marine environment (Paffenhöfer et al., 2005; Pohnert, 2005; Roy et al., 2013). 

All these secondary metabolites also play other complex roles in intra- and 

interspecific interactions, without being wound-activated (Vidoudez & Pohnert, 2008). 
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They can act as infochemicals and allelopathic compounds against other competitors for 

resources such as light, nutrient or space (Figure 1.9) (Leflaive et al., 2009; Ianora et al., 

2011; Paul et al., 2013; Roy et al., 2013). In this context, the impact of environmental 

triggers and species chemical interactions on the chemical ecological responses has also 

been investigated in this PhD project using induced intra-specific competition and light 

limitation. For that matter, the application of technologies such as metabolomics 

(advanced metabolic profiling), an emerging discipline in systems biology, can be 

particularly powerful in the field of drug and natural product discovery. Indeed, it 

provides information on the overall metabolite content (metabolome) that results from 

cellular processes responding to changes in external factors (Nylund et al., 2011; 

Goulitquer et al., 2012; Wang et al., 2012; Paul et al., 2013; Roy et al., 2013) and it can 

map the chemical diversity of bioactive secondary metabolites with potential 

importance in AF applications. The chemical response of cultured microalgae to 

competition, predation or light/nutrient limitation can be monitored and statistical 

treatment of data (multivariate exploratory analysis) can provide insights into the 

metabolic changes within the cells as well as into the released metabolites that could be 

involved in cell-to-cell communication (Barofsky et al., 2009; Chandramouli et al., 

2013; Paul et al., 2013; Roy et al., 2013). Comparing metabolic profiles of organisms 

subject to externally mediated perturbation allows the identification of affected 

secondary metabolites and targeting of the cellular/physiological pathways involved. 

Metabolomic approaches can also allow monitoring of the performance of cultivation 

systems and can help validate and/or adjust the techniques of production of bioactive 

compounds. 
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Figure 1.9: Schematic representation of the interactions between diatoms and 

competitors or predators (white arrows), which could be mediated by 

polyunsaturated fatty acids or aldehydes (black arrows). The main effects are shown 

in italics (Leflaive et al., 2009). 

 

  



General	  introduction	  
	  

	   35	  

1.3.4. Influence of associated bacteria in microalgal cultures 

 

The microalgal strains studied in this project were provided by Algobank-Caen and 

were not axenic. This association with bacterial cells could not be ignored, as the 

bacteria in the cultures could be potentially the source of bioactive extracts. 

Algae-bacteria interactions can be either beneficial or deleterious (Amin et al., 2012; 

Grossart, 1999; Natrah et al., 2014): 

1. Bacteria and algae form symbioses where bacteria benefit from microalgal 

products, and microalgae profit from products of bacterial metabolism, such as 

remineralised nutrients and vitamins. 

2. Bacteria can act as parasites of microalgae leading to cell lysis and death, and, 

microalgae are capable of producing antibiotics for defence. 

3. Commensal bacteria benefit from microalgae without deleterious effects, 

however, they can become parasitic when the microalga’s physiological state 

changes.  

4. Bacteria and microalgae could compete for nutrients. 

 

In the presence of a heterogeneous bacterial community, multiple interactions can exist 

simultaneously or vary with time, modifying the chemical fluxes in the surrounding 

environment and increasing the intensity of cell-to-cell signalling through allelopathy or 

QS. Indeed, bacterial biofilms produce QS signal molecules that diffuse in the 

surrounding environment (Withers et al., 2001). QS is the regulatory mechanism that 

allows bacteria to control their growth, virulence and biofilm formation through the 

production of small signal molecules that diffuse in and out of the cell (Whitehead et al., 

2001). When bacterial cell density increases, the concentration of the signal molecule 

crosses a threshold and binds to a receptor protein that ultimately triggers the 

transcription of target genes (Dobretsov, 2010; Zhang & Dong, 2004). In Gram-

negative bacteria, the QS signalling usually involves AHLs, LuxR-type signal receptors 

and LuxR-type I synthases (Figure 1.10a): as bacterial cells proliferate, AHL signals 

accumulate and trigger QS signalling by binding to LuxR-type transcription factors (R) 

and the LuxR-AHL complex induces the expression of target genes. In Gram-positive 

bacteria, signal autoinducing peptides (AIP) are transported outside the cell and 

exported by the ATP-binding cassette export systems (Sturme et al., 2002). AIP are 

detected by a membrane bound histidine kinase (S) (Figure 1.10b): the sensory 
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information is transferred to the response regulator (RR) by phosphorylation relay (P), 

inducing the target gene expression (Zhang & Dong, 2004). 

Host organisms can produce analogue molecules that interfere with bacterial QS 

signalling through various mechanisms involving signal degradation or receptor 

competition (Figure 1.10c and d), and, it was AF research that led to the discovery of 

the first QS ‘signal-mimic’ compounds in Delisea pulchra (Kjelleberg et al., 1997; 

Zhang & Dong, 2004).  

Prolonged association with bacteria could lead microalgae to produce such analogue 

compounds to regulate the deleterious interactions. However, axenic microalgae 

cultures are needed to compare the bioactivity of the extracts produced without 

interference of accompanying bacteria. The process of rendering cultures axenic is very 

challenging, especially for microphytobenthic strains: some were able to form biofilm 

only in the presence of bacteria (Bruckner et al., 2008, 2011), the cell size reduced 

rapidly, slow-growing cell aggregates were formed or cells did not grow after 

inoculation in new media (Bruckner & Kroth, 2009; Windler et al., 2014). 
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Figure 1.10: QS models and signal interference mechanisms (from Zhang and Dong 

2004). Gram-negative LuxR-type QS system (A): the LuxI protein (I) catalyses the 

synthesis of AHL signals; R = LuxR-type transcription factors. Gram-positive 

autoinducing peptide (AIP) two component QS system (B): precursor peptides (PP) 

are modified and the resulting QS signals (AIP) exported by a transporter (T); S = 

sensor-histidine kinases, RR = response regulator; P = phosphorylation relay (P). 

Signal interference mechanisms against LuxR-type QS systems (C). Signal 

interference mechanisms against AIP two-component QS systems (D). 
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1.4. Assessing antifouling activity in the laboratory 

 

The AF activity of new agents must ultimately be evaluated through field trials, but 

their incorporation into paints requires large quantities of product. Also, field trials 

require prolonged immersion times, can be subject to seasonality constraints as they 

need to be performed when the fouling pressure is the highest i.e. spring/summer, and 

their efficacy is subject to spatial variation (Dahms & Hellio, 2009). MNPs have the 

advantage of offering a wide chemical diversity, but their study is often limited due to 

the small quantities of material available for the initial screening of their biological 

activities. For these reasons, many laboratory-based bioassays have been developed as a 

preliminary stage for screening the AF activity of new agents and MNPs (Dahms & 

Hellio, 2009; De Nys et al., 1995; Hellio, De La Broise, Dufossé, Le Gal, & 

Bourgougnon, 2001; Rittschof, Clare, Gerhart, Mary, & Bonaventura, 1992). Such 

bioassays should attempt to mimic the complex environmental conditions to which 

submerged surfaces are exposed: the physical and chemical interactions, hydrodynamics, 

hydrostatic pressure and climate, for example, can all contribute to the formation of 

specific biofouling species assemblages (Clare, 1996; Dahms & Hellio, 2009). 

Although bioassays can never fully meet this challenge, laboratory-based AF assays are 

the only available option when testing small quantities of MNPs for activity. Many 

environmental parameters can, however, be controlled, such as static or dynamic 

conditions, temperature, irradiance and photoperiod, pH and nutrient status. The choice 

of relevant test organisms is crucial to assess the potential of a compound for AF 

applications and a wide range of key test organisms from micro- to macro-organisms 

gives more predictive power to the bioassays performed (Dahms & Hellio, 2009). 

Single-species bioassays are recognised as being far removed from the natural condition 

(Burmølle et al., 2006), but they still provide important information about the mode of 

action of AF compounds in the fouling process. De Nys et al. (1995) showed that some 

compounds that were effective against one organism showed little or no activity against 

others and, not surprisingly given the very diverse biology of the organisms involved, 

that no single compound was optimal against all potential biofoulers. Testing AF 

compounds against key organisms allows the direct comparison of results with 

published data, however, to take account of organismal interactions, such as QS and 

other behavioural changes (Joint et al., 2002; Patel et al., 2003), single species assays 

should always be followed by bioassays carried out with mixed species assemblages. 
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Bioassays are diverse and can assess various biological processes (Briand, 2009; Dahms 

& Hellio, 2009), but they usually have a particular focus on the assessment of growth 

inhibition. For AF purposes, however, it appears to be equally relevant to assess the 

inhibition of settlement and adhesion, and methods have been developed to study these 

(Beveridge et al., 1998; Stafslien et al., 2006; Leroy et al., 2007). Indeed, potential 

products can be inappropriately eliminated from further study because they allow 

growth even though they could be effective in AF applications through the prevention 

of the settlement of cells. For example, it has been shown that halogenated furanones 

from the red alga Delisea pulchra inhibit attachment, but have very little or no effect on 

growth of marine bacteria (Maximilien et al., 1998). Adhesion inhibition assays alone 

will, however, fail to reveal information about whether products that inhibit the 

attachment of cells might also exhibit biocidal or biostatic effects. For the development 

of new eco-friendly AF paint formulations, it is important to monitor both adhesion and 

growth inhibition followed by a toxicity test. On the other hand, looking for behavioural 

changes can also provide a better understanding of the mode of action. For instance, 

aggregation might suggest an allelopathic mechanism (Pohnert, 2000; Leflaive et al., 

2011) and spatial distribution changes, such as non-uniform growth, could indicate a 

repellent effect. During this PhD project, classic bioassays were subject to further 

improvements, targeting microfoulers such as bacteria and microalgae. A multi-

functional bioassay that is both time and product saving was developed, allowing the 

simultaneous assessment of various biological processes: behaviour, adhesion, growth 

and toxicity. MNPs extracted from various microalgae strains were then screened for 

their AF activity against micro- and macrofoulers such as bacteria, diatoms, macroalgae 

and barnacle larvae. 

To maximize the chance of discovering promising products, several stresses were 

applied to the microalgae cultures in order to stimulate the production of secondary 

metabolites such as infochemicals, defence products or allelopathic compounds.  
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1.5. Aims of the study 

 

The goal of this PhD project was to investigate the AF activity of microalgal 

bioactive extracts both in the laboratory and in the field, and to have a better 

understanding of the factors that lead to their production. 

The following questions were addressed: 

- Firstly, can microalgae produce AF extracts effective against a wide range of 

organisms? 

- Then, what biotic/abiotic factors can stimulate the production of secondary 

metabolites with AF activity?  

- Also, given the presence of bacterial cells in the microalgal cultures, are the AF 

extracts genuinely of microalgal origin? 

- Finally, are the laboratory findings reproducible in the field? 

 

To achieve this goal, the objectives were defined as follows: 

• Objective 1: to develop and optimise a laboratory-based bioassay in order to 

provide multi-functional method of screening microalgal extracts for AF 

activities against microfoulers (Chapter 2). 

 

• Objective 2: to investigate the AF activity of microalgal extracts from cultures 

grown under various conditions in order to have a better understanding of the 

abiotic or biotic factors triggering the production of antifoulant secondary 

metabolites (Chapter 3). 

 

• Objective 3: to fractionate, semi-purify and formulate active extracts in order to 

assess their effectiveness during field-based immersion tests at two sites: 

Portsmouth (UK) and Toulon (France) (Chapter 4). 

 

• Objective 4: to explore the microalgae-bacteria association through imaging and 

to confirm the microalgal origin of the bioactive extracts by comparing chemical 

fingerprinting profiles (Chapter 5). 

 

	  



 

 

 

 

 

 

 

 

 

 

 

 

CHAPTER 2 

DEVELOPMENT OF A 

MULTIFUNCTIONAL LABORATORY-

BASED ANTIMICROFOULING ASSAYS 
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Abstract 

 

The AF activity of new compounds should ultimately be assessed in the field, 

but the need for large quantities of material and long exposure times has led to the 

development of laboratory AF bioassays as a first stage of screening, which also allow 

for a better understanding of the mode of action of a tested compound. New AF 

compounds must also be active against the organisms responsible for the primary 

biofilm formation, such as bacteria and microalgae. This study details the development 

of a time and product-saving and multi-functional bioassay targeting both bacteria and 

microphytobenthic microalgae. The biofilm formation of each microorganism was 

studied in the laboratory in order to select the best model species. Then the effect of AF 

compounds (standards [Irgarol 1051 and Sea-Nine] used in AF formulations and 

potentially active marine extracts) were assessed on aggregation, adhesion, growth and 

toxicity all in one microplate using the same inoculum, in order to order to better 

understand their mode of action. Among six bacterial strains tested, three did not 

provide sufficient adhesion strength in laboratory conditions to be used as a model and 

were thus eliminated from further study. One microalgal strain among six was excluded 

from model organisms due to its clump-forming growth that induced high variability in 

the results. A rapid and direct chlorophyll a dosage for microalgal biomass estimation 

was also piloted as an indirect tool for cells number estimation.  
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2.1. Introduction 

 

Several screening methods already exist to assess the AF efficiency of potential 

compounds against microorganisms such as bacteria and microalgae. However, as 

detailed hereafter, most of them were solely focused either on adhesion or growth 

inhibition. Multi-functional methods allow the collection of data about the effect of a 

tested compound on adhesion, growth, acute toxicity and species interactions. The 

reliability of the data collected is guaranteed by using the same inoculum of 

microorganisms as well as strictly controlled conditions, thus limiting the variability of 

response.  

 

2.1.1. Antibacterial assays  
 

Assessing the antibacterial activity of potential AF agents is crucial to prevent 

the severe consequences of bacterial biofilm formation, such as biocorrosion and 

increased biofouling severity through chemical cues (see Chapter 1, 1.2). Several 

bioassays have been developed to assess the growth inhibition of bacteria. The disc-

diffusion assays on solid media, where the size of the inhibition zone is measured, are 

commonly used (De Beer & Sherwood, 1945; Hellio et al., 2000; Burgess et al., 2003). 

In this method, a bacterial suspension is spread on 1.2 % (w/v) agar medium, then paper 

discs loaded with the compound to test and dried are put on the agar surface, and, after 

incubation, the diameter of the inhibition zone is measured. Several concentrations are 

tested allowing the determination of the minimum inhibitory concentration (MIC). This 

method, however, presents several limitations: usually only six treatments per Petri 

dishes (90 mm diameter) can be tested simultaneously (including controls), and 

variability can be associated with measuring the zone of inhibition (± 1 mm), 

underlining the need of replicate assays to assure the reproducibility of the results, 

especially for small inhibition zones (Jensen et al., 1996). Another growth inhibition 

assay, but in liquid media, can be performed using 96-well microtitre plates where 

turbidity is commonly used to assess bacterial growth (Amsterdam, 1996; Maréchal et 

al., 2004a). Typically, the wells are coated with the bioactive substances then the plates 

are UV-sterilized and inoculated with bacterial suspension. After incubation, the 

turbidity is assessed visually or using a spectrophotometer at 630 nm. It has been shown 

that the results obtained by this method can be correlated with the disc diffusion assay 
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method (Arikan et al., 2002), but with the advantage that smaller amounts of products 

are needed for the bioassays whilst allowing a quicker results reading and numerous 

replicates for statistical analysis. Moreover, the interface liquid/solid of 96-well 

microplates appears to be more representative of field conditions than the 

cell/agar/paper interface (Seeley et al., 1990). This is especially true when monitoring 

adhesion inhibition, which appears to be equally important for AF study purposes. 

Indeed, potential AF compounds can be inappropriately eliminated from further study 

because they allow growth even though they could be effective preventing the 

attachment of cells. Several methods have been developed to study this phenomenon, 

incorporating compounds into agar or hydrogels as substrate for attachment and 

assessing colonization by bacteria (Wahl et al., 1994; Harder et al., 2004), or using 96-

well plates coated with the substance to test (Beveridge et al., 1998; Stafslien et al., 

2006; Leroy et al., 2007). Before developing further improvements to the bioassays, our 

microalgal extracts (see Chapter 3, section 3.2.3) were initially screened for their 

antibacterial activity by assessing the growth inhibition only, according to the methods 

previously described in Maréchal et al. (2004a). 

 

2.1.2. Antimicroalgal bioassays 

 

Many bioassays were designed for the purpose of monitoring the inhibition of 

microalgal growth/adhesion (Abarzua et al., 1999; Schultz, 2000; Tsoukatou et al., 

2002; Hellio et al., 2004; Statz et al., 2006). These bioassays require the determination 

of the cell concentration of the initial microalgal inocula and the subsequent assessment 

of growth. The main problem encountered is that most of the microphytobenthic algal 

strains being tested tend to aggregate and form clumps, making it challenging to count 

cells, especially using flow cytometry (Franklin et al., 2004). A cell count independent 

way to estimate microalgal biomass is to measure chlorophyll a (Chl a) concentrations. 

Several methods are available to do this based on the use of acetone as an extraction 

solvent (Lorenzen, 1967; Thabard et al., 2009). These methods involve filtering a 

volume of microalgal culture through a GF/F filter (Whatman), which is then ground in 

a glass vial with a volume of acetone and left in the dark at 4 °C for 12 hours.  After 

centrifugation the concentration of Chl a is determined by spectrofluorometry or 

spectrophotometry. Acetone extraction is, however, time consuming and can yield 

variable results due to the number of steps and the photo-degradability of the pigments. 
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Methanol has also been used as an alternative extraction solvent and Raimbault, 

Lantoine, & Neveux (2004) validated this method for seawater samples, defining the 

parameters that govern the use of the methods dictated by the instability of pigments in 

methanol (Bowles et al., 1985). In the current study the classic methods of Chl a 

concentration determination in acetone were used following the methods described in 

Hellio, Berge, Beaupoil, Le Gal, & Bourgougnon (2002), but the results were highly 

variable. Then, a Chl a extraction method using methanol was adapted for both 

estimating the microalgal biomass of stock cultures prior bioassays and the 

concentration in microplate wells, in order to quantify any antimicroalgal activity.  

 

2.1.3. Optimisation of antimicrofouling assays 

 

Over the course of the present study, further improvements were developed that 

allowed the accurate quantification of antimicroalgal activity. Instruments such as a 

plate reader allowed the rapid and precise measurement of fluorescence directly from 

the test microplate. Calibration curves were established and used to relate this parameter 

to microalgal biomass via Chl a concentration. Additionally, biofilm formation for each 

species was assessed, which is very relevant when determining the AF potential of 

compounds. 

A multi-functional antimicrofouling bioassay that is both time and product saving was 

developed, allowing the simultaneous assessment of various biological processes, such 

as aggregation, adhesion, growth and toxicity, against a range of marine strains, 

including bacteria and diatoms. Commercial AF biocides (Irgarol 1051 and Sea-Nine 

211) were used to validate the antimicrofouling bioassays. Irgarol 1051 (Figure 2.1a) is 

a highly specific and effective inhibitor of photosynthetic electron transport at 

photosystem II by binding to the D1 protein (Eriksson et al., 2009). Sea-Nine 211 

(Figure 2.1b) acts as a multisite inhibitor and an inhibitor of photosystem II electron 

transport (Guardiola et al., 2012). 
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Figure 2.1: Chemical structure of Irgarol 1051 (a) and Sea Nine 211 (b) 

 

  



Development	  of	  a	  multifunctional	  laboratory-‐based	  antimicrofouling	  assays	  
	  

	   47	  

2.2. Materials and methods 

 

2.2.1. Antibacterial assay 

 

2.2.1.1. Test organisms 

 

Six marine bacteria strains were targeted: Halomonas aquamarina (γ-

Proteobacteria, Baumann et al.) Dobson and Franzmann (ATCC 14400); Shewanella 

putrefaciens (γ-Proteobacteria, Derby and Hammer) MacDonell and Colwell (ATCC 

8071); Pseudoalteromonas elyakovii (γ-Proteobacteria, Ivanova et al.) Sawabe et al. 

(ATCC 700519); Polaribacter irgensii Gosink et al. (Flavobacteria, ATCC 700398); 

Vibrio natriegens (γ-Proteobacteria, Payne et al.) Baumann et al. (ATCC 14048); 

Roseobacter litoralis Shiba (α-Proteobacteria, ATCC 49566). They were selected for 

their common occurrence in marine biofilms and have been the subject of numerous AF 

studies previously (Plouguerné et al., 2008, 2010b; Chambers et al., 2011; Aguila-

Ramírez et al., 2014). Moreover, S. putrefaciens is known to be involved in marine 

biocorrosion through iron respiration (Lee & Newman, 2003), and, V. natriegens is a 

pathogenic bacterium that is associated with infection problems in the aquaculture 

industry (Payne et al. 2007). The characteristics of these strains are detailed in Chapter 

3, 3.2.2.1).  

They were maintained at 24°C in sterile filtered seawater (FSW) enriched with 0.5% 

(w/v) neutralised bacteriological peptone (LP0034 Oxoid).  

 

2.2.1.2. Assessment of the bacterial biofilm formation 

 

Biofilm formation was estimated for each bacterial strain as suggested by 

Jackson et al. (2002) and Narisawa, Furukawa, Ogihara, & Yamasaki (2005). To 

prepare bacterial cell suspensions, the OD630 nm of five days old bacterial stock 

suspension was measured and dilutions were made according to the method of 

Amsterdam in order to start the bioassays with an inoculum of 2 x 108 cells mL-1 

(Amsterdam, 1996; Maréchal et al., 2004a). For each strain, four clear polystyrene 96-

well microtitre plates (Sterilin 611F96, flat-bottom, 406 µL capacity) were inoculated 

with 100 µL of marine bacterial cell suspension and incubated at 24 °C for 48 hours. 

After incubation, the first plate was centrifuged (30 min, 2350 g, 4 °C) to pellet 
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suspended cells. The supernatant was discarded and the pelleted cells were air dried at 

room temperature: this plate was used in the assessment of total cell numbers per well. 

The three remaining plates were inverted, emptied and tapped against paper towel, 

rinsed with 100 µL of sterile FSW and tapped against paper towel again to remove non-

attached cells. This was repeated twice for one of the three plates, and three times for 

another. These plates were then air dried at room temperature to fix the remaining 

biofilm and used to estimate the numbers of biofilm-forming cells in the plate wells. 

The wells of all four plates were then filled with 100 µL of 0.3% (v/v) aqueous crystal 

violet and left for at least 30 minutes to stain the biofilm (Narisawa et al., 2005; 

Stafslien et al., 2006). After emptying, the plates were rinsed three times with sterile 

deionized water, inverted and tapped against paper towels, and then air-dried. The 

crystal violet was then solubilized with 100 µL of 95% (v/v) ethanol and the absorbance 

at 595 nm (Narisawa et al., 2005; Stafslien et al., 2006) measured using the plate reader. 

Biofilm ratios were calculated by dividing the mean A595nm values for the biofilm-

forming cells by those for the total cells.  

 

2.2.1.3. Aggregation, adhesion, growth and toxicity assessment 

 

Individual rows (of 12 wells) in 96-well sterile clear microtitre plates were coated 

with known concentrations of compounds to test (see 2.2.3). Of these 12 wells, seven 

replicates were inoculated with 100 µL of bacterial suspension (2 x 108 cells mL-1, see 

2.2.1.2) and five replicates were filled with 100 µL of sterile media (background). The 

last three rows of the microplate were free of product and used as controls: (i) negative 

control with bacterial suspension only; (ii) positive control with sterile medium only; 

(iii) blank, no addition. The microplates were incubated at 24 °C for 48 hours and 

various biological processes, such as aggregation, growth, toxicity and adhesion were 

assessed in parallel as follows: 

• Aggregation. After incubation, the distribution of the test organisms in all of the 

wells was compared visually with the controls and aggregation or irregular spatial 

distribution was recorded. 

• Growth inhibition. Immediately after aggregation inspection, the optical density at 

620 nm was measured using a plate reader (Apollo LB912, Berthold Technologies). 

The background values (replicate wells 8 to 12) were subtracted from the OD values 

for “test” wells (replicate wells 1 to 6), and the results were compared with those for 
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the controls. For each replicate, the relative bioactivity (%) was calculated by 

dividing the difference between control and test OD values by control OD value. The 

mean relative bioactivity and standard deviation (n=6) were calculated and plotted: 

positive values indicated a growth inhibition and negative values showed growth 

stimulation. 

• Toxicity. After OD620 nm measurements, a toxicity test was performed when growth 

inhibition was recorded in all the replicates: the content (100 µL) of the 7th replicate 

well was transferred into a separate flask containing 5 mL of sterile seawater free 

from product and enriched with 0.5% (w/v) peptone. Growth was monitored over 48 

hours: where growth occurred the original inhibition was judged to be due to a 

biostatic effect, whereas an absence of growth was interpreted as indicating a 

biocidal effect during the original incubation period. 

• Adhesion inhibition. Next, the wells were emptied, tapped against paper towel, 

rinsed once with 100 µL of sterile FSW to remove the non-attached cells and air-

dried at room temperature. The remaining bacterial biofilm was stained with 100 µL 

of 0.3% (v/v) aqueous crystal violet and the A595 nm measured as described above. To 

quantify bacterial biofilm formation the mean background A595 nm values (replicate 

wells 8 to 12) were subtracted from the test values (replicate wells 1 to 6). Relative 

bioactivity (%) was also calculated as described above.  

• Species interactions. When the growth of several organisms was inhibited by the 

same product, a multispecies bioassay was performed as above, but with a 

proportional mixture of the inhibited species in the test wells.  
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2.2.2. Antimicroalgal assays 

 

2.2.2.1. Test organisms 

 

Six phytobenthic microalgal strains were provided by Algobank-Caen: 

Cylindrotheca closterium AC170 (Ehrenberg) Reimann & Lewin (Bacillariophyta, 

Bacillariophyceae, Bacillariales, Bacillariaceae), Porphyridium purpureum AC122 

(Bory) Drew et Ross (Rodophyta, Porphyridiophyceae, Porphyridiales, 

Porphyridiaceae), Lotharella globosa AC132 Ishida & Hara (Chlorarachniophyta, 

Chlorarachniophyceae, Chlorarachniales, Chlorarachniaceae), Exanthemachrysis 

gayraliae AC15 Lepailleur (Haptophyta, Pavlovophyceae, Pavlovales, Pavlovaceae), 

Halamphora coffeaeformis AC713 (Agardh) Levkov (Bacillariophyta, 

Bacillariophyceae, Naviculales, Amphipleuraceae) and Pleurochrysis roscoffensis 

AC32 (Dangeard) Fresnel & Billard (Haptophyta, Prymnesiophyceae, Coccolithales, 

Pleurochrysidaceae). Because they naturally develop in the form of biofilm, 

microphytoebenthic strains are particularly relevant in AF studies, and they have been 

used routinely in AF bioassays (Plouguerné et al., 2008, 2010b; Thabard et al., 2009; 

Chambers et al., 2011; Aguila-Ramírez et al., 2014). For instance, H. coffeaeformis is 

the most commonly found diatom in biofilms (Schultz, 2000). The key features of these 

selected microalgae are further described in Chapter 3, section 3.1.1. and 3.2.2.2. 

Microalgae strains were cultivated in f/2 medium (Guillard & Ryther, 1962), at 20 °C 

and in constant light (incident irradiance: 140 µmol m-2 s-1).  

 

2.2.2.2. Microalgal biomass estimation 

 

Initially the microalgal biomass of test cultures was estimated from Chl a 

concentration measurements using acetone as the extraction solvent. For each 

microalgal strain, 5 mL of cell suspension was collected through a GF/F (Whatman) 

filter at low vacuum, transferred into a vial containing 5 mL of 90% (v/v) acetone and 

ground with a glass rod. The tube was placed in the dark at 4 °C overnight, centrifuged 

in order to pellet the filter debris (10 min, 1000 g, room temperature) and the Chl a 

concentration of the extraction solution was calculated using the trichromatic method 

with the equation of Lorenzen (1967): 
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𝐶ℎ𝑙  𝑎   𝑚𝑔  𝐿!! = 11.6  𝑂𝐷!!"  !" − 1.31  𝑂𝐷!"#  !" − 0.14  𝑂𝐷!"#  !"   𝑣  𝑙!!  𝑉!! 

v = volume of acetone (mL) 

l = cell length (cm)  

V = volume of filtered microalgal solution (L).  

 

A more accurate and easier-to-use method for determining Chl a following 

extraction using methanol was adapted from Raimbault et al. (2004). This method of 

biomass estimation was used both to quantify Chl a in stock microalgal cultures prior 

the bioassays, and for direct quantification in the microplate wells (black polystyrene 

with clear flat bottom, Brand) after incubation. Black 96-well microplates with clear 

bottoms were used as they improve fluorescence sensitivity and minimize interference 

between adjacent wells.  

• Stock microalgae cultures. 5 mL of culture was collected on a GF/F filter 

(Whatman), which was immediately transferred to a vial containing 5 mL of 

analytical grade methanol. The vial was stored in the dark at 4 °C for between 30 

min and 2 hours to extract the Chl a. The fluorescence of the pigment extract was 

measured (PolarSTAR Optima BMG Labtech, excitation: 485 nm, emission: 645 

nm) and the concentration in Chl a determined using a calibration curve (see 

2.2.2.3).  

• Antimicroalgal assay using 96-well microplates. After incubation in microplates 

and removal of growth medium (see 2.2.2.5), 100 µL of analytical grade methanol 

was added to each well and the plates were stored in the dark at 4 °C for 30 min. 

The fluorescence was then measured as above and the concentration of Chl a was 

determined using a calibration curve (see 2.2.2.3).  

 
 

2.2.2.3. Fluorescence / chlorophyll a concentration calibration 

 

Known concentrations of pure spinach Chl a (C5753 Sigma, extinction 

coefficient (ε) at 663 nm in methanol: 77 l g-1 cm-1) were prepared in methanol. The 

exact concentration (c) was calculated by measuring its absorbance (A) at 663 nm, and 

using the Beer-Lambert equation: 𝐴 = 𝜀  𝑙  𝑐, where l is the cell length (cm).  

To take account of residual seawater in GF/F filters and in 96-well plates the following 

procedures were adopted when constructing calibration curves: 
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• Stock microalgae cultures. As residual seawater on the GF/F after filtration of 

microalgae suspension could affect the final Chl a concentration, 5 mL of f/2 media 

was collected on GF/F filters, and one filter was added to each vial of standard 

solutions of Chl a. Then 100 µL of each solution was added to triplicate wells of a 

black polystyrene 96-well plate for fluorescence measurement.  

• Antimicroalgal assay using 96-well microplates. 100 µL of f/2 media was poured 

in the wells and discarded before tapping against paper before pouring 100 µL of 

each standard Chl a solutions in triplicate wells of a black polystyrene 96-well plate. 

Fluorescence measurements were performed in triplicates using a plate reader 

(PolarSTAR Optima BMG Labtech, excitation: 485 nm, emission: 645 nm) and 

calibration curves were constructed. 

 
 

2.2.2.4. Assessment of microalgal biofilm formation 

 

For each of the test species, the wells of four black sterile polystyrene 96-well 

microplates with clear bottoms (Brand 781611, pureGrade, flat-bottom, 330 µL 

capacity) were inoculated with 100 µL of microalgal cell suspension (initial 

concentration: 0.1 mg (Chl a) L-1) and incubated at 20 °C and constant light (incident 

irradiance: 140 µmol m-2 s-1) for four days. After incubation, one plate was centrifuged 

for 10 minutes at 2350 g and 4 °C to pellet suspended cells. The microalgal biomass 

was then estimated directly in the microplates as described above. To determine the 

number of rinsing steps needed to remove cells not associated with biofilms, the three 

other plates were emptied and tapped against paper towel, rinsed with 100 µL of sterile 

FSW and tapped against paper towel again: once for one plate, twice for a second plate, 

and three times for the third plate. The microalgal biofilm Chl a concentration was 

estimated directly in the microplates using the plate reader (see 2.2.2.2), and, the 

biofilm ratio was calculated by dividing the biofilm-associated biomass by the total 

biomass. 

 

2.2.2.5. Aggregation, adhesion, growth and toxicity assessment 

 

The biomass in the stock cultures for each microalgal strain was estimated as above, 

and dilutions were made to give a starting inoculum of 0.1 mg Chl a L-1. 
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As with the antibacterial assay, individual rows (of 12 wells) in 96-well sterile clear 

microtitre plates were coated with known dilutions of the potential AF preparations (see 

2.2.3). Of these 12 wells, nine replicates were inoculated with 100 µL of microalgal 

suspension and three replicates were filled with 100 µL of sterile medium (background). 

As stated for 2.2.1.3, the last three rows of the microplate were free of product and used 

as controls: (i) negative control with bacterial suspension; (ii) positive control with 

sterile medium; (iii) blank, no addition. The plates were incubated for four days at 

20 °C in constant light (incident irradiance: 140 µmol m-2 s-1) and various biological 

processes, such as aggregation, adhesion, growth and toxicity, were assessed as follows: 

• Aggregation. After incubation, all the wells were visually compared with the 

controls and aggregation and/or irregular spatial distribution was noted.  

• Toxicity. Next, when clear wells were observed in all replicates, a toxicity test was 

performed: the content (100 µL) of the corresponding 9th replicate well was 

transferred into a separate flask containing sterile f/2 media free from test product, 

and incubated for four days: the outcomes were recorded and interpreted as 

described above (2.2.1.3).  

• Adhesion. After that, the medium of the first four replicates wells was gently 

removed using a multichannel pipette to eliminate all the non-attached cells. 

• Growth. Then, the plates were centrifuged for 20 min at 3000 g and 4 °C to recover 

total microalgal cells (planktonic and/or attached) in the replicates 5 to 8 and the 

supernatants were discarded. 

• Biomass estimation. Immediately after, the Chl a concentration of algal biofilm in 

the replicates 1 to 4 and of total cells in the replicates 5 to 8 was determined 

directly in the microplates as described above (2.2.2.2) using the plate reader. The 

background values (replicate wells 10 to 12) were subtracted from the Chl a 

concentrations values for “test” wells (adhesion: replicate wells 1 to 4; growth: 

replicate wells 5 to 8). The results were compared with those for the controls. For 

each replicate, the relative bioactivity (%) was calculated by dividing the difference 

between control and test fluorescence values by control Chl a concentration values. 

The mean relative bioactivity and standard deviation (n=6) were calculated and 

plotted: positive values indicated adhesion/growth inhibition and negative values 

showed adhesion/growth stimulation. 
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• Species interactions. When the growth of several organisms was inhibited by the 

same product, a multispecies bioassay was performed as above, but with a 

proportional mixture of the inhibited species.  

 

2.2.3. Validation of the method using commercially available biocides 

 

Irgarol 1051 (Ciba ®) and Sea Nine 211 (Dow®) (diluted in methanol) were tested 

at eight concentrations: 10-5, 10-4, 10-3, 10-2, 10-1, 1, 10 and 100 µg mL-1. Twelve 

replicate wells in 96-well microplates were filled with 100 µL of each biocide solution 

and after solvent evaporation the coated plates were UV-sterilized prior to inoculation 

with test organisms (bacteria and microalgae) for biological activity screening as 

described above. 

 

2.2.4. Statistical analysis 

 

A test of normality (Shapiro-Wilk) was performed on each data set using IBM SPSS 

Statistics (version 20). Tests for significant differences between the controls and 

treatments were performed using the Kruskal-Wallis analysis of variance test followed 

by multiple paired comparisons for non-parametric data, and one-way ANOVA 

followed by 2-sided Dunnett post-hoc multiple comparisons for parametric data. The 

significance level was set at 0.05. 
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2.3. Results 

 

2.3.1. Amendments to existing antibacterial assays 

 
2.3.1.1. Bacterial biofilm formation 

 

Four of the six strains of bacteria, S. putrefaciens, P. irgensii, H. aquamarina and V. 

natriegens, formed stable biofilms, where the proportion of biomass associated with the 

biofilm (biofilm ratio) was estimated to be 41% ± 12%, 71% ± 27%, 79% ± 8% and 

141% ± 59%, respectively (Figure 2.2c-f). There was no significant change in the 

estimate of the biofilm ratio after the first rinsing step (Figure 2.2).  P. elyakovii and R. 

litoralis did not form stable biofilms, i.e. all the cells were lost from wells after a single 

rinsing step (Figure 2.2a-b). 
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Figure 2.2: Crystal violet absorbance (595 nm) extracted from total marine bacteria cells 

(planktonic + attached) and biofilm forming cells after one, two and three rinsings. a: 

P. elyakovii, b: R. litoralis, c: V. natriegens, d: S. putrefaciens, e: H. aquamarina, f: 

P. irgensii. Mean absorbance value ± SD (n = 48) 
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2.3.1.2. Bioactivity of commercial biocides 

 

2.3.1.2.1. Aggregation 

 

The commercial biocides did not induce any observed aggregation or changes in 

spatial distribution relative to the controls (data not shown).  

 

2.3.1.2.2. Adhesion and growth assessment 

 

Sea Nine 211 completely inhibited the adhesion and the growth of S. 

putrefaciens, R. litoralis, V. natriegens and P. irgensii (figures 2.3 and 2.4) with a MIC 

of 1 µg mL-1 (p < 0.05). Although inhibited at concentrations > 1µg mL-1, the growth of 

P. irgensii was stimulated by Sea Nine 211 at concentrations between 10-5 and 0.1 µg 

mL-1 (Figure 2.4b). The same was observed regarding the adhesion of R. litoralis, V. 

natriegens and P. elyakovii (figures 2.3b, 2.4a and 2.5b). H. aquamarina and P. 

elyakovii (Figure 2.5) were more sensitive: their growth was inhibited with a MIC of 0.1 

µg mL-1 (p < 0.05).  

Irgarol 1051 was not very efficient in inhibiting the adhesion or the growth of the 

strains tested. For P. irgensii and P. elyakovii, (figures 2.4b and 2.5b) growth was 

reduced by approximately 20% from the lowest concentration to 1 and 10 µg mL-1, 

respectively. Over these concentrations, the activity was lost and growth of P. irgensii 

was even significantly promoted at 100 µg mL-1 (p < 0.05).  The multifunctional 

bioassay revealed that the growth reduction of P. elyakovii was accompanied by a 

significant adhesion promotion by over 100% (p < 0.05). Irgarol 1051-mediated 

adhesion promotion was also observed for H. aquamarina (150%) as well as for S. 

putrefaciens, but by a lesser amount (25%) (figures 2.5a and 2.3a). Also, 

multifunctional assay showed that significant adhesion inhibition (p < 0.05) in V. 

natriegens was observed at concentrations = 10 µg mL-1, while growth was not affected 

(Figure 2.4a). Adhesion in R. litoralis (Figure 2.3b) followed a specific pattern where 

the lowest concentration of Irgarol 1051 was stimulatory and higher concentrations such 

as 1 and 10 µg mL-1 were inhibitory (p < 0.05). 
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Figure 2.3: Single species antibacterial assay against S. putrefaciens (a) and R. litoralis 

(b) using Sea Nine 211 and Irgarol 1051. Solid: growth inhibition, dotted: adhesion 

inhibition. Mean relative bioactivity ± SD (n = 6).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1), p < 0.05. 
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Figure 2.4: Single species antibacterial assay against V. natriegens (a) and P. irgensii 

(b) using Sea Nine 211 and Irgarol 1051. Solid: growth inhibition, dotted: adhesion 

inhibition. Mean relative bioactivity ± SD (n = 6).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1), p < 0.05. 
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Figure 2.5: Single species antibacterial assay against H. aquamarina (a) and P. elyakovii 

(b) using Sea Nine 211 and Irgarol 1051. Solid: growth inhibition, dotted: adhesion 

inhibition. Mean relative bioactivity ± SD (n = 6).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1), p < 0.05. 
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2.3.1.2.3. Multispecies assays 

 

The results of the multispecies assays are presented in the Figure 2.6. 

As Sea Nine 211 completely inhibited the bacterial growth of all the strains tested, a 

bioassay was conducted against a mixture of all six test organisms. When tested 

individually the MIC ranged from 0.1 µg mL-1 or 1 µg mL-1, however, in the 

multispecies assay although the biocide still inhibited adhesion and growth, the MIC 

was higher: 10 µg mL-1 (Figure 2.6).  

 

 

 

 

 

 
Figure 2.6: Multispecies assay (Sea Nine 211 tested against a mixture of six bacteria: H. 

aquamarina, S. putrefaciens, P. elyakovii, P. irgensii, V. natriegens and R. litoralis). 

Solid: growth inhibition, dotted: adhesion inhibition. Mean relative bioactivity ± SD 

(n = 6).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1), p < 0.05. 
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2.3.1.2.4. Toxicity 

 

The toxicity tests performed on the clear wells containing cells exposed to Sea 

Nine 211 showed that the bioactivity recorded was bactericidal (Table 2.1). H. 

aquamarina and P. elyakovii were the most sensitive strains as they recorded a 

minimum biocidal concentration (MBC) of 0.1 µg mL-1 while other strains could 

survive concentrations up to 1 µg mL-1. However, species interactions in the bacterial 

mixture tested allowed increasing resistance to the biocide with a recorded MBC of 10 

µg mL-1. 

 

 

Table 2.1: Toxicity test after antibacterial assays using Sea Nine 211. MBC = minimum 

biocidal concentration. 

Bacteria	  strains	   Sea	  Nine	  
MBC	  (µg	  mL-‐1)	  

S.	  putrefaciens	   1	  

R.	  litoralis	   1	  

V.	  natriegens	   1	  

P.	  irgensii	   1	  
H.	  aquamarina	   0.1	  

P.	  elyakovii	   0.1	  
Mixture	   10	  

 

 

 

2.3.2. Amendments to existing antimicroalgal assays 

 

2.3.2.1. Calibration of biomass estimation 

 

The calibration curves for the determination of Chl a concentration in both stock 

microalgae cultures and the 96-well microplates used for bioassays showed a very good 

linear response with R2 values of 0.9941 and 0.9993, respectively.  

 

2.3.2.2. Microalgal biofilm formation 

 

P. roscoffensis, C. closterium, P. purpureum and E. gayraliae formed stable 

biofilms, with a biofilm ratio of 127% ± 33%, 81% ± 24%, 74% ± 10% and 52% ± 16% 
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respectively (Figure 2.7c-f). L. globosa and H. coffeaeformis also formed stable 

biofilms, however, there was marked variability between replicate biomass estimates 

that would make the interpretation of bioassay results difficult (Figure 2.7a-b). 

Increasing the number of rinsing steps did not produce any significant change in the 

estimate of the biofilm ratio, therefore, a single rinse seems sufficient to remove most of 

the unattached cells.  
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Figure 2.7: Chl a concentrations of total microalgal cells (planktonic + attached) and 

biofilm forming cells after one, two and three rinsings. a: L. globosa, b: H. 

coffeaeformis, c: P. roscoffensis, d: C. closterium, e: P. purpureum, f: E. gayraliae. 

Mean Chl a concentration ± SD (n = 48). 
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2.3.2.3. Bioactivity of commercial biocides against microalgae  

 

2.3.2.3.1. Aggregation 

 

No aggregation or changes in spatial distribution were recorded when the 

microalgae were exposed to the commercial biocides (data not shown).  

 

2.3.2.3.2. Adhesion and growth 

 

Sea Nine 211 completely inhibited the adhesion and the growth of all of the 

microalgae at 100 µg mL-1 (p < 0.05), except for P. purpureum where the degree of 

inhibition was 80% (figures 2.8 to 2.10). Microalgal growth and adhesion was also 

significantly reduced at 10 µg mL-1 of Sea Nine 211 for C. closterium (30%, Figure 

2.9a), E. gayraliae (75%, Figure 2.8b), and P. roscoffensis (40%, Figure 2.9a): the 

adhesion of P. roscoffensis was significantly reduced at concentrations of > 1 µg mL-1. 

Notwithstanding the reduced degree of inhibition, P. purpureum appears more sensitive 

to Sea Nine 211 than the other species as its adhesion and growth were significantly 

reduced at concentrations above 0.1 and 1 µg mL-1, respectively (Figure 2.9b). 

Interestingly, sub-inhibitory concentrations of Sea Nine 211 (up to 0.1 µg mL-1) 

stimulated the adhesion and the growth of H. coffeaeformis (Figure 2.10a). 

Irgarol 1051 completely inhibited both the adhesion and the growth of all microalgae 

strains at all concentrations (p < 0.01) (figures 2.8 to 2.10). 

 

2.3.2.3.3. Multispecies assays 

 

The commercial biocides were tested against a mixture of three inhibited 

organisms, i.e. C. closterium, P. purpureum and E. gayraliae (Figure 2.10b).  

Irgarol 1051 retained activity in the multispecies assay, producing an inhibitory effect 

from the lowest concentration tested. The pattern of activity for Sea Nine 211, however, 

was different, with low concentrations (10-5 to 10-2 µg mL-1) stimulating the adhesion 

and the growth of the microalgal mixture, but with significant adhesion and growth 

inhibition for concentrations between 1 and 100 µg mL-1.  
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Figure 2.8: Single species antimicroalgal assay against C. closterium (a) and E. 

gayraliae (b) using Sea Nine 211 and Irgarol 1051. Solid: growth inhibition, dotted: 

adhesion inhibition. Mean relative bioactivity ± SD (n = 4).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1 for Irgarol 

1051, 10-4 µg mL-1 for Sea Nine 211), p < 0.05. 
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Figure 2.9: Single species antimicroalgal assay against P. roscoffensis (a) and P. 

purpureum (b) using Sea Nine 211 and Irgarol 1051. Solid: growth inhibition, dotted: 

adhesion inhibition. Mean relative bioactivity ± SD (n = 4).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1 for Irgarol 

1051, 10-4 µg mL-1 for Sea Nine 211), p < 0.05. 
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Figure 2.10: Single species antimicroalgal assay using Sea Nine 211 and Irgarol 1051 

against H. coffeaeformis (a) and multispecies assay (b). Biocides tested against a 

mixture of C. closterium, P. purpureum and E. gayraliae. Solid: growth inhibition; 

dotted: adhesion inhibition. Mean relative bioactivity ± SD (n = 4).  

* Significant differences relative to the lowest concentration (10-5 µg mL-1 for Irgarol 

1051, 10-4 µg mL-1 for Sea Nine 211), p < 0.05. 
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2.3.2.3.4. Toxicity 

 

The inhibitory activity of Sea Nine 211 was algicidal except for C. closterium, where 

the activity was algistatic, i.e. the organism was able to grow when transferred into fresh 

medium (Table 2.2). In the multispecies assays, an algicidal effect was recorded for 

concentrations ≥ 10 µg mL-1. 

The activity of Irgarol 1051 was algicidal from the lowest concentration tested with the 

exception of two strains; C. closterium and H. coffeaeformis exposed to concentrations 

up to 0.1 µg mL-1, where the activity appeared to be algistatic. However, these strains 

became less resistant when present in the multispecies assay, which recorded an MBC 

of 10-5 µg mL-1 (Table 2.2). 

 

 

Table 2.2: Toxicity test after antimicroalgal assays using Sea Nine 211 and Irgarol. 

MBC = minimum biocidal concentration. 

Microalgae	  strains	   Sea	  Nine	  211	  
MBC	  (µg	  mL-‐1)	  

Irgarol	  
MBC	  (µg	  mL-‐1)	  

C.	  closterium	   not	  biocidal	   0.1	  

E.	  gayraliae	   10	   10-‐5	  

P.	  roscoffensis	   100	   10-‐5	  

P.	  purpureum	   100	   10-‐5	  
H.	  coffeaeformis	   100	   0.1	  

Mixture	   10	   10-‐5	  
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2.4. Discussion 

 

Assays conducted under laboratory conditions are an important part of bioassay-

guided purification of new AF compounds and elucidation of their mode of action. In 

particular, bioassays targeting microorganisms are of the utmost importance, as 

microbial biofilms form rapidly on submerged substrates, causing both biocorrosion 

problems and possibly playing a role in regulating the colonization process of the 

macrofoulers that follow (Wieczorek & Todd, 1998; Beech et al., 2005; Dobretsov et al., 

2006a; Qian et al., 2007; Mieszkin et al., 2012; Salta et al., 2013).  In order to improve 

the efficiency and quality of this initial screening, bioassays need to facilitate the 

simultaneous assessment of several biological processes: recording the species-specific 

responses of microorganisms to biocides in each monospecific assay could lead to a 

better understanding of the mode of action of the tested products. However, multi-

functional bioassays should also address the issue of species interactions, as biofilm 

formation is a multicellular, multi-taxon process that is mediated by chemical 

communication between organisms (Wei & Ma, 2013). It is then essential to consider 

such interactions prior to field tests, since a product that is sensitive to organism 

interactions in the laboratory is less likely to be effective in the field and should be 

eliminated from further consideration.  

Laboratory assays fail to reproduce the environmental conditions that tested organisms 

are subjected to in the sea (Dahms et al., 2009), but initial screening in the laboratory 

has the advantage of providing controlled conditions, such as standard culture medium, 

temperature, pH, and light irradiance. In spite of this, variability in the growth intensity 

or biofilm formation of certain species can be observed when performing separate 

bioassays (Martín-Rodríguez et al., 2014). In the multifunctional antimicrofouling assay 

developed during this project, using the same inoculum to simultaneously assess various 

processes, eliminates some of the laboratory-induced variability in the organisms 

response to the AF substances tested. Still, the species selected as test organisms for 

antimicrofouling bioassays need to be as relevant under laboratory conditions as they 

are in the marine environment as key component of natural biofilms.  
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2.4.1. Species selection 

 

2.4.1.1. Bacterial strains selected in antifouling studies 

 

In the experimental system developed here, two bacterial species (P. elyakovii and R. 

litoralis) that are commonly used in other AF studies (Plouguerné et al., 2008, 2010a; 

Thabard et al., 2009; Aguila-Ramírez et al., 2014), failed to form stable biofilms and 

could not, therefore, be used as model organisms for short-term AF bioassays. A recent 

study revealed that laboratory conditions such as media, inocula and temperature could 

significantly impact on the total cell densities and the biofilm biomass, which ultimately 

affected the outcome of bioassays (Martín-Rodríguez et al., 2014). Also, it is possible 

that these species were sensitive to the lack of a natural conditioning layer on the well 

surfaces in our experimental system: the conditioning layer is known to provide carbon 

sources for bacterial colonizers and the variations in the chemical composition are 

known to influence attachment (Bakker et al., 2003; Garg et al., 2009; Hwang et al., 

2012). The laboratory conditions and culture medium used might have not provided the 

necessary elements for the formation of a suitable conditioning layer for these species. 

It is also possible that the environmental cues and signals necessary to trigger biofilm 

formation in these species were lacking under our laboratory conditions (Jefferson, 

2004; Karatan & Watnick, 2009; Wei et al., 2013). Nutrient cues, for example, can 

influence phenotypic switches, but the responses can differ between bacterial strains: 

Salmonella typhimurium forms a multi-layer biofilm when nutrient-limited, but in 

Vibrio cholerae enrichment of the medium promotes biofilm formation (Karatan et al., 

2009). In vitro, such conditions are significantly different from the natural environment 

of the species studied and might result in a loss of the ability to form a biofilm even for 

naturally biofilm-forming bacteria.  

 

2.4.1.2. Microalgal strains selected antifouling studies 

 

All species selected for these bioassays did form very sturdy biofilm. L. globosa was 

difficult to study because of the high inter-replicate variability when attempting to 

estimate biomass. This variability was due to the tendency of this strain to grow in 

clumps that were difficult to disperse (CC Roscoff), resulting in poor inoculum 

reproducibility. Although its relevance as microfouling organisms is accepted 
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(Plouguerné et al., 2010a; Chambers et al., 2011), results of bioassays using L. globosa 

were too challenging to interpret. Hence, it was eliminated from further study. These 

initial observations highlight the importance of choosing key test microorganisms based 

not only on their ecological relevance, but also taking account of their behaviour in 

culture under laboratory conditions. 

 

Based on these experimental results, the most relevant bacterial test organisms for AF 

studies are S. putrefaciens, P. irgensii, H. aquamarina and V. natriegens; and the most 

relevant microalgal strains are P. roscoffensis, C. closterium, P. purpureum and E. 

gayraliae. 

 

2.4.2. Microalgal biomass estimation 

 

Several bioassays assessing the AF activity against microalgae that measure 

adhesion or growth inhibition have been developed (Abarzua et al., 1999; Schultz, 

2000; Hellio et al., 2004; Pettitt et al., 2004; Stanley & Callow, 2007; Finlay et al., 

2013). The range of species that can be used in these antimicroalgal bioassays is limited 

because many microphytobenthic strains involved in biofilm formation tend to clump in 

culture making it impossible to obtain reliable cell counts, the basis of many growth 

measurements. Problems associated with estimating the biomass with strains that tend 

to clump can be overcome by measuring Chl a concentration. Most of the methods for 

Chl a quantifications are based on the extraction of pigments from disrupted cells in 

organic solvents followed by spectrophotometry or fluorometry measurements. 

Compared to in vivo measurements, extracted pigment concentrations are unrelated to 

the variability of the fluorescence signal that depends on the state of the 

photosynthetical reaction centre, when exposed to biocides for example (Mayer et al., 

1997). Fluorometry provides far more sensitive measurements than photometric 

techniques, allowing the quantification of gradual inhibitory effects (Eisentraeger et al., 

2003). The choice of methanol as a solvent is recommended as it is compatible with 

low-cost polystyrene microplates, whilst providing similar extraction yields to acetone 

without filter grinding and centrifugation steps, which are time-consuming and 

constitute a major source of errors (Mayer et al., 1997; Raimbault et al., 2004; Warren, 

2008). The presented method of algal biomass estimation provides a rapid, simple and 

affordable way of quantifying Chl a concentrations from highly concentrated microalgal 
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stock cultures to the low algal biomass of test organisms exposed to biocides in 

microplate assays. 

 

2.4.3. New multifunctional antimicrofouling assay 

 

The two biocides chosen to validate the bacterial bioassays, Sea Nine 211 and 

Irgarol 1051, are synthetic compounds commonly used as booster biocides to enhance 

the performance of copper-based AF paints. The latter is highly specific towards 

photosynthetic organisms, whereas Sea Nine 211 has a broader spectrum of activity, 

inhibiting bacteria (Vibrio fischeri, Serratia sp., Pseudomonas atlantica, Pseudomonas 

nautical), diatoms (Navicula incerta, Amphipora paludosa, H. coffeaeformis), 

macroalgae (Ulva lactuca, Ectocarpus siliculosis) as well as invertebrates (A. amphitrite, 

Bugula neritina) (Bellas, 2006; Cima et al., 2008; Guardiola et al., 2012). 

 

2.4.3.1. Antifouling activity against bacteria 

 

 In these bioassays, Sea Nine 211 was shown to inhibit the adhesion and the 

growth of all the tested bacteria from concentrations as low as 0.1 µg mL-1 for H. 

aquamarina and P. elyakovii, which is also the MIC recorded for Pseudomonas 

atlantica and P. nautical (Rohm & Haas, 2006).  

As expected from an herbicide, Irgarol 1051 was not particularly effective against 

bacteria and the recorded activity was very variable. Still, Irgarol 1051 caused adhesion 

inhibition of over 50% in V. natriegens at 10 µg mL-1 without affecting the growth, 

suggesting a more subtle mode of action (see 2.4.3.1). 

 

 

2.4.3.2. Antifouling activity against microalgae 

 

Both commercial biocides had a deleterious effect on the adhesion and the 

growth of the microalgae tested, confirming the broad spectrum of activity of Sea Nine 

211 and the high specificity of Irgarol 1051 towards photosynthetic organisms. 

The recorded MIC of Sea Nine 211 against the microalgal strains tested was generally 

100 µg mL-1, and no lower than 10 µg mL-1 for E. gayraliae, whereas it proved to 

inhibit H. coffeaeformis at a MIC of 0.4 µg mL-1 (Rohm et al., 2006). 
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The mechanism of action of Irgarol 1051 is based on the inhibition of photosynthetic 

electron transport in photosystem II by binding to the D1 protein (Hall et al., 1999) and 

it is known to affect the growth of phytoplankton species at concentrations ≥ 10-4 µg 

mL-1 (Dahl & Blanck, 1996; Hall et al., 1999; Nyström et al., 2002; Readman et al., 

2004; Zamora-Ley et al., 2006; Guardiola et al., 2012; Arrhenius et al., 2014). In our 

bioassays, Irgarol successfully inhibited the adhesion and growth of microalgal strains 

at even lower concentrations tested (10-5 µg mL-1). 

 

The proposed multifunctional assay allowed not only the determination of minimum 

inhibitory concentrations values, but also the collection of critical additional 

information about the mode of action of the biocide tested against microorganisms: 

phenotypic switch, atypical dose-responses, resistance through multispecies interactions 

and toxicity. 

 

2.4.3.3. Phenotypic switch  

 

By simultaneously assessing adhesion and growth, the multifunctional assay 

showed that exposure to biocides clearly induced a phenotypic change from planktonic 

to biofilm forming cells, including for bacteria strains that did not form stable biofilm 

under laboratory conditions, such as P. elyakovii and R. litoralis. Sub-inhibitory 

concentrations can induce a stress response for defence and resistance purposes 

(Jefferson, 2004; Wei et al., 2013). It was reported that low concentrations of antibiotics, 

such as tobramycin, could stimulate the biofilm formation through a response at the 

molecular level by alterations of second messengers such as cyclic di-guanosine 

monophosphate (Hoffman et al., 2005; Wei et al., 2013). In the same way, it was shown 

that triclosan stimulated the production of cellulose, which is essential in the formation 

of biofilms by Salmonella typhimurium (Karatan et al., 2009). The opposite phenotypic 

switch was observed with Irgarol 1051, inhibiting the ability of V. natriegens cells to 

adhere without affecting their growth and viability; and with Sea Nine 211 that 

stimulated the growth of P. irgensii cells with no increase in attached cells. It is possible 

that the irreversible attachment occurring via the production of EPS was inhibited, 

possibly by disrupting the quorum sensing regulatory mechanism (Liaqat et al., 2014).  

Most of the adhesion inhibition observed was complemented by a reduction in growth. 

Only P. roscoffensis and P. purpureum exposed to Sea Nine 211 showed a reduction in 
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biofilm formation, at concentrations of 0.1 and 1 µg mL-1, respectively. This raises the 

question of ecotoxicity evaluation for a product eliciting such an effect, which is an 

important consideration for eco-friendly AF formulations and was measurable using the 

multi-functional bioassay described here. 

 

2.4.3.4. Atypical dose-response 

 

The quantification of bacterial adhesion and growth highlighted atypical responses, 

which may not be noticed using visual inspection in classic bioassays. For instance, low 

concentrations of Sea Nine 211 (from 10-5 to 10-1 µg mL-1) stimulated the adhesion of R. 

litoralis, V. natriegens, and P. elyakovii, as well as the growth of P. irgensii, whereas 

higher concentrations were inhibitory. The same pattern was observed the multispecies 

microalgal assay. This type of dose-response is also known as hormesis where low 

levels of inhibitors have stimulatory effects (Stebbing, 1982, 2009). This biphasic 

response is usually observed with natural secondary metabolites that mimic 

phytohormones at low concentrations, but that are toxic at high concentrations 

(Hadacek et al., 2011). Also, biocides can even become a source of nutrition and 

encourage growth at low doses. This has been observed in biomedical research, whereas 

the threshold model is the generally accepted dose-response in AF studies, and such 

atypical responses are commonly ignored (Calabrese, 2009). However, rejecting the 

responses in the low dose zone of study would be greatly detrimental for: (i) AF 

formulation efficiency; (ii) the better understanding of the physiological factors 

involved.   

 

2.4.3.5. Multispecies interactions 

 

When Sea Nine 211 was tested against a mixed bacterial community, inhibition of 

growth required a higher concentration (by 100x), suggesting that species interactions 

increased bacterial resistance to the biocide. Exposure to biocides can increase the 

occurrence and dissemination of bacteria strains that express resistance mechanisms 

(Guardiola et al., 2012). The proposed multifunctional bioassay corroborated that the 

interactions in multispecies biofilms need to be considered when attempting to 

extrapolate from laboratory experiments to nature (Dobretsov et al., 2007a, 2007b, 2010, 

2011; Irie & Parsek, 2008). Molecular tools, such as real-time PCR (polymerase chain 
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reaction) quantification, could further be used to quantify the relative susceptibility of 

each of the species in these mixed bioassays (Bacchetti De Gregoris et al., 2011). 

Irgarol 1051, however, retained activity in the multispecies assay, producing a biocidal 

effect from the lowest concentration tested. This is consistent with the mode of action of 

Irgarol targeting photosystems, which is unlikely to be affected by allelochemicals.  

 

2.4.3.6. Toxicity 

 

Assessing the toxicity of AF agents can help define whether the products function 

as biocidal or biostatic agents. Because new legislations are driving the search for eco-

friendly alternatives, such as biorepulsives instead of biocides (Ghosh, 2006), this step 

in the multifunction assay is significant. In the antibacterial assays, all the growth 

inhibitions recorded were biocidal, which could in term raise the issue of bacterial 

resistance (Natrah et al., 2011). However, biostatic activity was recorded in 

antimicroalgal assays. The microalgal strains tested were inhibited by Irgarol 1051 at 

the lowest concentration tested (10-5 µg mL-1), but biostatic activity was recorded for 

two species, C. closterium and H. coffeaeformis, when exposed to < 0.1 µg mL-1. C. 

closterium was also able to resume growth in media free of biocide after being inhibited 

by a concentration of 100 µg mL-1 of Sea Nine 211. As this species has previously 

exhibited some tolerance to chemicals such as chlorine and to harsh environments (Patil 

& Jagadeesan, 2011; Shaari et al., 2011), it could prove a valuable model for AF studies. 
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2.5. Conclusions 

 

The choice of test organisms is crucial for the relevance of laboratory based 

bioassays: their occurrence as fouling organisms and their behaviour under laboratory 

culture conditions must be the main criteria driving the selection of test organisms. The 

methods outlined here allow for an effective selection of test microorganisms and 

enables the investigation of new species for their potential as fouling model species for 

laboratory-based assays. It also allows for the monitoring of multiple key biological 

processes that are important targets for AF agents: aggregation, adhesion, growth, 

multispecies interactions and toxicity. This could be particularly important when 

assessing the AF potential of MNPs, such as microalgal extracts, as their mode of action 

is likely to be more complex and subtle than for existing toxic biocides. The study of 

sub-lethal effects of AF agents is of the utmost importance when attempting to isolate 

an eco-friendly compound. On the other hand, all of these biological processes can be 

assessed in the same bioassay using the same inoculum, avoiding issues relating to the 

high variability that is often observed between controls in different microplates. In 

addition, simultaneous assessment facilitates the rapid acquisition of multiple bioassay 

results, using limited quantities of products. Despite the absence of total correlation 

found between results obtained from bioassays and from field-testing (Bressy et al., 

2010), laboratory screening remains a good first step in eliminating unfavourable 

compounds, and, to select promising ones for complementary field-testing. In this 

context, the method developed here, which integrates multispecies interactions, 

provides a way of identifying those compounds that are more likely to work under field 

conditions. 
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Abstract 

 

The AF activity of microalgal extracts was investigated against the adhesion and/or 

growth of a series of fouling organisms such as bacteria, microalgae, macroalgae and 

barnacles. Extracts were obtained from a selection of potential producers of bioactive 

compounds that additionally yielded good algal biomass in laboratory culture. The 

importance of the growth phase (exponential and stationary) as well as biotic and 

abiotic factors (darkness, competition and predation) on the AF activity of microalgal 

extracts was also explored. These extracts exhibited interesting activity against at least 

one of the above group of fouling organisms. However, the recorded activity was rarely 

dose-dependent and sometimes stimulated the adhesion, the settlement and/or the 

growth of the tested organisms. This study also showed the importance of growth phase 

and culture conditions, which significantly impacted on the amplitude of AF activity of 

microalgal extracts: stationary phase and external factors such as competition and 

darkness increased AF activity. However, replicate experiments showed that control 

cultures had better activity than stressed ones and metabolomics allowed the initial 

identification, but not characterisation, of repressed and stimulated metabolites. 

Thalassiosira pseudonana and Cylindrotheca closterium strains produced excellent 

biomass and yielded extracts (approximately 10%), particularly acetone crude extracts, 

that exhibited AF activity efficient against a wide spectrum of fouling organisms at 

concentrations as low as 0.01 µg mL-1. They were selected for larger laboratory-scale 

cultivation to allow for bioassay-guided fractionation, semi-purification of extracts and 

field-testing. 
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3.1. Introduction 

 

Microalgae, including microphytobenthic strains [microscopic, photosynthetic 

eukaryotic algae and cyanobacteria that live on the illuminated seafloor; (MacIntyre et 

al., 1996)] were provided by Algobank-Caen (France). They were chosen as test 

organisms because of their potential to form biofilms, in part through the secretion of 

EPS that help the cells to stabilize the surface and mitigate against resuspension into the 

water column (Delgado et al., 1991). Biofilms create a zone of intense microbial 

activity where the chemical interactions in response to competitors and the production 

of allelochemicals with potential AF activity should be favoured (Jüttner, 1999; 

Leflaive et al., 2009; Vanelslander et al., 2012; Roy et al., 2013).  

 

3.1.1. Microalgae selected and natural characteristics 

 

In total, five marine and two freshwater microalgae were studied as potential 

producers of compounds with AF activity (Figure 3.1, tables 3.1 and 3.2). They were 

selected for their ecological relevance as potential allelopathic chemical producers 

following literature review. They also had the non-negligible advantage of giving good 

biomass yields of approximately 10% from laboratory cultures. 

Thalassiosira pseudonana (AC589) is a cosmopolitan member of the marine 

phytoplankton that has also been recorded in the periphyton (Ferguson et al., 1976). 

This centric diatom is eurythermal (grows from 10–30 °C), but grows optimally at about 

21°C. Maximum abundance has been recorded in late spring, summer, and late autumn: 

its distribution and growth seem to be mainly regulated by water temperature and day 

length (Ferguson et al., 1976; Goldman & Mann, 1980). T. pseudonana has a dormant 

stage (a physiological resting cell) that can last for 2 years, giving it a competitive 

advantage over other species (McQuoid, 2005). It was found to be useful for 

mariculture because it has a high fatty-acid content and composition (Volkman et al., 

1989), but it is also known to produce unsaturated aldehydes that can, for example, 

control larval recruitment by inducing apoptosis in copepod and sea urchin embryos 

(Romano, 2003; Adolph et al., 2004; Leflaive et al., 2009). Additionally T. pseudonana 

is commonly used in industrial cultivation systems for aquaculture and biofuels (Slegers 

et al., 2011; Vasquez-Suarez et al., 2013).  
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Figure 3.1: Microalgae strains studied as potential antifoulant producers.  

a, b, e, g: Courtesy of AlgoBank-Caen; c, d, f: Author’s property, (scale in µm).  

  

Pleurochrysis,roscoffensis, Porphyridium,purpureum, Desmodesmus,armatus, Pediastrum,sp.,

Exanthemachrysis,gayraliae, Thalassiosira,pseudonana,Cylindrotheca,closterium,
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Cylindrotheca closterium (AC170) is a cosmopolitan (Horner, 2002) marine 

pennate diatom present throughout the year, but moderately more abundant in spring 

and summer in Northern European seas (Kraberg et al., 2010). It is eurythermal with 

optimal growth between 10 - 25 °C, and upper limit for growth of 33 °C (Harford et al., 

2011). It is found in the littoral growing planktonically (Cupp, 1943) and mud-dwelling 

(Smith & Underwood, 1998).  It is able to produce mucilage (Kraberg et al., 2010), and 

under some conditions, such as high salinity, or when the concentration of N or P is low, 

it can form mucilaginous aggregates (Staats et al., 2000; Najdek, 2005). C. closterium is 

also known to produce allelopathic chemicals (octadecatetraenoic acid) that suppress 

growth of other species, such as Heterosigma akashiwo (Uchida et al., 2010), and 

polyunsaturated fatty acids, such as arachidonic acid and eicosapentaenoic acid (EPA), 

that are bioactive (Robles Medina et al., 1998; Spolaore et al., 2006). C. closterium can 

also cultivable on a large scale, and a specific attached cultivation technique was 

developed to produce high biomass of algal biofilm (Liu et al., 2013).   

Exanthemachrysis gayraliae (AC15) is a haptophyte from the class 

Pavlovophyceae that inhabits littoral, brackish and sometimes freshwater environments, 

being commonly part of the near coastal phytoplankton community at widespread 

locations (Bendif et al., 2011).  The dominant stage consists of non-motile colonies of 

slightly ovate cells embedded in multiple layers of mucilage forming yellow gelatinous 

mats. Members of the Pavlovophyceae synthesize bioactive long chain polyunsaturated 

fatty acids, such as docosahexaenoic acids (DHA) and EPA (Spolaore et al., 2006; 

Mimouni et al., 2012), with some certain species, such as Pavlova lutheri and P. gyrans, 

being used as feedstock for aquaculture (Meireles et al., 2003; Ponis et al., 2006; Arndt 

& Sommer, 2014).   

Pleurochrysis roscoffensis (AC32) is a haptophyte cocolithophorid that was 

isolated from the Atlantic coast of France (Fresnel & Billard, 1991). The main 

characteristics of this species are the presence of cricoliths on the coccolith-bearing 

cells and its heteromorphic life cycle: it is composed of a planktonic stage and a benthic 

pseudofilamentous phase that forms a yellow gelatinous mat on surfaces (Fresnel et al., 

1991). Localised blooms of coastal coccolithophores, such as P. roscoffensis, have been 

observed in the autumn in oyster ponds and aquaculture water reservoirs along the 

French coast since 1993 (C. Billard, unpublished observations, cited in Houdan (2004)). 

Cell-free filtrates of P. roscoffensis showed toxic effects against Artemia sp. after only 

24 hours, and, growth inhibition of flagellate microalgal species such as Tetraselmis sp. 
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and Scrippsiella trochoidea, suggesting the production of compounds with allelopathic 

activity, that could greatly affect the community structure at different trophic levels 

(Houdan, 2004). This genus can also easily be grown in outdoor raceway ponds and in 

photobioreactors (Moheimani & Borowitzka, 2007; Moheimani et al., 2011).  

 Porphyridium purpureum (AC122) is a unicellular marine member of the 

Rhodophyta that has a cosmopolitan distribution and is also found in brackish, 

freshwater and even terrestrial habitats, where colonies can be found in limestone areas, 

damp soil or on walls rich in organic matter (Nelson & Ryan, 1988). It is usually found 

growing in groups where the individual cells are embedded in a common mass of 

mucilage produced from a mucilage sac that enables gliding movements over solid 

substrata (Van den Hoek et al., 1996). P. purpureum exhibits antifungal activity 

(Kellam et al., 1988) and contains a high proportion of EPA (Wen & Chen, 2003), a 

compound that has antibacterial activity, including against the multidrug resistant 

bacterium, Staphylococcus aureus (Desbois et al., 2008; Mimouni et al., 2012).	   In 

addition, P. purpureum produces highly sulphated polysaccharides antiviral activity 

(Huheihel et al., 2002; Mimouni et al., 2012). Outdoor mass culture of P. purpureum in 

flat photobioreactors can achieve high productivity (Moheimani et al., 2011). 

Desmodesmus armatus (formerly known as Scenedesmus armatus, AC147) is a 

ubiquitous freshwater species found in ponds, lakes and rivers. It occurs in both 

unicellular and colonial (2-4 cells) forms (El Semary, 2011). Phenotypic switching 

between colonial and unicellular forms can occur in response to a number of factors, 

both abiotic and biotic (Lürling & Van Donk, 1999; Liu et al., 2010; Güçlü & Ertan, 

2012). A spiny morphology may offer protection against grazers, and production of 

fatty acids, such as palmitoleic acid, may result in toxicity to grazers and inhibitory 

effects against numerous bacteria (Desbois et al., 2008). Crude extracts of D. armatus 

were effective against multi-drug resistant pathogenic strains (Escherichia coli and 

Pseudomonas aeruginosa), and it suggested that the active compounds could act against 

coexisting microbial flora (El Semary, 2011). This genus was also used as a model for 

the development of a specific attached cultivation technique that allows for high 

biomass production (Liu et al., 2013), and can be cultivated in semi-continuous outdoor 

systems (Feng et al., 2014).   

Pediastrum sp. (AC722) is a chlorophyceaean colonial microalga comprising 4-

64 celled coenobia that tend to form concentric rings. It is planktonic, widely distributed 

and often abundant in permanent or temporary freshwater pools (Guiry & Guiry, 2013). 
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Extracts from Pediastrum sp. suggest that a PUFA, identified as hexadecatetraenoic 

acid, isolated from this species inhibits the development of fertilized echinoderm eggs 

(Asterina pectinifera) at a concentration of 25 µg/ml (Murakami et al., 1989). 

Antioxidant activity were also recorded where enzymatic digests showed significant 

effects on free radicals scavenging and metal chelating (Lee, Kim, Kang, Lee, & Jeon, 

2009). This microalgae strains has been cultivated on a large scale in raceway ponds 

and attached growth systems using wastewater effluents (Lee et al., 2014). 
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3.1.2. Importance of culture conditions on the production of potential antifouling 

compounds 

 

All of the microalgal strains used in this study were grown under laboratory 

conditions (light, temperature and nutrients) that support the development of high 

biomass concentrations. These conditions are very different from those experienced in 

nature and could select for fast growing variants that differ significantly from the 

original isolate in their physiology, including the production of metabolites. For 

laboratory-based experiments, however, it is very important to be able to reliably 

replicate growth and population development in order to robustly assess the patterns of 

production of metabolites. Establishing a base line for cellular metabolism under one set 

of culture conditions facilitates studies of the influence of changing external factors, 

abiotic or biotic, on the production of metabolites, with the intention of stimulating the 

production of compounds with AF activity. 

Several studies showed that the phase of growth is important in relation to the 

biosynthesis of different bioactive molecules (Armstrong et al., 1991; Borowitzka, 

1995; Bumbak et al., 2011; Mimouni et al., 2012; Le Chevanton et al., 2013). For 

example, it has been shown that in Diacronema vlkianum (Pavlovophyceae) the 

production of sterols, fatty acids and total carotenoids reaches a maximum during the 

stationary phase (Donato et al., 2003). Particularly, microalgae produce triacylglycerols 

containing EPA as lipid storage during the stationary phase when nitrogen is depleted 

(Tonon et al., 2002; Mimouni et al., 2012). It has also been shown that domoic acid was 

produced by Nitzschia pungens f. multiseries only during the lag and stationary growth 

phases when cell division was low or zero, and not during exponential growth (Douglas 

& Bates, 1992). The production of these metabolites during the stationary phase 

contributes to an increased biomass that is not linked to cell proliferation (Bumbak et al., 

2011). 

Temperature, nutrient limitation, light availability, competition and predation can lead 

to the production of many chemical signals by aquatic organisms (Hay, 2002; 

Heydarizadeh et al., 2013; Mimouni et al., 2012; Roy et al., 2013; Shi, Gao, Chao, 

Zhang, & Meldrum, 2013). These biotic and abiotic stresses can be applied to 

laboratory cultures of microalgae to try and stimulate the production of secondary 

metabolites, but this may result in a reduced biomass yield (Borowitzka, 1995; Shi et al., 

2013). The production of secondary metabolites in response to stress is usually 
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promoted, depending on the stress applied, through the induction of chemical defences, 

allelopathic mechanisms or carbon uptake management (Potin et al., 2002; Wolfe et al., 

2002; Tillmann, 2004; Fleck-Schneider et al., 2007; Nylund et al., 2011; Poulson-

Ellestad et al., 2014), with energy usage sometimes being redirected for these purposes 

rather than growth. Metabolomic approaches can be used to study the effect of external 

factors on the production of secondary metabolites, which is particularly powerful in the 

field of drug and natural product discovery (Nylund et al., 2011; Wang et al., 2012; 

Poulson-Ellestad et al., 2014). It could also be used to monitor the performance of the 

cultivation systems in relation to metabolite profiles and can help in the optimisation of 

the culture conditions needed for the production and accumulation of bioactive 

compounds. 

This chapter describes studies of the AF activity of extracts from microalgae strains 

grown under specific culture conditions. At first, the antibacterial activity of extracts 

from exponential phase and stationary phase cultures were compared. Then the impact 

of biotic and abiotic stresses such as predation, intra-specific competition and darkness 

on the AF activity of crude microalgal extracts was studied. To ensure the 

reproducibility of these results, a replicate experiment was performed to study the 

impact of a dark stress on the production of AF extracts, adding a metabolomic 

approach to the bioassays. Finally, two microalgal species grown under standard 

laboratory conditions were used to validate a newly developed bioassay procedure. 

 

3.1.3. Antifouling assays 

 

The state-of-the-art of bioassays against micro-fouling organisms is described in the 

Chapter 2 (2.2.2). 

 

3.1.3.1. Bioassays against macrofoulers 

 

3.1.3.1.1. Macroalgae 

 

Macroalgal colonization of man-made structures, such as boat hulls or aquaculture 

nets, can be extremely problematic (see Chapter 1, 1.2.1), and, to guide the search for 

AF agents towards this phenomenon, antimacroalgal assays are commonly used, 

targeting the behaviour, the attachment and the germination of macroalgal zoospores. 
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The swimming behaviour of zoospores exposed to an AF agent has been monitored by 

computer-controlled motion analysis to discriminate between the normal, straight and 

fast swimming of control spores from the helical and erratic swimming of distressed 

spores (Iken et al., 2003). Other bioassays have assessed the inhibition of spore 

settlement and germination inhibition (Chambers et al., 2011; Fletcher & Callow, 1992; 

Hellio et al., 2002). In the current study we have focussed on two species of macroalgae 

known to be associated with biofouling: the Phaeophyceaen Undaria pinnatifida 

(Harvey) Suringar, which is an invasive fouling species commonly found along the 

south coast of England, north coast of Portugal and southwest of Atlantic (Dellatorre, 

Amoroso, Saravia, & Orensanz, 2014; Fletcher & Pringle, 1985; Veiga, Torres, Rubal, 

Troncoso, & Sousa-Pinto, 2014); and the Chlorophyceaen Ulva linza (Linnaeus) (syn. 

Enteromorpha linza (Hayden et al., 2012)), which is native and ubiquitous fouling algae 

along the coast of the South England and the most common genus of macroalgae 

responsible for biofouling (Petrone, 2013).  

 

3.1.3.1.2. Invertebrates 

 

Preventing the adhesion and settlement of barnacle cyprid larvae is crucial as these 

organisms are the major fouling nuisance that are responsible for surface deterioration 

and for the significant increase of frictional drag and weight (Schultz et al., 2011; 

Petrone, 2013). Two species have been widely used in AF bioassays: Amphibalanus 

amphitrite and Semibalanus balanoides (Maréchal & Hellio, 2011). It is possible to 

collect wild adult barnacles of A. amphitrite and maintain them in the laboratory at 

22 °C with a daily diet of Artemia sp. nauplii, then induce spawning when needed by 

removing the organisms from the water for 12 hours (Hellio et al., 2004). Barnacle 

nauplii normally metamorphose into cyprid larvae after four days and can be allowed to 

age at 6 °C for three days before starting settlement experiments (Maréchal et al., 

2004b). Hellio et al. (2005) proposed the use of 10 cyprid larvae in each well of an 

Iwaki microplate (24 wells) to provide statistical rigour in the bioassays, but as 

gregarious settlement (see Chapter 1, 1.1.3.2) could affect bioassays results, it has been 

recommended that single cyprid larvae are used in six replicate wells to avoid any 

behavioural interactions and interference from chemical cues (Kawahara et al., 1999). 

In the current study, A. amphitrite (Darwin) cyprid larvae were used to screen the AF 

activity of microalgal extracts. 
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3.2. Materials and methods 

 

3.2.1. Culture of microalgal strains 

 

Batch cultures of non-axenic microalgal strains were obtained from Algobank-Caen 

(See Figure 3.1 and Tables 3.1 and 3.2) and cultivated in a growth room at 20°C under 

constant light (incident irradiance = 140 µmol m-2 s-1). F/2 media (Guillard et al., 1962) 

was used for marine strains and Bold’s Basal media (BB) (Bischoff & Bold, 1963) for 

the freshwater strains. The culture media recipes are detailed in the appendicies A & B. 

The growth of microalgae was monitored by cell counts using a haemocytometer 

(Neubauer), or chlorophyll a concentration measurements.  Stock cultures were re-

inoculated into fresh medium every two weeks. 

 

3.2.1.1. Attempt to produce axenic microalgal cultures 

 

Several methods were used to try to eliminate bacterial contaminants from the 

microalgal cultures. 

 

3.2.1.1.1. Streak-plate method 

 

A microalgal inoculum was streaked on the surface of triplicate Petri dishes 

containing f/2 or BB medium solidified with 0.8% (w/v) agar (Oxoid LP0013).  

Inoculated plates were incubated in the growth room (as described above) for 5 days.  

Single, well separated colonies were then isolated and inoculated into vials containing 

10 mL sterile liquid media and incubated as above. 

 

3.2.1.1.2. Serial dilution method 

 

Ten-fold serial dilutions were performed in 24-well plates (Nunc) from 1 mL 

inocula in triplicate and under aseptic conditions. The plates were then incubated in the 

growth room (as above) for 5 days. The well containing the greatest dilution at which 

microalgal growth was observed was used to inoculate vials of 10 mL sterile media that 

were incubated as above. 
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3.2.1.1.3. Serial centrifugation 

 

Microalgal cultures were centrifuged for 15 min at 100 g and 4 °C, and the 

supernatant was discarded. The pellet was resuspended in sterile medium and further 

centrifuged for a total of six times (Hoshaw & Rosowski, 1973).  The final cell 

suspension was incubated as above. 

 

3.2.1.1.4. Boric acid treatment 

 

Boric acid was used as an antibacterial agent (De Seta et al., 2009; Haesebrouck 

et al., 2009). A solution of boric acid (100 g L-1) was prepared in distilled water, filter-

sterilised (0.2 µm) and added to microalgal cultures to give final concentrations of 1.25, 

2.5, 5, 10, 20 and 30 g L-1. Cells were exposed to these boric acid concentrations for one, 

two or three days in the growth room: 5 mL of the treated microalgal suspensions were 

inoculated into 50 mL sterile media and incubated as above. 

 

3.2.1.1.5. Antibiotic treatment 

 

A stock solution of an antibiotic cocktail containing penicillin G, 

dihydrostreptomycin sulphate and gentamycin (10/2.5/2.5 g L-1), was prepared in 

distilled water and filter sterilised  (0.2 µm). Triplicate 50 ml microalgal cultures were 

supplemented with 0.5 mL of the antibiotic mixture to give final concentrations of 

100/25/25 (penicillin/streptomycin/gentamycin) mg L-1 (Andersen & Kawachi, 2005). 

Nutrient broth, 2.5% (w/v) (Oxoid CM0067), was also added (50 µL) as a carbon 

source to stimulate bacterial growth and hence their sensitivity to the treatment. The 

antibiotic containing cultures were incubated as above for 5 days, after which 5 mL 

were inoculated into 50 mL sterile media. 

 

3.2.1.1.6. Contamination test  

 

The efficacy of each decontamination method was tested by spreading an 

inoculum from each of the treated cultures on marine agar (seawater enriched with 

0.5 % (w/v) neutralised bacteriological peptone + 1.2 % (w/v) technical agar) and 

terrestrial agar (distilled water enriched with 2.5 % (w/v) nutrient broth + 1.2 % (w/v) 
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technical agar) and incubating at 27 °C for 3 days.  The plates were checked by eye for 

bacterial growth.  

 

3.2.1.1.7. Toxicity indication 

 

Death of microalgal cells was indicated by bleaching of the cultures: this was 

confirmed by transferring an inoculum into sterile media and looking for new growth. 

 

3.2.1.2. Biomass estimation 

 

3.2.1.2.1. Cell counts 

 

Cultures were gently shaken before sampling three aliquots (1 mL) under aseptic 

conditions. Dilution in fresh media was performed when necessary. Each sample was 

vortexed before removing a drop with a Pasteur pipette, that was then placed at the edge 

of a Neubauer haemocytometer, which filled by capillary action. After 3 minutes, to 

allow settlement, the microalgae cells were counted using a light microscope with a 40 

× objective in the four outer squares. 

 

𝐶𝑒𝑙𝑙  𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛   𝑐𝑒𝑙𝑙𝑠  𝑚𝐿!! =
𝑇𝑜𝑡𝑎𝑙  𝑐𝑒𝑙𝑙  𝑐𝑜𝑢𝑛𝑡  𝑖𝑛  𝑡ℎ𝑒  𝑜𝑢𝑡𝑒𝑟  𝑠𝑞𝑢𝑎𝑟𝑒𝑠

𝑉𝑜𝑙𝑢𝑚𝑒  𝑜𝑓  𝑜𝑛𝑒  𝑜𝑢𝑡𝑒𝑟  𝑠𝑞𝑢𝑎𝑟𝑒  (𝑚𝐿)
𝑁𝑢𝑚𝑏𝑒𝑟  𝑜𝑓  𝑜𝑢𝑡𝑒𝑟  𝑠𝑞𝑢𝑎𝑟𝑒𝑠

  

 

Volume over outer square = 1 mm × 1 mm × 0.1 mm = 0.1 mm3 = 10-4 mL 

 

Some microalgae strains formed dense aggregates rendering cell counting unreliable. 

For these strains the biomass was estimated from the chlorophyll a concentration (see 

below). 

 

3.2.1.2.2. Chlorophyll a concentration 

 

An improved method was developed and used in order to perform more accurate, 

rapid and straightforward chlorophyll a dosage (see Chapter 2, 2.2.4). 

 

3.2.2. Culture and collection of target fouling organisms 
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3.2.2.1. Bacteria 

 

The bacteria strains used as target organisms in the antibacterial assays were 

from the culture collection of the University of Portsmouth. They are commonly found 

in marine biofilms and are routinely studied in AF bioassays (Thabard et al., 2009; 

Plouguerné et al., 2010b; Aguila-Ramírez et al., 2014). Eight marine bacteria and five 

pathogenic bacteria (or terrestrial, as opposed to marine) were targeted for AF studies. 

They are mainly Gram-negative and rod-shaped, with the exception of Staphylococcus 

aureus. 

Most of the marine bacteria studied are ubiquitous in the marine environment, with the 

exception of Polaribacter irgensii, which is mainly found in psychrophilic 

environments (Gosink et al., 1998). This strain is particularly interesting as a target 

organism: potential antifoulants are mainly studied against temperate and tropical 

organisms but little is known on the AF activity in cold water environments. This is of a 

growing interest with the emergence of new maritime trading routes in the Arctic zone.   

The genus Roseobacter is well represented across diverse marine habitats (from coastal 

to open oceans) and members of the genus have been found to be free living, particle 

associated, or in commensal relationships with marine phytoplankton, invertebrates, and 

vertebrates (Buchan et al., 2005).  

Halomonas aquamarina is found in a variety of marine and hypersaline environments, 

including the pelagic ocean, deep-sea hydrothermal vents, the brine-seawater interface 

of deep-sea brine pools, and coastal surface waters (Ortigosa et al., 1995; Kaye & 

Baross, 2000; Sass et al., 2001; Mobberley et al., 2008).  

S. putrefaciens is particularly interesting as it has the ability to reduce iron and 

manganese metabolically	  and is often associated with biocorrosion of submerged metal 

surfaces (Beech et al., 2005).  

The genus Vibrio is also important as several species are pathogenic to shellfish and fish 

and cause severe infection problems for aquaculture industry (Payne et al., 2007). 

Vibrio aestuarianus was previously shown to be pathogenic to the juveniles of the 

oyster Crassostrea gigas (Labreuche et al., 2006). 

The terrestrial bacteria studied here are all human-linked, but are also found free-living 

in soil, sediments and aquatic environments, including coastal waters through sewage 

contamination. For instance, the waste effluent from animals and humans plays an 
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important role in the distribution of Acinetobacter species in the aquatic environment 

(Oh et al., 2009). The transition of E. coli from the gastrointestinal tract to the external 

environment has also been studied and it was found that some strains are better adapted 

to conditions found in the external environment (Gordon et al., 2002). The abundance of 

clinical enteric bacterial pathogens such as Salmonella typhimurium in coastal waters 

and in shellfish has been recorded, and their persistence in natural waters is of great 

concern in public health (Baudart et al., 2000). 

Undoubtedly, there has been a rise of human-linked microbes in coastal waters through 

increased pollution and eutrophication (Jackson, 2001). This is very important when 

selecting target organisms for AF studies as they are now commonly found in coastal 

waters including ports and marinas, and can be part of the primary stage of biofouling 

process. Indeed, in their natural environment, bacteria have the capability to switch 

from a freely suspended to a biofilm producing mode of growth through the production 

of EPS for defence or colonization purposes, but the biofilm could also be a default 

mode of growth (Jefferson, 2004). The mechanical, physicochemical and biological 

factors affecting biofilm formation are complex as they differ depending on the 

bacterial species and on external conditions such as temperature, carbon source, pH and 

hydrodynamics (Renner & Weibel, 2011; Choi et al., 2013).  

 

3.2.2.2. Microalgae 

 

Six microphytobenthic algal strains were targeted as potential fouling organisms. 

Most of them were also used as test organisms from which potential AF extracts 

extracts were extracted: Cylindrotheca closterium, Porphyridium purpureum, 

Exanthemachrysis gayraliae, Pleurochrysis roscoffensis (see 3.1.1). Two other marine 

microalgae were used as target organisms: Halamphora coffeaeformis (formerly known 

as Amphora coffeaeformis) and Lotharella globosa (formerly known as Chlorarachnion 

globosum). Although these organisms form strong biofilms, making them interesting 

sources of potential allelochemicals, their tendency to grow in extremely dense clumps 

made them unsuitable for controlled growth experiments that were needed to assess the 

production of such molecules.  

Halamphora coffeaeformis (AC713) is a raphid diatom and one of the most 

frequently recorded species in brackish water habitats. It has a global distribution and 

can tolerate a wide spectrum of environmental conditions (Archibald & Schoeman, 
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1984): it is found in many areas in Europe, North America, Asia and even Antarctica 

(Kirkwood & Henley, 2006; Morant-Manceau et al., 2007; Al-Handal & Wulff, 2008). 

H. coffeaeformis can colonise surfaces covered with AF paints containing copper and/or 

organotin toxic agents, showing a high metal tolerance that is attributed to an 

association with bacteria (Thomas & Robinson, 1987). It is actually the most commonly 

encountered diatom in biofilms that develop on AF paints (Callow, Stanley, Wetherbee, 

& Callow, 2000). It also produces dense EPS for both adhesion and locomotion 

purposes (Wetherbee et al., 1998; Molino et al., 2008), forming a diatom slime 

community on submerged surfaces. For these reasons, H. coffeaeformis is commonly 

used in experimental fouling studies (Schultz, 2000; Plouguerné et al., 2010b; Aguila-

Ramírez et al., 2014). 

Lotharella globosa (AC132) is a benthic microalga from the class 

Chlorarachniophyceae that was first isolated from an enriched culture in Guam (Ishida 

et al., 1996). Because of its ability to form biofilms, many AF studies have chosen this 

species as a target fouling organism (Thabard et al., 2009; Plouguerné et al., 2010b; 

Chambers et al., 2011). 

 
3.2.2.3. Macroalgae 

 

Two macroalgal species were studied as target fouling organisms: Ulva 

(Enteromorpha) linza and Undaria pinnatifida (Figure 3.2a and b). These species are 

commonly used as model organisms in AF studies (Fletcher & Callow, 1992; C Hellio 

et al., 2002; Thabard et al., 2009). 

Ulva linza is a ubiquitous marine macroalga found in all oceans and estuaries. It 

has been noticed that coastal eutrophication also leads to the appearance of excessive 

growth of Ulva species (green tides), which are becoming an increasingly common 

phenomenon worldwide (Fletcher & Callow, 1992; Morand & Briand, 1996), including 

locally in Langstone Harbour. Ulva species are considered as the major macrofouling 

alga that colonise new surfaces through the production of microscopic motile spores 

(Callow & Callow, 2002). 

The genus Undaria is endemic to the warm waters of Japan (Peteiro & Freire, 

2014), but was introduced to France and New Zealand through oyster cultures and ships, 

expanding its distribution range to more temperate regions of the world (Floc’h et al., 

1991; Russell et al., 2007). The exceptional opportunistic characteristics of Undaria, 

such as rapid growth, high fecundity, and the ability to occupy any substratum, lead to 
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an extensive invasion of shorelines, to the point that Undaria is even thought to have 

gone through a process of naturalisation: its reproduction is sufficient to maintain its 

population within the local flora and fauna in New Zealand (Schiel & Thompson, 2012). 

The macroalgae were collected in July 2010 from Gosport Marina, Hampshire, 

UK (50°47’47’’N 01°07’04’’W) (courtesy of Robert L. Fletcher) and in August 2011 in 

Gunwharf Quays Marina, Portsmouth, UK (50°47’42”N 01°06’29”W) where they were 

found attached to boat hulls and pontoons. Once in the laboratory, thalli of algae were 

washed three times in FSW and sporulation was induced by overnight dessication and 

rehydration in Von Stosh medium (1964). Spores suspensions were then immediately 

used in bioassays (see 3.2.4.3.3 and 3.2.5.4.3).  

 

3.2.2.4. Barnacle larvae 

 

Amphibalanus amphitrite (formerly known as Balanus amphitrite) was selected 

as a target organism for the bioassays. It is a warm water species originally from the 

Indo-Pacific that was introduced into the Mediterranean Sea (Clare & Høeg, 2008). It 

has now a cosmopolitan distribution, thanks to its high fecundity, its capacity to 

colonise most hard surfaces and the final larval stage in the life cycle, the cypris larva 

(Figure 3.2c, d and e) (Clare et al., 2009; Maréchal et al., 2011), and is the most 

common fouling marine invertebrate in the world. A. amphitrite can be  cultivated 

routinely under laboratory conditions. Larval released can be performed under 

controlled conditions throughout the year (Maréchal et al., 2011). In this study, the 

barnacle larvae were provided by Dr S. Conlan (University of Newcastle). They were 

kept at 6 °C and used for the anti-settlement assays (see 3.2.4.3.4 and 3.2.5.4.4) when 

they reached 3-days old cyprid stage, at which they start to settle.  
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Figure 3.2: Macro-organisms used for the bioassays. Macroalgae: a: Ulva linza, b: 

Undaria pinnatifida (source: algaebase); Amphibalanus amphitrite, c: cyprid larva, 

d: juvenile a few hours after settlement, e: adult (courtesy of Alessio Di Fino, 

University of Newcastle) 

 

 

  

c d e 



Investigating	  the	  antifouling	  activity	  of	  microalgal	  extracts	  
	  

	   97	  

3.2.3. Antifouling activity of crude extracts from exponential phase and stationary 

phase cultures of Cylindrotheca closterium, Thalassiosira pseudonana and 

Exanthemachrysis gayraliae 

 

3.2.3.1. Culture conditions 

 

An inoculum of 25 mL for each of the microalgal strains (106 cells mL-1) was 

transferred into 500 mL of sterile f/2 media under aseptic conditions. The three 

microalgae species cultures were kept in the growth room at 20°C under constant light 

(incident irradiance = 140 µmol m-2 s-1) and growth was monitored as described above 

(2.1.2). Cell counts were performed daily, and after 5 days, 250 mL of each exponential 

phase culture was collected and the cells were harvested by centrifugation (1000g, 4 °C, 

15 min). The supernatant was discarded and the pellets were freeze-dried (Vir Tis 

FL600). The remaining 250 mL of each culture was returned to the growth room for 

further incubation: after a total incubation period of 3 weeks the cultures were in 

stationary phase and the cells were harvested as above. 

 

3.2.3.2. Extraction process 

 

Mixture of compounds were extracted from the freeze-dried cells as outline in 

Figure 3.3. Samples were separated into four fractions to allow the extraction of 

compounds of differing polarity using four different organic solvents (1:1 w/v): 

methanol, acetone, dichloromethane and hexane (Laboratory grade, Fisher Scientific). 

The extraction solutions were agitated using a “frother” to attempt to break the cells, 

and left in the dark for 48 hours. The crude extracts were centrifuged to pellet the cell 

debris (1000 g, 4°C, 20 min) and the supernatants were transferred into round Pyrex 

flasks to evaporate the solvent under vacuum using a rotating evaporator at 30 °C. The 

dried extracts were weighed and six concentrations were prepared using methanol as a 

carrier solvent: 0.05, 0.5, 5, 10, 50 and 100 µg extract mL-1. The crude hexane extracts 

were not studied further as the yields were very low. The 18 microalgal extracts (three 

species x two growth phases x three solvents) were then tested for their antibacterial 

activity at the six concentrations (Table 3.3). 
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Table 3.3: Microalgal extracts tested in antibacterial assays.  

  Exponential phase Stationary phase 

T. pseudonana 
TpExpM TpStaM 
TpExpA TpStaA 
TpExpD TpStaD 

C. closterium 
CcExpM CcStaM 
CcExpA CcStaA 
CcExpD CcStaD 

E. gayraliae 
EgExpM EgStaM 
EgExpA EgStaA 
EgExpD EgStaD 

Tp: T. pseudonana, Cc: C. closterium, Eg: E. gayraliae, Exp: Exponential, Sta: Stationary, M: 

methanol, A: acetone, D: dichloromethane. 

 

 

3.2.3.3. Antibacterial assays 

 

Bioassays were performed in 96-well microplates (Sterilin). For each extract 

concentration, 50 µL samples were added to each of six wells. After solvent evaporation, 

the microplates were sterilized in a UV cabinet for 30 min (Scie-Plas, UV4PCR). Six 

replicate wells free of extract acted as negative controls. 

The microalgal extracts were screened for their antibacterial activity against five 

marine bacteria (P. irgensii, V. aestuarianus, S. putrefaciens, P. elyakovii and P. 

fluorescens) and five terrestrial bacteria (A. baumanii, E. coli, A. faecalis, S. aureus and 

S. typhimurium). The strains were grown in sterile FSW enriched with 0.5 % neutralized 

bacteriological peptone (w/v) (LP0034 Oxoid): extract driven growth inhibition of these 

organisms was monitored (Maréchal et al., 2004a). The optical density (OD) of stock 

cultures of bacteria was measured at 630 nm using a spectrophotometer (Pharmacia 

Biotech, Novaspec II) and the quantity of bacterial suspension required to obtain an 

initial cell density of 2 × 108 cells mL-1 was calculated following the method of 

Amsterdam (1996) (Maréchal et al., 2004a). Under aseptic conditions, 50 µL of 

bacterial suspension was transferred to the microalgal extract containing wells, with six 

wells filled with sterile media as positive controls. The microplates were incubated for 

48 hours at 20 °C for the marine strains and 30 °C for the terrestrial strains. After 

incubation, growth in each well was observed by eye and compared to the controls: 
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clear wells observed in the six replicates indicated growth inhibition by the extract. 

Inhibitory concentrations (IC) were recorded. 

 

3.2.4. Impact of biotic and abiotic stresses on antifouling activity of crude extracts 

from marine (Cylindrotheca closterium, Thalassiosira pseudonana) and 

freshwater (Desmodesmus armatus and Pediastrum sp.) microalgae 

 

3.2.4.1. Culture conditions 

 

The two marine and two freshwater microalgae strains selected for this study 

had the best biomass yields: T. pseudonana and C. closterium (marine); D. armatus and 

Pediastrum sp. (freshwater). They were grown in the growth room (see 3.2.3.1) and 

inoculated into a larger volume of fresh medium every two weeks until they reached a 

final volume of 1.5 L (106 cells mL-1). Typically, 10 mL of microalgal solution was 

transferred in 100 mL f/2 media; from which after two weeks 50 mL was pipetted and 

transferred into 500 mL f/2; then two weeks later 150 mL was pipetted from the latter 

culture and transferred into 1.5 L f/2 media. In order to attempt to affect the production 

of secondary metabolites, biotic and abiotic stresses were applied to the cultures when 

they reached 106 cells mL-1. The marine strains were subject to light deprivation and 

intra-specific competition. To induce dark stress, one 1.5 L culture of each strain was 

covered with foil and incubated in the growth room for 48 hours. To induce competition 

stress, one 1.5 L culture of each strain was centrifuged at 100 g for 10 min and cells 

were then re-suspended in a smaller volume of fresh media in order to increase the cell 

concentration to 108 cells mL-1. The cultures were kept in this condition for 48 hours in 

the growth room. The freshwater microalgae were subject to predation stress using 

Daphnia sp, which are known to feed on various microalgal species, including 

Pediastrum sp. and Desmodesmus sp. (Schwartz & Ballinger, 1980; Lürling et al., 1999; 

Rojo et al., 2009). Five Daphnia were enclosed in autoclaved stainless steel “tea 

infusers”, then suspended in the cultures and incubated for 48 hours in the growth room. 

A single 1.5 L culture of each microalgal strain was incubated under normal conditions 

and used as a control. 

Cells were then harvested by centrifugation (1000g, 4 °C, 15 min) and pellets were 

freeze-dried (Vir Tis FL600). 
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3.2.4.2. Extraction process 

 

Cells were broken using a cell disrupter (Fast-Prep FP120) for 20 sec at room 

temperature and the mixture of compounds were extracted according to their polarity 

using four solvents: methanol; acetone; dichloromethane; hexane.  For each solvent, 0.2 

g of algal powder was extracted in 100 mL of solvent subjected to 48 hours extraction. 

Cell debris was removed by centrifugation (1000 g / 20 min / room temperature) and the 

solvent was evaporated under vacuum using a rotary evaporator at 35 °C. The dried 

extracts were recovered with methanol. Crude extracts obtained with hexane were not 

studied further because of low yields (< 0.01%). 

In total, 30 microalgal crude extracts were obtained (Table 3.4). 

 

 

Table 3.4: Microalgal extracts from cultures under control (Ctr) conditions or after 

exposure to biotic and abiotic stresses.  

 T. pseudonana C. closterium D. armatus Pediastrum sp. 

Control 
TpCtrM CcCtrM DaCtrM P.CtrM 

TpCtrA CcCtrA DaCtrA P.CtrA 

TpCtrD CcCtrD DaCtrD P.CtrD 

Competition 
TpComM CcComM   
TpComA CcComA   
TpComD CcComD   

Darkness 
TpDarM CcDarM   
TpDarA CcDarA   
TpDarD CcDarD   

Predation 
  DaPreM P.PreM 

  DaPreA P.PreA 

  DaPreD P.PreD 
Tp: T. pseudonana, Cc: C. closterium, Da: D. armatus, P.: Pediastrum sp., Com: competition, 

Dar: darkness, Pre: predation, M: methanol; A: acetone; D: dichloromethane. 
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3.2.4.3. Antifouling assays 

 

For each crude extract, six concentrations (0.05, 0.5, 5, 10, 50 and 100 µg mL-1) 

were screened for their AF activity against micro- and macro-organisms. Bioassays 

were conducted in 96-well microplates (Sterilin) as described in 3.2.3.3.  

 

3.2.4.3.1. Antibacterial assays 

 

The target organisms are presented in the Table 3.5 and the antibacterial assays 

were performed as described in section 3.2.3.3. 

 

3.2.4.3.2. Antimicroalgal assays 

 

After chlorophyll a dosage from microalgal stock cultures, the volume of culture 

needed to obtain cell suspensions of 0.1 mg (chlorophyll a) L-1 was determined. For 

each microalgal cell suspension (Table 3.6), 50 µL was added to the extract-treated and 

control wells as described above (section 3.2.3.3.) and the plates were incubated for 5 

days in the growth room (Hellio et al., 2002). After incubation, the growth in each well 

was visually compared to the control: an extract was considered active when growth 

inhibition was observed in the six replicates. The ICs were recorded. 

 

Table 3.5: Marine and terrestrial bacteria targeted in the AF bioassays 

Marine bacteria Terrestrial bacteria 

Shewanella putrefaciens Escherichia coli 

Vibrio aestuarianus Salmonella typhimirium 
Pseudoalteromonas elyakovii Staphylococcus aureus 

Polaribacter irgensii Alcaligenes faecalis 
Pseudomonas fluorescens Acinetobacter baumanii 

 

Table 3.6: Marine and freshwater microalgae targeted in the AF bioassays. 

Marine microalgae  Freshwater microalgae  

Cylindrotheca closterium AC 170  Desmodesmus armatus AC 147  

Thalassiosira pseudonana AC 589  Pediastrum sp. AC 722  

Lotharella globosa AC 132   
Exanthemachrysis gayraliae AC 15   
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3.2.4.3.3. Antimacroalgal assays 

 

Extracts were tested for settlement and germination inhibition of spores from 

two strains of macroalgae (Hellio et al., 2002; Thabard et al., 2009; Chambers et al., 

2011): U. linza and U. pinnatifida (Figure 3.2a and b). Sporulation of negative 

phototactic zoospores was induced by overnight desiccation of the sporophytes using 

absorbent paper towels followed by rehydration. The settlement and germination 

inhibition of spores exposed to the extracts were assessed. For each spore suspension, 

50 µL was added to each well of the microplates (U. linza: 11 x 103 spores 50 µL-1; U. 

pinnatifida: 40 x 103 spores 50 µL-1). The settlement was first induced placing the plates 

in the dark for 2 hours. Then the plates were inverted, tapped against paper towel and 

rinsed once with filter-sterilised seawater in order to remove the non-settled spores. 

Each well was then refilled with Von Stosch culture medium and the plates were 

incubated for 4 days to allow time for spore germination (15 °C, 50 µmol photons m-2 s-

1, 16/8 L:D). After fixing the spores with 2% (v/v) formalin, all the wells were 

compared with the controls using an inverted microscope: settled spores and germinated 

spores were assessed (Thabard et al., 2009; Chambers et al., 2011). 

 

3.2.4.3.4. Inhibition of barnacle larvae settlement 

 

Dr S. Conlan (University of Newcastle, UK) provided cyprid larvae of A. 

amphitrite. In order to avoid interaction between organisms that could promote 

settlement (Bacchetti De Gregoris et al., 2012), only one day-3 larva was put in each 

well of extract coated 96-well microtitre plates containing filter-sterilized seawater 

(syringe filters 0.2 µm SFCA, Nalgene). The microplates were then incubated for 48 

hours at 28°C to allow for settlement and metamorphosis (Figure 3.2c, d and e) (Hellio 

et al., 2005; Maréchal et al., 2012). After incubation, each settled, swimming, and dead 

larva was counted and compared with the control. An extract was considered active 

when no larval settlement was observed in any of the six treatment replicates. 
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3.2.5. Impact of dark stress on the antifouling activity of microalgal crude extracts 

(Cylindrotheca closterium, Thalassiosira pseudonana and Porphyridium 

purpureum) and metabolic profiling analysis. 

 

3.2.5.1. Culture conditions 

 

Cultures of each species were grown in f/2 medium and maintained at 20 °C and 

constant incident light (140 µmol m-2 s-1). For each strain, eight replicate cultures were 

maintained. When the culture cell density reached 106 cells mL-1 four cultures of each 

strain were foil-wrapped for 48 hours (Figure 3.4). The cells were harvested by 

centrifugation (Sorvall Instruments RC-3B, 20 min, 1000 g, 4 °C), and, as the salts had 

previously been a problem during extraction, a desalination protocol was developed (see 

3.2.5.2). After desalination, the cells were disrupted using an Ultra-Turrax (IKA T18) 

for 1 min at room temperature and the resulting 24 samples were freeze-dried (Table 

3.7). 

 

 

Table 3.7: 24 samples of microalgae powder obtained (four replicates for each condition 

and strain of microalgae) 

  Control Darkness Stress 

T. pseudonana Tc1 - Tc2 - Tc3 - Tc4 Td1 - Td2 - Td3 - Td4 

C. closterium Cc1 - Cc2 - Cc3 - Cc4 Cd1 - Cd2 - Cd3 - Cd4 

P. purpureum Pc1 - Pc2 - Pc3 - Pc4 Pd1 - Pd2 - Pd3 - Pd4 
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3.2.5.2. Desalination protocol 

 

The salt from the residual seawater in the pelleted microalgal cells was removed 

as its presence resulted in overestimated extraction yields and ultimately, overestimated 

concentrations of extracts. The centrifuged pellets of algae were re-suspended in dH2O 

(1:10), quickly mixed and immediately re-pelleted (10 min, 1000 g, room temperature). 

C. closterium was used as a test and the rinsing water was kept for further analysis in 

order to check for released bioactive extracts following osmotic shock: these potential 

bioactive mixture of compounds were extracted from the rinsing water using chloroform 

(1:1) in separating funnel. The two separated extraction solutions were retrieved, 

evaporated and the dried extracts were recovered in methanol to give four 

concentrations: 0.1, 1, 10 and 100 µg mL-1. Then antibacterial assays (see 3.2.3.3) were 

carried out against five marine bacteria species (R. litoralis, V. aestuarianus, S. 

putrefaciens, V. natriegens and P. elyakovii), and, results were compared to the 

bioactivity of crude acetone and methanol extracts from obtained from C. closterium.  

 

 
Figure 3.4: Schematic overview of the experimental study on the impact of dark stress 

on the antifouling activity and metabolic content of cultures of T. pseudonana. 
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3.2.5.3. Extraction process 

 

3.2.5.3.1. Sample preparation for bioassays 

 

Each desalinated freeze-dried sample was extracted four times with acetone (1:1 

(w/v)), three times for one hour and then overnight. The extract solutions were filtered 

(Whatman grade 1) and evaporated using a rotating evaporator, then each dried extract 

was dissolved in methanol to give final concentrations of 0.01, 0.1, 1, 10 and 100 µg 

mL-1.  

 

3.2.5.3.2. Sample preparation for metabolic profiling 

 

For each freeze-dried alga, 100 mg samples were extracted three times with 1 

mL of acetone in an ultrasonic tank at room temperature (Trans-sonic 950/H): 10 min 

per extract. The crude extracts were filtered through cotton, evaporated and added (dry 

loading) on top of Solid Phase Extraction (SPE) Phenomenex Strata cartridges, using a 

Visiprep SPE Vacuum Manifold with 12 ports. SPE cartridges were washed with 5 mL 

of distilled water and then desorbed with 3 mL of acetone. The organic phase of each 

collection was then freeze-dried. The organic extracts from the 24 microalgal samples 

were dissolved in 0.4 ml of HPLC (high performance liquid chromatography) grade 

methanol and passed through a 13 mm, 0.2 µm polytetrafluoroethylene (PTFE) syringe-

filter before HPLC injection. 20 µL of this filtered solution was injected into the High 

Performance Liquid Chromatography (HPLC) system (see 3.2.5.5). 

 

3.2.5.4. Antifouling assays 

 

The AF activity of each extract was tested against 15 key organisms involved in 

micro- and macrofouling process: bacteria, microalgae, macroalgae and barnacle. All 

the bioassays were carried out using 96-well plates (Sterilin 611F96, flat-bottom, 406 

µL capacity). Wells were filled with 100 µL of each extract solution in 12 replicates 

from the lowest to the highest concentrations (0.01, 0.1, 1, 10 and 100 µg mL-1). After 

evaporation of the methanol, the coated plates were UV-sterilized. Twelve wells free of 

extract and inoculated with organisms were used as negative controls, and, 12 other 

wells filled with sterile media were considered as positive controls. After inoculation 
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with organisms under aseptic condition and incubation, all the wells were compared 

with the controls: an extract was considered active when inhibition was observed in all 

the replicates.  

 

3.2.5.4.1. Antibacterial assay 

 

Microalgal extracts were tested against six Gram-negative marine bacteria in this 

bioassay (Table 3.8) using bacterial suspensions as describe in 3.2.3.3. For each 

bacterial suspension 100 µL was added to six extracted coated wells, with sterile 

medium added to six further wells to allow determination of the background signal due 

to the extract coating. After incubation (20 °C, 48 hours) all the wells were visually 

compared with the controls, a clear well indicating a growth inhibition. Assessment of 

bacterial adhesion inhibition was carried out using the method described in the Chapter 

2 (see 2.2.1.4). The results of bacterial adhesion are expressed as crystal violet 

absorbance units: the MIC was recorded when a dose-response was observed. 

 

 

Table 3.8: Target microfoulers 

Marine Bacteria Marine microalgae 

Shewanella putrefaciens Cylindrotheca closterium 

Vibrio aestuarianus Exanthemachrysis gayraliae 

Pseudoalteromonas elyakovii Pleurochrysis roscoffensis 
Polaribacter irgensii Porphyridium purpureum 

Vibrio natriegens Lotharella globosa 

Roseobacter litoralis Halamphora coffeaeformis 
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3.2.5.4.2. Antimicroalgal assay 

 

Six microphytobenthic strains involved in microfouling were studied (Table 3.8). 

For each culture, the biomass was estimated from chlorophyll a concentration as 

described in Chapter 2 (see 2.2.2.2). The bioassays were initiated at 0.1 mg (Chl a) L-1: 

wells of microplates were inoculated with 100 µL of microalgal suspension and 

incubated for 4 days at 20 °C and constant light (incident irradiance: 140 µmol m-2 s-1). 

After incubation, all the wells were visually compared to the controls to look for any 

behavioural changes, such as cell aggregation or concentration at the centre of the well. 

To monitor the growth inhibition, chlorophyll a was extracted by directly adding 200 

µL of methanol in each well and the fluorescence was measured with a plate reader 

(PolarSTAR Optima, BMG Labtech: excitation at 485 nm, emission at 645 nm). 

 

3.2.5.4.3. Antimacroalgal assay  

 

The bioassays were performed as described in 3.2.4.3.3 against U. linza and U. 

pinnatifida by inoculating the extract-coated microplates with 100 µL of spore 

suspension (approximately 5 000 spores mL-1). An extract was considered active when 

inhibition of settlement/germination was observed in more than three replicates. 

 

3.2.5.4.4. Inhibition of barnacle settlement 

 

The extracts were screened for their ability to inhibit the settlement of cyprid 

barnacle larvae as described in 3.2.4.3.4. The plates were incubated for 3 days in the 

dark at 28 °C and swimming cyprid larvae and settled juvenile barnacles were counted. 

The results are presented as cumulative histograms with percentage of settled larvae, 

percentage of swimming cyprid larvae and percentage of dead larvae. 
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3.2.5.5. Metabolic profiling 

 

This experiment was conducted in collaboration with Dr B. Banaigs at the 

Laboratoire de Chimie des Biomolécules et de l’Environnement in Perpignan, France. 

HPLC analyses were performed with a system from Waters including the Alliance 

separations module 2695, the column heater and the 2998 photodiode array detector 

(PDA). The data were managed using the Empower 2 Chromatography Data software 

(Waters). The HPLC conditions consisted of two eluents (A: 0.1% (v/v) aqueous formic 

acid, B: 0.1% (v/v) formic acid in acetonitrile) and an elution profile based on a first 

step of 10% (v/v) B for 5 min, followed by a linear gradient from 10% (v/v) B to 100% 

B within 30 min and then to 100% B for an additional 10 min. Flow rate was kept 

constant at 0.4 mL min-1. A Phenomenex Gemini C6-Phe (250 x 3.0 mm, 5 µm) 

analytical column was used with a fixed temperature of 30 °C. The PDA data collection 

across the 200–600 nm wavelength range was performed as follows: sampling 5 points 

per second, resolution 1.2 nm and no smoothing. To maximize sensitivity, the data were 

processed to create 214 and 320 nm UV chromatograms. The profiles at 214 nm are 

more likely to show the lipids and compounds less absorbing UV whereas the profiles at 

320 nm exhibit molecules containing a chromophore such as pigments (personal 

communication: Dr B. Banaigs). In the classical and wide gradient profile used (10% to 

100% acetonitrile), only very minor peaks were observable in the polar or medium polar 

compounds zone (0 – 20 min).  

 

3.2.5.6. Data analysis 

 

3.2.5.6.1. Bioassays 

 

For antibacterial and antimicroalgal assay, statistical analysis included 

calculations of the mean and standard error of the mean for each variable. The normality 

of the data series was verified using a Shapiro-Wilk test (Shapiro & Wilk, 1965). First, 

to compare extract concentration activities and show up significant differences, a one-

way ANOVA followed by a Tukey's honest significance difference pairwise 

comparison test (Crichton, 1999) were performed on parametric data and a Kruskal-

Wallis test followed by the post-hoc Dunn’s multiple comparison test (Dunn, 1964) 

were performed for nonparametric data. To compare the AF activity of extracts from 
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microalgae cultivated under controlled conditions and those extracted from microalgae 

subject to dark stress, a two-tailed Fisher’s F-test (Fisher, 1922) was performed on 

parametric data, and a two-tailed Mann-Whitney’s test (Mann & Whitney, 1947) was 

performed on nonparametric data. All the statistical analyses were performed on IBM 

SPSS Statistics 20 and the level of significance was set at 0.05.  

 

3.2.5.6.2. Metabolic profiling 

 

The computations were performed using the MATLAB environment, version 

R2011b (Mathworks, Natick, MA, USA) and with the N-way Toolbox (Andersson & 

Bro, 2000). Scripts were written in collaboration with Dr C. Cordella at the Institut 

National de Recherche Agronomique in Paris, France. 

The initial matrix contained 48 samples (2 wavelengths, 3 microalgae, 2 culture 

conditions, 4 replicates) and 13500 variables (elution time) corresponding to HPLC-UV 

chromatograms of crude acetone extracts derived from microalgae cultures. Due to the 

absence of polar and medium polar compounds, a subset of data from each 

chromatogram was produced by eliminating the first 25 minutes of elution time before 

applying chemometric methods. Finally, chromatograms were gathered to perform 

analyses at both 214 nm and 320 nm: comparisons were performed for the three 

microalgae metabolic profiles, and for metabolic profiles of each species grown under 

control conditions and subject to 48 hours dark stress. 

Chromatograms were analysed using principal component analysis (PCA), an 

unsupervised data analysis tool oriented towards decomposing the variance/co-variance 

matrix calculated from the data matrix into combinations of the original variables 

(principal components) containing the maximum variability (Wold et al., 1987). PCA is 

a powerful tool to monitor samples during a process or to compare data obtained from 

different conditions. It produces orthogonal components by decomposing the initial data 

matrix X into a product of two smaller matrices, the scores and the loadings. The 

loadings show the variables that are responsible for the patterns found in the scores 

matrix (Daszykowski et al., 2003). 
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3.2.6. Antifouling activity of crude extracts from Pleurochrysis roscoffensis and 

Exanthemachrysis gayraliae 

 

3.2.6.1. Culture conditions 

 

Cultures were grown in f/2 medium for two weeks in the growth room. Their 

growth was monitored every day measuring chlorophyll a concentration (described in 

Chapter 2, 2.2.2.2). Cells from exponential phase cultures (106 cells mL-1) were 

harvested by centrifugation (1000 g, 20 min, 4 °C), freeze-dried, desalinated (see 

3.2.5.2) and disrupted using a FastPrep cell disrupter (FP120, Thermo Electron). 

 

3.2.6.2. Extraction process 

 

Mixture of compounds were extracted from the microalgal powders using three 

1 hour and one overnight acetone (1:1 (w/v)) extractions. Acetone extracts were filtered 

(Whatman grade 1) and dried using a rotary evaporator. Dried crude extracts were 

recovered in methanol at five test concentrations: 0.01, 0.1, 1, 10 and 100 µg mL-1. 

Wells in 96-well microplates were treated (12 replicates per extract concentration) with 

100 µL of extract solution, and after solvent evaporation, the coated plates were UV-

sterilized prior to inoculation with test organisms (bacteria and microalgae) for 

biological activity screening. Wells free of extracts were used as negative controls. 

 

3.2.6.3. Antimicrofouling assays 

 

To screen the AF activity of these microalgae extracts against microorganisms 

such as bacteria and microalgae, the recently developed bioassays have been used: see 

Chapter 2, 2.2.1.3 for the antibacterial assays, and Chapter 2, 2.2.2.5 for the 

antimicroalgal assays. 

 

3.2.6.4. Statistical analysis 

 

Tests for significant differences between the negative control and each 

concentration of products screened were performed as described in the Chapter 2, 2.2.4.  
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3.3. Results 

 

3.3.1. Attempt to produce axenic cultures 

 

The streak plate method to free microalgal cultures of bacterial contaminants was 

not successful.  After incubation of streaked cultures on agar plates it was very difficult 

to isolate distinct microalgal colonies as they tended to exhibit filamentous growth and 

spread across the plates. T. pseudonana, did not grow on solid media. 

Serial dilution of the microalgal strains and subsequent growth in 24-well plates 

failed to generate algal cultures that were free of bacteria, i.e. the most dilute 

suspensions that resulted in microalgal growth were associated with bacteria that were 

able to grow on both terrestrial and marine agar.  

Sequential centrifugation steps at very low accelerations (100 g) should 

progressively reduce the suspended bacterial cells number as only the microalgae cells 

should be pelleted: six successive centrifugation steps failed to remove all bacteria 

whose growth was still observed on both terrestrial and marine agar.  

Both attempts to remove contaminating bacteria using chemicals failed because the 

agents used were very toxic to the microalgae: the boric acid treatment was lethal to the 

microalgae strains at all exposure times and concentrations tested; the antibiotic cocktail 

solution also appeared to be very toxic to the microalgae strains, despite the fact that 

this cocktail is used commonly to reduce bacterial contamination of microalgal cultures. 

 

3.3.2. Antifouling activity of crude extracts from exponential phase and stationary 

phase cultures of Thalassiosira pseudonana, Cylindrotheca closterium and 

Exanthemachrysis gayraliae 

 

3.3.2.1. Growth curves 

 

T. pseudonana and C. closterium were harvested either at the end of the 

exponential phase (after 5 days) or during the stationary phase (after 3 weeks) (Figure 

3.5).  The cells of E. gayraliae formed very large aggregates and growth could not, 

therefore, be monitored using cell counts. Hence, the cells were harvested at 5 and 21 

days assuming they would follow the same growth kinetics as for the other strains. 
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Figure 3.5: Growth curves for T. pseudonana (a) and C. closterium (b). Arrows 

represent cell-harvesting time.  
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3.3.2.2. Antibacterial assays 

 

The crude cell extracts inhibited the growth of one terrestrial bacterium (A. 

baumanii) and four marine bacteria (V. aestuarianus, S. putrefaciens, P. elyakovii, P. 

fluorescens) (Table 3.9). It was noticed that the antibacterial activity was not dose-

dependent. For example, the methanol crude extract from T. pseudonana at exponential 

phase (TpExpM) inhibited the growth of V. aestuarianus at 0.5 µg mL-1, however, 

higher concentrations did not exhibit any such activity. Also, the same extract at 

stationary phase (TpStaM) inhibited growth of this marine bacterium at 0.05 and 10 µg 

mL-1, but intermediate concentrations again did not show any such activity. For this 

reason it was not possible to determine the MIC. A. baumanii and S. putrefaciens were 

more resistant than other species to the microalgal extracts: only 3 extracts affected A. 

baumanii (CcExpD, TpStaM and TpStaA), and only one extract (TpStaA) inhibited S. 

putrefaciens. Overall, the extracts from microalgae during the stationary phase 

exhibited more antibacterial activity even the lowest concentrations tested, especially 

against V. aestuarianus and P. elyakovii.  

Methanol and dichloromethane extracts from exponential phase T. pseudonana cells 

exhibited bacterial growth inhibition at concentrations as low as 0.5 µg mL-1. During 

stationary phase, a broader spectrum of activity was recorded. Particularly, acetone 

extracts (TpStaA) successfully inhibited all five bacterial strains at low concentration 

(0.5 µg mL-1), including A. baumanii and S. putrefaciens, which showed resistance to 

the microalgal extracts. 

For C. closterium, the dichloromethane extract obtained from exponential cultures 

(CcExpD) had the broadest range of activity, inhibiting the growth of four bacteria (V. 

aestuarianus, P. elyakovii, P. fluorescens and the terrestrial A. baumanii). The crude 

extracts from the stationary phase were all active, but only against two bacteria (V. 

aestuarianus and P. elyakovii). The dichloromethane extract (CcStaD) was more potent, 

with antibacterial activity recorded at low concentrations (0.5 µg mL-1).  

E. gayraliae extracts seemed less active, with the exponential phase extracts only 

inhibiting the growth of two bacterial strains, P. elyakovii (0.5 µg mL-1) and P. 

fluorescens (IC = 0.05-0.5 µg mL-1). The stationary phase extracts recorded growth 

inhibition five times: both acetone and methanol extracts inhibited V. aestuarianus and 

P. elyakovii at 0.05 and 100 µg mL-1, and dichloromethane extract inhibited P. elyakovii 

at 10 µg mL-1. 
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Table 3.9: Antibacterial activity of exponential (Exp) and stationary (Sta) phase 

microalgal extracts. IC in µg mL-1.  
   A. baumanii V. aestuarianus S. putrefaciens P. elyakovii P. fluorescens 

Ex
po

ne
nt

ia
l 

TpExpM NA 0.5  NA 0.5 0.5 
TpExpA NA NA NA NA NA 
TpExpD NA NA NA NA 5; 10 
CcExpM NA 10 NA 10 NA 
CcExpA NA NA NA NA 100 
CcExpD 5 5 NA 5 0.5; 5 
EgExpM NA NA NA NA NA 
EgExpA NA NA NA 5 NA 
EgExpD NA NA NA NA 0.05; 0.5 

S
ta

tio
na

ry
 

TpStaM 0.05 0.05; 10  NA 0.05; 10  NA 
TpStaA 5 0.5 0.5 0.5 0.5 
TpStaD NA 0.5 NA 0.5; 50; 100 NA 
CcStaM NA 50 NA 50 NA 
CcStaA NA 50 NA 50 NA 
CcStaD NA 0.05; 0.5 NA 0.05; 0.5 NA 
EgStaM NA 5 NA 5 NA 
EgStaA NA 0.5; 100 NA 0.5; 100 NA 
EgStaD NA  NA  NA  10 NA 

Tp: T. pseudonana, Cc: C. closterium, Eg: E. gayraliae. M: methanol, A: acetone, D: 

dichloromethane. NA: no activity at the concentrations tested. 

 

Summary 

Low inhibitory concentrations were recorded using extracts from of all the 

microalgal strains investigated (down to 0.05 µg mL-1), but the activity was not dose-

dependent. V. aestuarianus and P. elyakovii were more sensitive to the extracts at the 

stationary phase. Acetone extracts from T. pseudonana at stationary phase (TpStaA) 

were particularly effective at inhibiting six bacterial strains (A. baumanii, V. 

aestuarianus, S. putrefaciens, P. elyakovii and P. fluorescens) at concentrations as low 

as 0.5 µg mL-1. 

 

  



Investigating	  the	  antifouling	  activity	  of	  microalgal	  extracts	  
	  

	   116	  

3.3.3. Impact of biotic and abiotic stresses on antifouling activity of crude extracts 

from marine (Cylindrotheca closterium, Thalassiosira pseudonana) and 

freshwater microalgae (Desmodesmus armatus and Pediastrum sp.) 

 

3.3.3.1. Antifouling assays 

 

3.3.3.1.1. Marine microalgae subject to competition and dark stress 

 

For T. pseudonana (Table 3.10), control cultures yielded extracts with little AF 

activity: the methanol extract had no activity, the acetone extract inhibited the growth of 

one microalgal strain (C. closterium) at the higher concentration and the 

dichloromethane extract inhibited the settlement of barnacle larvae (A. amphitrite) only 

at 0.05 and 0.5 µg mL-1. As noticed in the previous study (see 3.3.2.2) the observed AF 

activity was rarely dose-dependent. Enhanced AF activity was recorded with extracts 

from stressed cultures of T. pseudonana with more organisms inhibited. Unlike control 

extracts, crude extracts from cultures subject to competition and darkness stress were 

especially effective against macroalgae U. linza and U. pinnatifida at concentrations as 

low as 0.5 µg mL-1. Interestingly, growth promotion of the freshwater microalgae F. 

pinnata and D. armatus was also observed at high concentrations (50-100 µg mL-1) of 

extracts TpComA, TpDarM and TpDarA. Methanol and acetone extracts from dark 

stressed cultures inhibited a wide spectrum of organisms, including bacteria (the marine 

P. elyakovii and the terrestrial A. baumanii). However, growth promotion of F. pinnata 

and D. armatus was again observed. Dichloromethane extracts were not studied, as the 

yields were too low.  

For C. closterium crude extracts (Table 3.11) no AF activity was recorded for 

cultures grown under control conditions, whereas the extracts from stressed cultures 

effectively inhibited fouling organisms. Again, the recorded activity was not dose-

dependent. For the competition stressed culture, both acetone and dichloromethane 

extracts inhibited micro- and macro-organisms. CcComA inhibited the growth of two 

marine bacteria at low concentrations (0.05-0.5 µg mL-1), the growth of two marine 

microalgae at 100 µg mL-1, the settlement of U. linza from 0.5 µg mL-1, the germination 

of U. pinnatifida from 10 µg mL-1, and the settlement of A. amphitrite from 0.5 µg mL-1 

up to the lethal concentration of 100 µg mL-1. CcComD inhibited the growth of C. 

closterium at 100 µg mL-1, and was effective from 5 µg mL-1 against the germination of 
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U. pinnatifida and the settlement of U. linza and A. amphitrite. As was the case for the 

T. pseudonana extracts, the C. closterium extracts also promoted the growth of 

freshwater F. pinnata and D. armatus. Acetone extracts from the dark stressed culture 

had good activity against microalgae, including F. pinnata, and macro-organisms. The 

methanol extract only inhibited the growth of C. closterium and A. amphitrite at 50 µg 

mL-1, but as for the acetone extract it was lethal to barnacle larvae at 100 µg mL-1. Dark 

stressed cultures dichloromethane extract was not studied because of the low yield. 
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Table 3.10: Organisms inhibited by the crude extracts of Thalassiosira pseudonana 

subject to either competition or dark stress, and the corresponding values/range of IC 

in µg mL-1. Growth inhibition for microorganisms; settlement inhibition for 

macroorganisms. 

T. pseudonana Extracts Organisms inhibited IC (µg mL-1) 

Control 
TpCtrM  NA NA 

TpCtrA Microalgae C. closterium 100 

TpCtrD Barnacles A. amphitrite 0.05; 0.5 

Competition 

TpComM 
Macroalgae U. linza 0.05; 50 

Barnacles A. amphitrite 10 to 50 

TpComA 

Microalgae C. closterium 50 

 F. pinnata Growth promotion: 50; 100 

 D. armatus Growth promotion: 50; 100 

Macroalgae U. pinnatifida * 50 

 U. linza 0.5; 10; 50; 100 

Barnacles A. amphitrite 50 

TpComD 
Macroalgae U. linza 0.05; 10 

Barnacles A. amphitrite 0.05 

Darkness 

TpDarM 

Bacteria A. baumanii 100 

Microalgae C. closterium 50 

 T. pseudonana 0.5; 50 

 D. armatus Growth promotion: 50 

Macroalgae U. pinnatifida * 50 

 U. linza 5 to 50 

Barnacles A. amphitrite 5; 50 

TpDarA 

Bacteria P. elyakovii 100 

Microalgae C. closterium 100 

 T. pseudonana 100 

 F. pinnata Growth promotion: 100 

 D. armatus Growth promotion: 100 

Macroalgae U. pinnatifida * 0.5; 100 

 U. linza 0.5; 10; 50; 100 

Barnacles A. amphitrite 0.5; 10 

TpDarD  No data - 
Tp: T. pseudonana; Ctr: Control; Com: Competition; Dar: Dark; M: methanol; A: acetone; D: 

dichloromethane; NA: no activity; * germination inhibition only. 
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Table 3.11: Organisms inhibited by the crude extracts of Cylindrotheca closterium 

subject to competition and dark stress, and the corresponding values / range of IC in 

µg mL-1. Growth inhibition for microorganisms; settlement inhibition for 

macroorganisms. 

C. closterium Extracts Organisms inhibited IC (µg mL-1) 

Control 
CcCtrM  NA NA 

CcCtrA  NA NA 
CcCtrD  NA NA 

Competition 

CcComM Microalgae F. pinnata Growth promotion: 0.05; 0.5 

CcComA 

Bacteria V. aestuarianus 0.05 

 P. elyakovii 0.5 

Microalgae C. closterium 100 

 T. pseudonana 100 

 F. pinnata Growth promotion: 100 

 D. armatus Growth promotion: 50; 100 

Macroalgae U. pinnatifida * 10 to 100 

 U. linza 0.5; 10; 50; 100 

Barnacles A. amphitrite 0.5; 10; 50; 100 

CcComD 

Microalgae C. closterium 100 

 F. pinnata Growth promotion: 50; 100 

 D. armatus Growth promotion: 50; 100 

Macroalgae U. pinnatifida * 5; 100 

 U. linza 5; 100 

Barnacles A. amphitrite 5 

Darkness 

CcDarM 
Microalgae C. closterium 50 

Barnacles A. amphitrite 50; 100 

CcDarA 

Microalgae C. closterium 10 

 T. pseudonana 10 

 F. pinnata 10 

Macroalgae U. pinnatifida * 0.05 

 U. linza 0.05; 0.5; 50; 100 

Barnacles A. amphitrite 0.05; 0.5; 50; 100 

CcDarD  No data - 
Cc: C. closterium; Ctr: Control; Com: Compettion; Dar: Dark; M: methanol; A: acetone; D: 

dichloromethane; NA: no activity; * germination inhibition only; lethal in red. 
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3.3.3.1.2. Freshwater microalgae subject to predation 

 

For Desmodesmus armatus (Table 3.12) grown under control conditions, all 

crude extracts inhibited fouling organisms (although dose-dependent activity was rarely 

observed) but the activity was repressed when cultures were subject to predation stress. 

For example, the methanol extract DaCtrM inhibited the growth of three marine bacteria 

from 50 µg mL-1, the settlement of the macroalga U. linza from 0.05 µg mL-1, the 

germination of the macroalga U. pinnatifida at 10 µg mL-1, and it was lethal to barnacle 

larvae at a concentration of 50 µg mL-1. However, the predation stress repressed this 

activity in that only the settlement of barnacle larvae was inhibited at 100 µg mL-1. 

Predation stress also completely repressed AF activity in the dichloromethane extract 

DaPreD, whereas DaCtrD inhibited the growth of the bacteria P. irgensii from 50 µg 

mL-1, the germination of U. pinnatifida at 100 µg mL-1 and the settlement of both U. 

linza and A. amphitrite from 0.05 µg mL-1. Acetone extracts from control cultures 

DaCtrA inhibited the bacterial growth of V. aestuarianus at 100 µg mL-1, both 

macroalgae strains from 0.05 µg mL-1, and it was lethal to A. amphitrite at 0.05 and 100 

µg mL-1. However, acetone extracts from stressed cultures DaPreA no longer inhibited 

macroorganisms, but additional bacterial microalgae strains were inhibited from 10 µg 

mL-1 (P. irgensii, P. elyakovii and the terrestrial A. baumanii). 

The same pattern was observed for extracts of Pediastrum sp. (Table 3.13) i.e. 

the methanol extract for control cultures (P.CtrM) had a broad AF activity inhibiting the 

growth of V. aestuarianus and P. irgensii at 100 µg mL-1, the germination of U. 

pinnatifida at 0.5 µg mL-1 and the settlement of U. linza from 0.05 µg mL-1. It was also 

lethal to A. amphitrite at 0.05 and 0.5 µg mL-1. However, the activity was completely 

lost when the cultures were subject to predation (P.PreM). Also, the acetone extract 

from control conditions inhibited one marine bacterium (P. elyakovii at 0.5 µg mL-1) 

and was lethal at 0.05, 0.5 and 50 µg mL-1 to barnacle larvae, whereas the acetone 

extract from stressed cultures (P.PreA) only promoted the growth of D. armatus. For the 

dichloromethane extract, although the stress conditions did not reproduce the AF 

activity against macroalgae (from 0.05 µg mL-1) observed in control extracts P.CtrD, it 

still inhibited the growth of two terrestrial bacteria (E. coli at 100 µg mL-1 and A. 

faecalis at 5 µg mL-1).  
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Table 3.12: Organisms inhibited by the crude extracts of Desmodesmus armatus subject 

to predation stress, and the corresponding values / range of IC in µg mL-1. Growth 

inhibition for microorganisms; settlement inhibition for macroorganisms. 

D. armatus Extracts Organisms inhibited IC (µg mL-1) 

Control 

DaCtrM 

Bacteria V. aestuarianus 100 

 P. elyakovii 100 

 P. irgensii 50; 100 
Macroalgae U. pinnatifida * 10 

 U. linza 0.05; 10; 50 
Barnacles A. amphitrite 50 

DaCtrA 

Bacteria V. aestuarianus 100 

Macroalgae U. pinnatifida * 0.05 

 U. linza 0.05; 10 

Barnacle A. amphitrite 0.05; 10 

DaCtrD 

Bacteria P. irgensii 50; 100 

Microalgal C. closterium Growth promotion 

Macroalgae U. pinnatifida * 100 

 U. linza 0.05; 50; 100 

Barnacle A. amphitrite 0.05; 50 

Predation 

DaPreM Barnacle A. amphitrite 100 

DaPreA 

Bacteria P. irgensii 100 

 P. elyakovii 10 to 100 

 A. baumanii 10 

Microalgae C. closterium 0.05; 10; 100 

DaPreD  NA NA 
Da: D. armatus; Ctr: Control; Pre: Predation; M: methanol; A: acetone; D: dichloromethane; 

NA: no activity; * germination inhibition only; lethal in red. 
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Table 3.13: Organisms inhibited by the crude extracts of Pediastrum sp. subject to 

predation, and the corresponding values / range of IC in µg mL-1. Growth inhibition 

for microorganisms; settlement inhibition for macroorganisms. 

Pediastrum	  sp.	   Extracts	   Organisms	  inhibited	   IC	  (µg	  mL-‐1)	  

Control	  

P.CtrM	  

Bacteria	   V.	  aestuarianus	   100	  

	   P.	  irgensii	   100	  

Macroalgae	   U.	  pinnatifida	  *	   0.5	  

	   U.	  linza	   0.05;	  0.5;	  5;	  100	  

Barnacles	   A.	  amphitrite	   0.05;	  0.5;	  50	  

P.CtrA	  
Bacteria	   P.	  elyakovii	   0.5	  

Barnacles	   A.	  amphitrite	   0.05;	  0.5;	  5;	  50	  

P.CtrD	  
Macroalgae	   U.	  pinnatifida	  *	   0.5;	  5	  

	   U.	  linza	   0.5;	  5;	  50	  

Predation	  

P.PreM	   	   NA	   NA	  

P.PreA	   Microalgae	   D.	  armatus	   Growth	  
promotion	  

P.PreD	  
Bacteria	   E.	  coli	   100	  

	   A.	  faecalis	   5	  
P: Pediastrum sp.; Ctr: Control; Pre: Predation; M: methanol; A: acetone; D: dichloromethane; 

NA: no activity; * germination inhibition only; lethal in red. 

 

 

Summary 

In this study, the extracts of two marine (T. pseudonana and C. closterium) and 

two freshwater (D. armatus and Pedisatrum sp.) microalgal strains successfully 

inhibited fouling organisms at IC (down to 0.05 µg mL-1). However, the recorded 

activity was not dose-dependent and growth promotion was also observed on occasions. 

Notable changes in AF activity were observed as a result of the abiotic and biotic 

stresses applied. Both competition and dark stresses positively affected the AF activity 

of extracts from marine microalgae. In particular, acetone extracts were positively 

affected with an increased spectrum of organisms inhibited at low IC. An opposite 

pattern was observed for freshwater microalgae exposed to predators: extracts from 

control cultures showed very good AF activity against a wide spectrum of organisms, 

but stressed cultures yielded less bioactive extracts.  
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3.3.4. Impact of dark stress on antifouling activity of crude extracts from microalgae 

(Cylindrotheca closterium, Thalassiosira pseudonana and Porphyridium 

purpureum) and metabolic profiling analysis. 

 

3.3.4.1. Growth curves 

 

Of the three microalgal species, T. pseudonana had the most conventional 

growth with a well-defined exponential phase and a stationary phase that was reached 

after only 5 days (Figure 3.6), at which point the cell concentration was 106 cells mL-1 

and dark stress was applied. For the other species, the growth dynamics were different: 

the lag phase lasted about 2-3 days and thereafter growth was much slower. There was 

no clear exponential phase and the beginning of stationary phase was hard to define. For 

these species dark stress was applied after 18 days, before the cell density reached 106 

cells mL-1 (Figure 3.6). 

 

3.3.4.2. Validation of the desalination protocol 

 

Crude acetone and methanol extracts from C. closterium did show an 

antibacterial activity against V. aestuarianus at 100 µg mL-1, however, this was not 

observed with the rinsing water that was analysed. The desalination protocol, therefore, 

did not result in the loss of bioactive molecules from the cells. 
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Figure 3.6: Growth curves for microalgal cultures. Arrow represents the start of the 

period of dark stress. a: T. pseudonana, b: C. closterium, c: P. purpureum. 
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3.3.4.3. Antifouling assays 

 

3.3.4.3.1. Antibacterial assay 

 

The results of the bacterial adhesion and growth inhibition assays are presented 

in Figure 3.7. As there were no significant differences between the four culture 

replicates for the different treatments, the data were pooled. 

No inhibition of bacterial growth was observed in response to the treatments, however, 

biofilm formation in three marine bacterial species (P. irgensii, V. natriegens and S. 

putrefaciens) was reduced or totally inhibited. For the C. closterium extracts, the 

activity recorded did not exhibit a dose-response effect: the control condition extracts 

totally inhibited the attachment of P. irgensii at 0.01, 0.1, 1 and 100 µg mL-1, but 10 µg 

mL-1 only reduced it (Figure 3.7d); exposure to dark stress reduced the activity recorded 

at 0.01 and 0.1 µg mL-1. Similarly, C. closterium extracts from control conditions 

reduced the adhesion of V. natriegens at 0.01, 1 and 10 µg mL-1, whereas 0.1 and 100 

µg mL-1 gave similar results to the negative control (Figure 3.7e). In this case, however, 

exposure to dark stress slightly improved the activity recorded at 0.1 µg mL-1. The same 

unusual dose-response effect was observed with C. closterium extracts from the stressed 

cultures where it reduced the biofilm formation of V. natriegens at concentration 

ranging from 0.01 to 10 µg mL-1 but not at 100 µg mL-1. T. pseudonana extracts from 

control cultures had the broadest activity, inhibiting biofilm formation in three of the 

bacteria at 100 µg mL-1 (Figure 3.7a, b and c). In this case, the 48 hours dark stress did 

not improve the antibacterial activity of the extracts, in fact the activity of the extracts 

from control cultures against V. natriegens and S. putrefaciens was not observed for the 

extracts from stressed cultures. Interestingly, intermediate concentrations of T. 

pseudonana extract (0.1 and 1 µg mL-1) stimulated the adhesion of P. irgensii compared 

to the controls. 

P. purpureum extracts inhibited the adhesion of P. irgensii at 100 µg mL-1 for both 

control and dark stressed conditions (Figure 3.7f).  
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Figure 3.7: Biofilm formation in the presence of algal cell acetone extracts (0.01 µg mL-

1 to 100 µg mL-1) from control (white bars) and dark-stressed (grey bars) conditions, 

measured as absorbance units (AU) of crystal violet at 595 nm. Negative control: 

wells free from extracts (0 µg mL-1). Values are mean ± SD (n = 16), * significantly 

different from negative control (p < 0.05), � significantly different from control 

conditions (p < 0.05). 
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3.3.4.3.2. Antimicroalgal assay 

 

Visual comparison of the test incubations and the controls revealed that three 

microphytobenthic strains (E. gayraliae, C. closterium and L. globosa) adopted a 

different behaviour when exposed to the highest concentration of extracts: the 

microalgal cells aggregated and gathered in the centre of the well. In addition, the 

growth of E. gayraliae and P. roscoffensis was inhibited by T. pseudonana extracts up 

to 100% (Figure 3.8a and b) and was significantly reduced (up to 60%) by C. closterium 

(Figure 3.8 c and d) and P. purpureum extracts (Figure 3.8e) at 100 µg mL-1 (p < 0.05). 

The extracts from T. pseudonana again have the broadest activity reducing the growth 

of the three microalgal strains. Extracts from dark stressed cultures showed only minor 

improvement in the antimicroalgal activity (approximately 10%, p < 0.05) against E. 

gayraliae using T. pseudonana extracts (0.01 and 1 µg mL-1) and C. closterium extracts 

(10 µg mL-1). However, it significantly reduced the amplitude of activity of C. 

closterium extracts as it only reduced the microalgal growth by 15% as opposed to 35% 

with control extracts. 
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Figure 3.8: Growth of microalgae (assessed by measuring chlorophyll a fluorescence, 

FU) incubated in the presence of acetone extracts from microalgae (0.01 µg mL-1 to 

100 µg mL-1) grown under normal conditions (white) or subject to 48 hours dark 

stress (grey). Negative control: wells free from extracts (0 µg mL-1). Values are mean 

± SD (n = 16), * significantly different from negative control (p < 0.05), � 

significantly different from control conditions (p < 0.05). 
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3.3.4.3.3. Antimacroalgal assay 

 

Spore settlement for the two test species of macroalgae was not inhibited by any 

of the microalgal extracts tested, however, inhibition of germination was observed.  

The germination of Undaria pinnatifida was totally inhibited by all of the extracts, 

mostly at 100 µg mL-1 (Table 3.14) with the C. closterium extracts also causing 

inhibition at lower concentrations: 10 µg mL-1 for the extract obtained from the control 

cultures and 0.1 µg mL-1 for the one obtained from the cultures subject to dark stress. 

There was, however, no dose-response effect, as intermediate concentrations did not 

inhibit the spore germination. 

Extracts of C. closterium and T. pseudonana also inhibited spore germination of Ulva 

linza at a concentration of 100 µg mL-1 (Table 3.15), however, no such activity was 

recorded for extracts from P. purpureum.  Again, dark stress did not significantly affect 

the inhibition of spore germination. 

 

 

Table 3.14: Inhibition of spore germination in Undaria pinnatifida by acetone extracts 

from microalgal cultures grown under normal conditions (Control) or subjected to 48 

hours darkness (Stress).  Inhibition was only recorded if it was observed in at least 

three replicates.  Concentrations of active extracts are given in µg mL-1. 

 C. closterium extracts T. pseudonana extracts P. purpureum extracts 

Control 10; 100 100 100 

Stress 0.1; 100 100 100 

 

 

Table 3.15: Inhibition of spore germination in Ulva linza by acetone extracts from 

microalgal cultures grown under normal conditions (Control) or subjected to 48 

hours darkness (Stress).  Inhibition was only recorded if it was observed in at least 

three replicates.  Concentrations of active extracts are given in µg mL-1: NA = no 

activity observed 

 C. closterium extracts T. pseudonana extracts P. purpureum extracts 

Control 100 100 NA 

Stress 100 100 NA 
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3.3.4.3.4. Inhibition of barnacle larval settlement 

 

Exposure to C. closterium extracts resulted in high larval mortality: the larvae 

appeared to have started their metamorphosis but failed to survive (Figure 3.9a). 

Extracts from control cultures caused 90% mortality at the concentration range of 0.01 

to 1 µg mL-1, 50% at 10 µg mL-1 and 20% at 100 µg mL-1. The latter concentration, 

however, induced the settlement of 60% larvae. Extracts from dark stressed cultures 

recorded a dose-response effect with settlement rates gradually decreasing from 30% at 

0.01 µg mL-1, to 0% at 100 µg mL-1. As for control extracts, high mortality rates were 

also observed at all concentrations (between 50% and 80%). Extracts from control 

cultures of T. pseudonana (Figure 3.9b) reduced the settlement rate to 30% at 1 and 10 

µg mL-1, however, 100 stimulated the settlement to 70%. Extracts from dark stress 

cultures recorded 30% mortality rate between 0.01 and 1 µg mL-1, which was reduced at 

higher concentrations: 60% swimming larvae were recorded at 100 µg mL-1 with only 

10% mortality. Lower mortality was observed on exposure to P. purpureum extracts 

(Figure 3.9c). Extracts from control cultures reduced the settlement rate to less than 

30% at 0.1 and 10 µg mL-1, but the concentration 100 induced 80% settlement. As for 

other extracts, this settlement promotion was not observed in response to extracts from 

stressed P. purpureum cultures, where the settlement rate was reduced to less than 30% 

when exposed to 0.1 and 100 µg mL-1. 

 

Summary 

 The three microalgal strains investigated successfully inhibited a wide spectrum 

of fouling organisms such as bacteria, microalgae, and barnacles, and T. pseudonana 

and C. closterium additionally inhibited the germination of macroalgal spores. Low ICs 

(0.01 µg mL-1) were often recorded but the inhibition was not dose-dependent. In this 

replicate experiment, dark stress had different effects on the AF activity depending on 

the group organisms targeted, which is not consistent with the previous study (see 

3.3.3): it generally weakened the antibacterial activity of extracts; it had little effect on 

microalgae and macroalgae, and it increased inhibition towards barnacle larvae. 
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Figure 3.9: Percentage of swimming cyprid larvae (light grey), dead larvae (dark grey) 

and settled juvenile barnacles (white) after incubation in contact with extracts from 

microalgae cultivated under normal conditions and subject to 48 hours dark stress 

(stippled). Negative control: wells free from extracts (dashed). 
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3.3.4.4. Metabolic profiling 

 

The extract HPLC profiles featured well-resolved peaks (0.01 – 1.5 AU) mainly 

in the zone occupied by apolar compounds, i.e. eluted between 25 and 45 minutes.  

The chemical signatures of the three microalgal extracts were compared. The principal 

component analysis of chromatographic profiles for cultures grown under control 

conditions separated the three microalgae species studied at both 214 nm (Figure 3.10a) 

and 320 nm (Figure 3.10b), suggesting that each species has a distinct chemical 

signature. At 214 nm, Cylindrotheca closterium clearly separates from the other strains 

on the first principal component (PC1), which explains over 67 % of the variance, The 

loadings on PC1 (Figure 3.11a) show the negative peaks that are characteristic of this 

particular strain (elution at 31.42 min, 32.59 min and 35.46 min). Also, Porphyridium 

purpureum and Thalassiosira pseudonana form two distinct groups along the second 

principal component (PC2), the latter gathering tightly on the negative side of the axis. 

The four negative peaks showed by the loadings on PC2 (Figure 3.11b) are associated 

with the compounds that are characteristic of T. pseudonana (eluted at 28.65 min, 29.68 

min, 30.66 min and 32.29 min). C. closterium also clearly separates from the other 

strains along PC1 at 320 nm (Figure 3.10b), which explains over 75 % of the variance. 

The loadings on PC1 (Figure 3.11c) show the negative peaks of the compounds that are 

characteristic of this species (eluted at 29.4 min, 32.6 min, 33.75 min and 34.02 min). 

The distinction of the two other species on PC2 at this wavelength is less significant, 

but metabolic profiles for the four replicates of P. purpureum gather on the positive side 

of this axis. The loadings on PC2 (Figure 3.11d) show that the compound eluted at 

43.82 min is specific of P. purpureum. 

In order to investigate the impact of transfer into darkness for 48 hours on the 

chemical signature of microalgal cells, principal component analyses were performed 

on the metabolic profiles from microalgal cultures grown under control conditions and 

from dark stressed cultures.  
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3.3.4.4.1. Cylindrotheca closterium 

 

A principal component analysis (PCA) was performed on the chromatograms 

obtained from the four replicate cultures of Cylindrotheca closterium grown under 

control conditions and after exposure to 48 hours of dark stress. At 214 nm (Figure 

3.12a), the metabolic profiles from the dark-stressed cultures gather on the positive side 

of the PC1 while most of profiles for the control culture conditions are on the negative 

side, with the exception of one replicate. The loadings on PC1 (Figure 3.13a) show that 

the dark stress limited the production of four metabolites eluted at 29.62 min, 31.41 min, 

32.54 min and 35.46 min. The two groups, stress and control, can also be distinguished 

at 320 nm along PC2 (Figure 3.12b), but less significantly as this axis explains only 

28% of the variance. In this case, the loadings on PC2 (Figure 3.13b) show that the dark 

stress mostly affected the production of compounds eluted at 42.85 min, 43.16 min and 

43.49 min. The elution times of compounds repressed by the application of dark stress 

on C. closterium cultures are summarised in the Table 3.16. 

 

 

Table 3.16: Dark stress repressed compounds for C. closterium 

C. closterium Compounds eluted 
at 214 nm (min) 

Compounds eluted 
at 320 nm (min) 

Repression 

29.62 42.85 

31.41 43.16 

32.54 43.49 

35.46   

 

 

 

3.3.4.4.2. Thalassiosira pseudonana 

 

The principal component analysis of the metabolic profiles clearly showed a 

significant impact of exposure to 48 hours darkness. At 214 nm (Figure 3.12c), two 

groups are apparent along PC1, which explains > 85 % of the variance. The loadings on 

PC1 (Figure 3.13c) showed that the dark stress stimulated the production of metabolites 

that eluted at 32.6 min, 43.81 min and 44.28 min, with the production of the metabolites 

eluted at 36.81 min also negatively affected. At 320 nm (Figure 3.12d), two very 

distinct groups are formed along PC1, which explains > 97 % of the variance. The 
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loadings on PC1 for 320 nm (Figure 3.13c), suggest that dark stress seemed to stimulate 

the production of metabolites eluted at 32.6 min, 43.81 min and 44.28 min (as above in 

the 214 nm analyses) together with other metabolites eluted at 33.75 min and 34.03 min. 

The elution times of compounds repressed and stimulated by the application of dark 

stress on T. pseudonana cultures are summarised in the Table 3.17.  

 

 

Table 3.17: Dark stress repressed and stimulated compounds for T. pseudonana 

T. pseudonana Compounds eluted 
at 214 nm (min) 

Compounds eluted 
at 320 nm (min) 

Repression 36.81  

Stimulation 

32.6 32.6 

43.81 33.75 

44.28 34.03 

 43.81 

  44.28 
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Figure 3.12: Principal component analysis of metabolic profiles from four microalgal 

replicate cultures grown under control conditions (stars) and subject to 48 hours dark 

stress (squares): extracts of Cylindrotheca closterium measured at 214 nm (a) and 

320 nm (b); Extracts of Thalassiosira pseudonana measured at 214 nm (c) and 320 

nm (d). PC1 = first principal component; PC2 = second principal component. 
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3.3.4.4.3. Porphyridium purpureum 

 

The principal component analysis of the metabolites produced by the replicate 

cultures of Porphyridium purpureum demonstrated that exposure to 48 hours dark stress 

had no significant impact on the metabolic profile (Figure 3.14a and b).  

 
 
Summary 

 The three strains of microalgae investigated have very distinct chemical 

fingerprints. Metabolomic approaches confirmed the impact of dark stress on metabolic 

contents, which can ultimately be related to the changes of AF activity recorded in the 

bioassays. The elution times of compounds repressed and stimulated by the application 

of dark stress on C. closterium and T. pseudonana cultures are summarised in the 

Tables 16 and 17, respectively.  
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3.3.5. Antifouling activity of crude extracts from Pleurochrysis roscoffensis and 

Exanthemachrysis gayraliae 

 

3.3.5.1. Antifouling assays 

 

3.3.5.1.1. Antibacterial assay 

 

Behaviour changes such as aggregation (data not shown) were recorded for 

some bacterial species when they were exposed to the 100 µg mL-1 microalgal extracts: 

V. natriegens tended to form aggregates when exposed to the 100 µg mL-1 extract of E. 

gayraliae, and both H. aquamarina and P. irgensii gathered in the centre of the well 

when in contact with either microalgal extract. 

The E. gayraliae extract significantly reduced the growth and promoted cell adhesion of 

H. aquamarina at concentrations ≥ 10 µg mL-1 (Figure 3.15a). As the reduction in 

growth was only 30%, a toxicity test was not performed. The E. gayraliae extract 

reduced the adhesion of V. natriegens and P. irgensii at 100 µg mL-1 by 70% and 55% 

respectively (Figure 3.15b and c), whereas it promoted the growth of planktonic cells at 

the same concentration. The same was observed with the P. roscoffensis extract, where 

the extract inhibited the adhesion of P. irgensii at 100 µg mL-1 by 85%, but stimulated 

the growth at the same concentration (Figure 3.15d). As the E. gayraliae extract 

reduced the adhesion of two bacteria, a bioassay was conducted against a mixture of 

both: the higher concentration (100 µg mL-1) was still active in reducing the adhesion of 

cells, but no significant growth promotion was recorded (Figure 3.15e). 
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Figure 3.15: Single species antibacterial assays (a: H. aquamarina, b: V. natriegens, c 

and d: P. irgensii) and multispecies assays (e: V. natriegens + P. irgensii). Bacterial 

growth was quantified by measuring the optical density at 620 nm (left scale, black 

diamonds); bacterial adhesion was quantified by measuring the absorbance at 595 

nm (right scale, grey diamonds). Mean values ± SD (n = 6) are displayed; * = 

significant differences from controls (0 µg mL-1), p < 0.01. 
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3.3.5.1.2. Antimicroalgal assay 

 

A visual comparison of treatment wells and the controls, suggested that P. 

roscoffensis and E. gayraliae extracts at 100 µg mL-1 inhibit the growth of C. closterium, 

E. gayraliae and P. purpureum. Before extracting the chlorophyll a to quantify the 

biomass, a toxicity test was performed. The results suggested that the growth inhibition 

was due to a biostatic effect as renewed microalgal growth was observed after 3 days of 

incubation in the absence of the microalgal extract. P. purpureum cells exposed to 100 

µg mL-1 of E. gayraliae or P. roscoffensis extract formed clumps and gathered in the 

centre of the wells. The same phenomenon was recorded for H. coffeaeformis cells 

exposed to 100 µg mL-1 of E. gayraliae extract. Biomass measurements from the 

microplates showed that P. roscoffensis extracts at 100 µg mL-1 reduced, by up to 60%, 

the growth and the adhesion of C. closterium, P. purpureum and E. gayraliae (Figure 

3.16a, c and e). E. gayraliae extracts at 100 µg mL-1 reduced the growth and the 

adhesion of C. closterium, P. purpureum and its own growth (Figure 3.16b, d and f). An 

unusual dose-response was observed against C. closterium where both the lowest and 

the highest concentrations tested were effective, but intermediate concentrations were 

not (Figure 3.16b). The extracts were then tested against a mixture of the three inhibited 

organisms, i.e. C. closterium, P. purpureum and E. gayraliae. The same behavioural 

changes were observed, with cells aggregating and gathering in the centre of the wells 

when exposed to 100 µg mL-1 of microalgal extract. Although E. gayraliae extracts 

reduced the adhesion and the growth of the three microalgal species when tested 

individually, no significant differences were observed when organisms were incubated 

together (Figure 3.16g). P. roscoffensis extract at 100 µg mL-1, however, significantly 

reduced the adhesion of the mixed microalgal suspension, but to a lesser extent than in 

the unialgal assays (30%) (Figure 3.16h). 

 

Summary 

 Extracts from E. gayraliae successfully inhibited bacterial adhesion of V. 

natriegens and P. irgensii at 100 µg mL-1, inducing a phenotypical switch from biofilm 

forming cells to free-living cells. They also affected microalgal adhesion and growth 

(biostatic effect) of C. closterium, P. purpureum and E. gayraliae at 100 µg mL-1, while 

inducing aggregation in some cases. The recorded inhibitions were still present in 

multispecies assays. P. roscoffensis extracts were also active but to a lesser extent.  
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Figure 3.16: Single species antimicroalgal assays (a and b: C. closterium, c and d: P. 

purpureum, e and f: E. gayraliae) and multispecies assays (g and h: C. closterium + 

P. purpureum + E. gayraliae). Microalgal adhesion (grey diamonds) and growth 

(black diamonds) are expressed in mg (Chl a) L-1. Mean values ± SD (n = 4) are 

displayed; * = significant differences from controls (0 µg mL-1), p < 0.01. 
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3.4. Discussion 

 

3.4.1. Decontamination methods 

  

The unambiguous assignment of observed AF activity to the algae in microalgal 

extracts requires the use of axenic strains. Although the microalgae strains provided 

were sold as axenic, they in fact contained bacteria that were extremely challenging to 

remove. None of the methods used was successful in removing bacteria from the 

microalgal cultures.  

It was not possible to generate discrete microalgal colonies on agar plates because the 

organisms exhibited filamentous growth, which was probably due to EPS production 

facilitating gliding motility and the generation of cell aggregates (Lind et al., 1997). 

Although the serial dilution method seems to be effective in separating microalgal 

species one from another (Andersen et al., 2005), it does not seem to be suited to 

isolating microalgae from contaminating bacteria. Cell concentrations of contaminating 

bacteria may well exceed those of the target microalgal species, which means that 

bacteria will still be present in suspension at dilutions where there are no microalgal 

cells (Andersen et al., 2005). The efficacy of the serial low g centrifugation method is 

dependent on there being no physical association between the microalgal and bacterial 

cells. The fact that this method failed to work suggests that some bacterial cells were 

attached to the microalgae: the production of EPS might play a role as bacterial cells 

could be embedded in it (Staats et al., 1999; Bruckner et al., 2009). Safe EPS removal 

from microalgal cultures remains challenging: Staats et al. (1999) specified that water-

insoluble EPS necessitated the use of sodium hydroxide (NaOH), 

ethylenediaminetetraacetic acid (EDTA) and sulfuric acid (H2SO4), ultrasonication or 

hot water extraction, often resulting in cell damage (Bruckner et al., 2009). Boric acid 

was chosen for a decontamination trial because it is known to exhibit antibacterial and 

antifungal activities in biomedical studies (De Seta et al., 2009; Haesebrouck et al., 

2009): concentrations between 5 to 25 g L-1 exerted a biocidal effect against various 

pathogenic bacteria and yeasts. Boric acid is also an essential micronutrient for the 

growth of plants, and is a component of Bold’s Basal medium for freshwater microalgae 

(Bischoff et al., 1963). It is commonly found in water bodies: the average concentration 

in surface waters has been reported to range from 0.001 mg L-1 to 5 mg L-1 (Sprague, 

1972). However, it appeared to be very toxic to the microalgae studied. It is possible 
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that the concentrations used here in an attempt to eliminate bacterial cells were too high, 

leading to algal cell death. The concentrations and exposure time selected for the 

antibiotic treatment selected are fairly standard to previous studies (Andersen et al., 

2005; Le Chevanton et al., 2013), but it was also found to be toxic to the microalgae 

studied. It is possible that exposure time was too long and/or the antibiotic 

concentrations too high for the nature of our microalgae cells.  

It has been pointed out that some microalgae cultures may die when made 

axenic, probably due to an obligate symbiotic relationship with their co-occuring 

bacteria (Barsanti & Gualteri, 2006). For instance, it has been noticed that axenic 

microalgal cultures exhibited sublethal effects such as the decrease in cell size, clump 

formation and slow growth followed by absence of growth after sub-culturing 

(Bruckner et al., 2009). In fact, the microalgal growth and the EPS production necessary 

for biofilm-formation by microphytobenthic strains seem to depend on the presence of 

associated bacteria, which can produce soluble substances that impact on microalgal 

physiology (Bruckner et al., 2011). The results obtained after the various 

decontamination attempts suggest that there could be an obligate relationship between 

the microalgae selected and associated bacteria. The subsequent experiments were 

conducted on non-axenic cultures while Chapter 5 describes studies on the culture-

associated bacteria.  
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3.4.2. Antifouling activity of crude extracts from exponential phase and stationary 

phase cultures of Thalassiosira pseudonana, Cylindrotheca closterium and 

Exanthemachrysis gayraliae 

 

The microalgal strains studied were selected based on their ability to produce 

allelopathic chemicals, such as polyunsaturated aldehydes (PUA), with biological 

activities as recorded in previous studies (Robles Medina et al., 1998; Romano, 2003; 

Adolph et al., 2004; Spolaore et al., 2006; Ribalet et al., 2008; Uchida et al., 2010; 

Balestra et al., 2011; Ianora et al., 2011; Leflaive et al., 2011). The microalgal extracts 

did exhibit antibacterial activity against a number of bacterial species even at the lowest 

concentrations tested (0.05 µg mL-1). However, dose-response was rarely observed and 

this issue is discussed in 3.4.4. The bacteria targeted are known to be involved in 

biofilm formation, therefore these microalgal extracts could constitute a good starting 

point for further investigation of AF activity against microalgae and macrofoulers. The 

results show that the growth phase of microalgal cultures had an impact on the 

bioactivity of the extracts: for each extract, the range of organisms inhibited as well as 

the inhibitory concentrations varied. For instance, in our study acetone extracts from T. 

pseudonana at stationary phase were particularly effective against six bacterial strains 

(A. baumanii, V. aestuarianus, S. putrefaciens, P. elyakovii and P. fluorescens). This 

confirms the results from previous studies showing that growth phase has an impact on 

the biosynthesis of active molecules (Armstrong et al., 1991; Douglas et al., 1992; 

Borowitzka, 1995; Donato et al., 2003). It appears that microalgae growing in the 

absence of stress at their optimum rate produce less allelopathic substances than when 

growth rate declines due to nutrient limitation or other stress (Granéli & Johansson, 

2003). For instance, PUA production by Skeletonema marinoi cells was found to be 

growth phase specific, being higher when cultures were in the stationary growth phase, 

or nitrogen or phosphorus limited (Vidoudez et al., 2008; Leflaive et al., 2009). In the 

same way, lipids, protein and carbohydrate contents in T. pseudonana and T. weissflogii 

reached maximum concentrations at late exponential and stationary phase (Garcia et al., 

2012). It was also shown that total lipid content of C. closterium was higher at 

stationary phase (Li et al., 2014; Ying, Kang-sen, & Shi-chun, 2002). Many factors can 

stimulate the production of secondary metabolites during the stationary phase, including 

nutrient limitation, light limitation due to increased cell density (self-shading), 

increasing pH, accumulation of metabolic waste products and autoinhibitors that are 
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secreted by some species (mostly diatoms), and increased competition with associated 

microflora that benefits from the rich carbon source released by microalgal cell lysis 

(Creswell, 2010).  

Stationary phase cultures have the greatest potential when searching for bioactive 

molecules with a wide spectrum of inhibition and a low inhibitory concentration. 

However, factors responsible for the stress to which the organism is exposed at this 

stage and that ultimately lead to the production of bioactive extracts are diverse. Besides, 

these factors cannot be controlled in order to optimize the repeatability of the results. 

Control conditions need to be recognised and applied by determining a fixed harvesting 

time. This is especially important when studying the impact of external factors on the 

production of bioactive metabolites. For these reasons, it was decided that cells would 

be harvested during the late exponential phase before they begin to enter the stationary 

phase, which usually corresponds to a cell density of about 106 cells mL-1. 
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3.4.3. Impact of biotic and abiotic stresses on the antifouling activity of crude 

extracts from marine (Cylindrotheca closterium, Thalassiosira pseudonana) 

and freshwater (Desmodesmus armatus and Pediastrum sp.) microalgae 

 

Bioactive extracts produced by microalgae cells have multiple ecological 

functions in chemical defence (predation, allelopathy and antipathogens) and 

communication (Ianora et al., 2011). The aim of this study was to have a better 

understanding of the chemically mediated ecological responses to external stresses and 

investigate the potential of the bioactive extracts produced by microalgae as AF agents.  

All crude extracts of selected microalgal strains successfully inhibited fouling 

organisms target from bacteria to photosynthetic organisms and invertebrates (down to 

0.05 µg mL-1). As in the previous study, dose-response was rarely observed and this 

issue is discussed in 3.4.4. The AF activity recorded was remarkably affected by the 

abiotic and biotic stresses applied. 

 
 

3.4.3.1. Marine microalgae subject to competition and dark stress 

 

The competition and dark stresses applied to the cultures of T. pseudonana and 

C. closterium increased the AF activity of the crude cell extracts, with a broader 

spectrum of activity at low inhibitory concentrations.  

The intra-specific competition induced by high cell density could have increased 

chemical interactions within the microalgal culture, through allelopathy and chemical 

defence. This could have triggered the production of allelochemicals (such as PUA) 

with biological activities that can cause reproductive failure, degenerative processes and 

growth inhibition, but that can also stimulate growth (Leflaive et al., 2009; Roy et al., 

2013), as observed in the freshwater F. pinnata and D. armatus. In relation to dark 

stress, it is important to recognise that the microalgal strains were cultivated under 

continuous light, and were acclimated to this regime. Photoacclimation to high 

irradiance affects cell pigmentation with high carotenoid concentrations relative to 

chlorophyll a (Falkowski & Raven, 2007): carotenoids do not efficiently transfer 

photoexcitation energy to the reaction centre, and, consequently act as screen from 

excess light. Photoacclimation is often related to changes in the abundance and 

composition of not just photosynthetic pigments, it also affects carbon fixation, 

respiration rates, cell volume, and the chemical composition of the organism more 
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generally (Falkowski et al., 2007). This can explain how a sudden transfer into 48 hours 

darkness can affect the metabolic pathways of these microorganisms entrained to 

continuous light. In addition, heterotrophic bacterial growth could have been favoured 

under the dark stress, increasing the production of metabolites through chemical 

defence, which in this case inhibited the growth of two test bacteria. 

Overall, extracts from T. pseudonana showed promise as a source of AF extracts, with 

the mixture of compounds extracted with methanol and acetone providing good yields 

and showing broad AF activity across a range of concentrations. When comparing these 

results with those of previous experiments (see 3.4.2), however, it seems that the 

antibacterial activity is not reproducible from one experiment to the next, as no bacterial 

growth inhibition was observed for extracts from control cultures. This suggests that the 

production of extracts with AF activity is not very stable, which needs to be taken into 

consideration for future applications. 

Just as for T. pseudonana, and for the same reasons, the extracts from C. closterium 

hold promise, especially the mixture of compounds extracted with acetone, which 

suggests that the compounds of interest could be of intermediate polarity. Extracts from 

C. closterium inhibited its own growth, and, may therefore act as allelopathic molecules, 

perhaps for growth regulation in an unfavourable environment such as competition for 

space and nutrients (Leflaive et al., 2009). Once again, however, these results do not 

seem reproducible as no antibacterial activity was recorded in extracts from the control 

conditions whereas, in the previous experiment, each crude extract of the exponential 

phase culture inhibited at least one bacterium. However, similar bacteria (V. 

aestuarianus and P. elyakovii) were inhibited by acetone extracts from competition 

stressed cultures and by crude extracts from stationary phase. These two culture 

conditions might reproduce the same type of stress i.e. competition for space, light and 

nutrients, leading to the production of allelopathic molecules to control the intra-

specific growth, but also the heterotrophic growth of any associated microflora 

(Buhmann et al., 2012).  

 

3.4.3.2. Freshwater microalgae subject to predation 

 

The cladoceran Daphnia was chosen for the study of predation stress in these 

experiments because of their role as key grazers in freshwater environments (Leflaive et 

al., 2009). Both D. armatus and Pediastrum sp. grown under control conditions 
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exhibited remarkable AF activity against bacteria, photosynthetic organisms and 

barnacle larvae, at concentrations as low as 0.05 µg mL-1. However, the presence of 

Daphnia seems to interfere in the metabolic pathways of both freshwater microalgae 

studied: the crude extracts exhibited less activity than the controls. For instance, 

although D. armatus methanol extracts from control cultures inhibited marine bacteria, 

macroalgae and were toxic to barnacle larvae, extracts from stressed cultures only 

inhibited the settlement of barnacles. The same was observed with Pediastrum sp. 

methanol extracts where extracts from stressed cultures recorded no activity. Some 

studies have shown phenotypic plasticity in these strains in response to grazers, with the 

tendency for decreased cell size for Pediastrum sp. and colony formation for 

Desmodesmus armatus when exposed to infochemicals produced by predators 

(Carotenuto, 2004; Rojo et al., 2009). It is possible that the defence mechanisms of 

these strains relies only on physical deterrence (colony formation), and is not 

complemented by chemical defence, perhaps because too much energy is dedicated to 

the phenotypic transformation. Indeed, it has been concluded that the negative influence 

of colony formation of some Desmodesmus species on population growth of Daphnia 

resulted directly from the changed algal morphology rather than any change 

biochemical composition (increased fatty acid concentration) (Lürling et al., 1997). It is 

also possible that the introduction of a specific predator could trigger the production of 

a chemical defence secondary metabolite with a more targeted activity. For example, as 

in some marine diatoms, a wound-activated production of polyunsaturated aldehydes 

has been reported for some freshwater species, such as Fragilaria sp. and Gomphonema 

parvulum, however, a role in defence could not be confirmed, as there were no signs of 

deterrence of Daphnia (Carotenuto et al., 2005). In the experiments conducted as part of 

the present study, the crude microalgal extracts were not tested against the predator 

therefore no information was obtained about the production of Daphnia-specific 

bioactive extracts.  

Despite the interesting AF activity recorded, the growth of these freshwater microalgae 

species was very challenging and obtaining a sufficient biomass to work with was 

extremely time-consuming. For these reasons, they were removed from further 

investigations and the focus was moved to marine microalgae. In order ensure the 

repeatability of the results obtained, a replicated experiment was carried out with three 

marine strains, and the impact of darkness on the AF activity of acetone crude 

microalgal extracts was studied, including the use of metabolomic profiling. 
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3.4.4. Impact of dark stress on antifouling activity of crude microalgal extracts from 

Cylindrotheca closterium, Thalassiosira pseudonana and Porphyridium 

purpureum, and metabolic profiling analysis. 

 

 The microalgal strains investigated proved to be promising producers of AF 

agents and external factors such as dark stress affected the production of secondary 

metabolites with improved AF activity. However, repeatability of these promising 

results needs to be monitored in order to ensure the reliability of the selected microalgal 

strains and of the culture conditions for optimized AF extracts production. A 

desalination protocol was established to eliminate the residual seawater salts that can be 

responsible for variability in the crude extract yields. No AF activity was recorded in 

the rinsing water from the desalination process. Hence, the protocol was validated to 

avoid further interference of salts in the determination of extracts dry weights and 

subsequent concentration overestimations. However, only a chemical screening by 

HPLC or GC-MS could confirm that no active compounds leached in the rinsing water.  

To ensure the reproducibility of the recorded activity, the crude extracts of four 

replicates cultures subject to dark stress were screened for their AF activity in relation 

to their metabolic contents, which were analysed using multivariate analysis. 

 
3.4.4.1. Antifouling activity 

 

The three microalgal extracts investigated exhibited AF activity against a wide 

spectrum of organisms, inhibiting the adhesion of bacteria, the growth of microalgae, 

the germination of macroalgal spores and the settlement of barnacle larvae. 

Cylindrotheca closterium and Thalassiosira pseudonana could be promising candidates 

for the production of AF extracts in terms of number of organisms inhibited and MIC. 

However, as for previous experiments unusual dose-response effects were observed 

with the extracts from these species. T. pseudonana extract stimulated the adhesion of P. 

irgensii at low concentrations, but totally inhibited it at high concentrations. Such 

biphasic responses have been observed in previous studies in a variety of organisms and 

are described as hormesis, where low levels of a potentially toxic agent could exert a 

stimulatory effect due to homeodynamic responses to stress (Stebbing, 1982, 2009; 

Calabrese, 2009). The C. closterium extract exhibited a non-monotonic dose-response 

effect against biofilm formation of the marine bacteria Polaribacter irgensii and Vibrio 

natriegens, and against spore germination in the macroalga Undaria pinnatifida. 
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Although very unusual, this kind of response has been reported in research on the effect 

of endocrine-disrupting chemicals, involving feedback loops and receptor activation 

(Wetherill et al., 2002; Wozniak et al., 2005; Andrade et al., 2006). The control 

microalgal extracts promoted the settlement of barnacle larvae at 100 µg mL-1 whereas 

at lower concentrations they reduced the settlement or were even lethal. This might be 

explained by the ability of organisms to achieve detoxification only above a threshold 

concentration needed to trigger enzymes involved in that metabolic pathway, such as 

cytochrome P450 oxidase, UDP-glucuronosyltransferase and glutathione S-transferase 

(Dulik & Fenselau, 1988; Gadd, 2000; Fernández et al., 2012).  

The three microalgae species tested (E. gayraliae, C. closterium and L. globosa) 

aggregated in the centre of the experimental wells when exposed to microalgal extracts 

at 100 µg mL-1. One possible explanation for this is that cells were moving away from 

regions of high extract concentration against the walls of the well generated by the 

drying meniscus. The aggregation could be induced by allelochemicals, such as 

decadienal, produced by damaged cells (Pohnert, 2000; Leflaive et al., 2011).  

Exposure of cells to 48 hours of darkness had little observable effect on the AF activity 

of culture extracts. The main effect observed was a reduction of AF activity, which was 

marked in the antibacterial adhesion assays with C. closterium and T. pseudonana 

extracts (Figure 3.7). The mixture of compounds extracted from cultures subject to dark 

stress, however, did not exhibit the same activity against barnacle larvae as the control 

culture extracts. In this case, high concentrations did not promote the settlement. On the 

contrary, a higher mortality rate was observed with Cylindrotheca closterium extracts 

(Figure 3.9a) and the settlement rate was reduced down to 30% with Thalassiosira 

pseudonana (Figure 3.9b) and Porphyridium purpureum extracts (Figure 3.9c). Relating 

these observations to the metabolic profiles might provide clues about the nature of the 

metabolites responsible for the activity recorded. 
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3.4.4.2. Metabolomics 

 

HPLC-based metabolomics in conjunction with multivariate analysis allow the 

analysis of metabolite content patterns of cultured microalgae in response to stress 

(Poulson-Ellestad et al., 2014). This provides a better understanding of the cellular 

metabolic pathways involved in the production or suppression of metabolites at the time 

of harvest (Poulson-Ellestad et al., 2014). In addition, incorporating this approach to AF 

bioassays can help targeting and identify the compounds with AF activity 

(Chandramouli et al., 2013).  

The three microalgal species studied formed clear groups based on their metabolic 

profiles. The centric diatom T. pseudonana was more clearly separated from the pennate 

diatom C. closterium than from the unicellular Rhodophyta P. purpureum. From the 

elution times, the key compounds that separate these species seem to be non-polar, and 

are likely to be metabolites such as lipid derivatives, sterols and fatty acids, or pigments, 

which are proven to be useful as chemotaxonomic markers due to their group-specific 

distribution (Hagerthey et al., 2006). Metabolomic studies that compare metabolite 

contents across species are limited (Huseby et al., 2012). A study suggested the use of 

NMR spectroscopy as a potential method of classification for microalgae and 

successfully showed clear grouping of four species (Dunaliella sp., Amphidinium 

carterae, Phaeodactylum tricornutum and T. pseudonana) based on their metabolic 

fingerprinting (Chauton et al., 2003). Another study using ultraperformance liquid 

chromatography (UPLC) technique successfully differentiated the diatoms Skeletonema 

marinoi and T. pseudonana based on their exometabolite profile (Barofsky et al., 2009).  

Light can affect the products of photosynthesis used to synthesize metabolites, 

influencing pigment and ester concentrations, microalgal biomass and fatty acid 

composition (Li, Lu, Zheng, Yang, & Liu, 2014). It is known to influence pigment and 

ester concentrations, microalgal biomass and fatty acid composition (Li et al., 2014). 

For instance, it was shown that EPA production from Phaedactylum tricornotum was 

increased under low irradiance, whereas excessive light induced photoinhibition that 

ultimately caused lower pigment content (Fernández, Pérez, Sevilla, Camacho, & Grima, 

2000). Exposure to 48 hours of darkness had an impact on the overall metabolite 

content of C. closterium, with decreases in non-polar compounds coupled with the 

production of a compound that eluted at 43.16 min, which, from its UV spectrum, is 

likely to be a chlorophyll-type pigment (data not shown). A significant decrease in some 
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cellular pigments might result from the fact that microalgae cells can metabolize these 

molecules to fuel survival after having used carbohydrate and lipid reserves (Katayama 

et al., 2011). Any correlation of these observations with recorded AF activity of C. 

closterium extracts is made more difficult, both by the unusual dose-responses in the 

bioassays and because the effect of dark stress on the activity was not consistent. As the 

metabolic profiling showed, dark stress caused consistent decline of the production of 

lipid derivatives and chlorophyll-type pigment contents, which might suggests a 

complex AF system involving synergistic effects between multiple molecules (Sevak et 

al., 2012). 

For T. pseudonana, the impact of dark incubation on the metabolite profiles was even 

more marked, increasing the production of compounds eluted at 32.6 min, 43.81 min 

and 44.28 min and decreasing the production of a compound eluted at 36.81 min. These 

different metabolic responses to the dark stress may be adaptive in relation to light 

deprivation, but could also be explained by a breakdown of homeostatic regulation due 

to the depletion of energy reserves (Wolfe et al., 2002). It is also important to note that 

the microalgal cultures studied were not axenic and the transfer into darkness may have 

been beneficial for the growth of heterotrophic contaminants promoting T. pseudonana, 

for example, to produce metabolites that suppress the growth of potential pathogens. 

Hence, the presence of these cells could be responsible for the changed metabolic 

profiles and any new peaks could come directly from the contaminating bacteria. The 

observed AF activities of T. pseudonana would not seem to be linked to the metabolites 

that were up-regulated in response to dark stress.  The results, however, suggest that the 

compound responsible for antibacterial activity, which was lost from extracts of dark 

stressed cultures, could be the one negatively affected by the stress: i.e the compound 

eluted at 36.81 min that, according to the UV spectrum (data not shown), could be a 

carotenoid.  

P. purpureum, however, did not seem to respond to dark stress, but this could be an 

artefact of growth. Cells of this unicellular alga have a tendency to form clumps in 

culture where they are encapsulated in thick EPS layers (Fattarusso & Piatelli, 1980; 

South & Whittick, 1987). Such clumping reduces light availability to certain cells and 

impacts on the uniformity of access to nutrients. Each cell, therefore, can then be 

affected differently according to its position within the clump, causing important 

variability amongst metabolic profiles. For this reason, P. purpureum is not a good 

candidate for the controlled production of metabolites in culture. 
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Regarding the activity recorded against barnacle larvae, the main difference observed 

between the extracts from both cultures conditions is common to the three species: no 

settlement promotion was observed at 100 µg mL-1 of dark stressed extracts. However, 

the results have shown that the three microalgae species have very distinct chemical 

signatures, whether they were grown under normal conditions or subject to 48 hours 

darkness. This suggests complex synergistic effects between compounds produced and 

compounds affected by the dark stress (Sevak et al., 2012), which may act as chemical 

cues towards target organisms. Especially, the extracts from culture conditions could 

have contained chemicals that triggered mechanisms of detoxification at a threshold 

concentration of 100 µg mL-1 (Fernández et al., 2012). However, this could also 

highlight limitations of the method since the compounds responsible for these biological 

activities might not to be detectable in the chromatographic window selected. 
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3.4.5. Antifouling activity of crude extracts from Pleurochrysis roscoffensis and 

Exanthemachrysis gayraliae 

 

3.4.5.1. Antibacterial assay 

 

The newly developed method allowed the observation and analysis of contrasting 

effects, which would not have been noticed using classical bioassays. For example, E. 

gayraliae extract reduced the growth of H. aquamarina while significantly promoting 

biofilm formation, and the microalgal extracts also promoted growth of other bacterial 

strains while significantly reducing the adhesion of cells. It is possible that the initial 

bacterial population comprises sub-populations of cells with distinct colonization 

phenotypes (i.e. biofilm forming cells and planktonic cells) and that the observed effect 

of the extract could be the result of selection for or against a pre-existing phenotype 

within the population. Alternatively the observed effect could be due to a change in the 

colonization phenotype of cells brought about by the presence in the microalgal extract 

of compounds involved, for example, in QS (Whitehead et al., 2001; Lynch et al., 2002; 

Steinberg et al., 2002; Liaqat et al., 2014). Indeed, in one case, when H. aquamarina 

cells were exposed to 10 and 100 µg mL-1 of E. gayraliae extract, their phenotype 

seemed to be converted into biofilm forming cells. In contrast, exposure of P. irgensii 

and V. natriegens to 100 µg mL-1 of microalgal extract might have promoted conversion 

to a planktonic phenotype: growth was promoted, with a poor tendency to attach to the 

surface. As E. gayraliae extract showed activity against two species of bacteria, another 

bioassay was performed using a mixed culture. In mixed culture, biofilm formation was 

significantly reduced at high concentrations of microalgal extract, but the growth of 

bacteria was not negatively nor positively affected and neither was there any cell 

aggregation. This reduction in biofilm formation might possibly be due to cell-to-cell 

signalling interactions between the two species (Winans & Bassler, 2002; Liaqat et al., 

2014): molecular tools such as real-time quantitative PCR could be used to quantify the 

relative inhibition of each of the species in this competitive environment (Bacchetti De 

Gregoris et al., 2011). 
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3.4.5.2. Antimicroalgal assay 

 

The new bioassay method highlighted that reductions in microalgal biofilm 

formation were complemented by a reduction in growth. This raises the question of 

ecotoxicity evaluation for a product eliciting such an effect, which is an important 

consideration for eco-friendly AF formulations and was measurable using the multi-

functional bioassay described here. P. purpureum showed a different behaviour when 

exposed to 100 µg mL-1 of either microalgal extract: they formed clumps and gathered 

in the middle of the well, suggesting a defence mechanism and a repellent effect. For H. 

coffeaeformis, a key fouling species, the same phenomenon was observed when exposed 

to 100 µg mL-1 of E. gayraliae extract. In the multispecies assays, although the extracts 

still affected both behaviour and spatial distribution of microalgae cells, the AF activity 

recorded was weakened possibly due to multispecies interactions (Burmølle et al., 2006, 

2014). Only P. roscoffensis extracts significantly inhibited the adhesion of the mixture 

of microalgal cells. This is a very important aspect to consider prior to field-tests in the 

marine environment, as a product sensitive to interactions between organisms in the 

laboratory is less likely to be effective in the field and should be eliminated from further 

consideration (Bressy et al., 2010).  

  



Investigating	  the	  antifouling	  activity	  of	  microalgal	  extracts	  
	  

	   159	  

3.5. Conclusions 

 

The experiments described in this chapter provided a better understanding of the 

microalgal strains studied in the laboratory, especially about changes that occur as a 

result of altered growth phase or culture conditions.  

After several unsuccessful attempts to obtain axenic cultures, it was concluded that this 

objective is extremely difficult to achieve and that the association with bacteria could be 

somehow essential for microalgal development. A more detailed study of this 

association is described in Chapter 5, which reports results that examine the role of co-

occurring bacteria in the bioactivity of the microalgal extracts obtained.  

All microalgal cultures studied produced extracts that exhibited AF activity against at 

least one group of fouling organisms, however, it was rarely dose-dependent and 

sometimes stimulated the tested organisms. This study also showed the importance of 

growth phase and culture conditions on the recorded AF activity of the extracts. But 

replicate experiments showed different outcomes, with control cultures having better 

AF activity than stressed ones.  

The metabolomic approach, coupled with rapid bioassays, is an ideal tool for studying 

the impact of an external stress, targeting active compounds and monitoring the stability 

of production. In our study, it helped demonstrate the potential of two microalgae 

species as antifoulant producers, T. pseudonana and C. closterium. They exhibited AF 

activity efficient against a wide spectrum of fouling organisms at concentrations as low 

as 0.01 µg mL-1.  Hence, further investigation, including biomass production and field-

testing was performed on these species. 
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ABSTRACT 

 

C. closterium and T. pseudonana showed very promising results in previous studies: 

they showed high growth rate, promising AF activity and reproducible results. The next 

step was to perform bioassay-guided fractionation to effectively identify promising 

fractions, and incorporate them into paint formulation for immersion tests. For this 

purpose, large scale cultivation was carried out prior to fractionation. From C. 

closterium, the eluted fraction of intermediate polarity Cc5 and the polar fraction Cc6 

first retained attention for their excellent yields (9.6 % and 13.7%, respectively). Cc5 

additionally effectively separated into semi-purified extracts, which were also 

investigated. Cc5 exhibited remarkable AF activity in the laboratory, with antibacterial 

activity recorded from 0.01 µg mL-1, by inhibiting microalgal cells at 100 µg mL-1, and 

by inhibiting the settlement of the Phaeophyta Undaria pinnatifida from 10 µg mL-1. 

Cc5 demonstrated this activity in the field but only during the first two weeks of 

immersion in Portsmouth. Cc6 did show interesting AF activity against bacteria at 

mostly at 100 µg mL-1 but also at 0.01 µg mL-1, and macroalgal spores at 100 µg mL-1. 

However, significant stimulatory effects on microalgae were also recorded, which were 

exhibited in Portsmouth site as panels attracted algal slime. Still, Cc6 showed surprising 

activity against invertebrates in Toulon site. There results were very promising but they 

did underline the need for further investigation in order to have a better understanding 

of the synergistic effect between compounds, the complex stimulatory effects recorded 

and non dose-dependant response. Finally, there is an urgent need for an optimized 

formulation approach that could prevent high initial release rate.  
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4.1. Introduction 

 

Laboratory-based bioassays developed throughout this study allow the rapid 

screening of a large number of MNPs with potential biological activities against a wide 

spectrum of organisms, tested both individually and jointly. In doing so, several key 

biological processes can be studied using the same inoculum viz. behaviour, adhesion, 

growth, toxicity as well as multispecies interactions. Because biofouling is a naturally 

occurring phenomenon that involves a multifaceted community of organisms, it should 

be approached in a holistic way to provide the understanding of the complex principles 

that determine its evolution. This understanding is needed to underpin the development 

of efficient preventative solutions. Laboratory-based bioassays provide important 

information about the mode of action of the extract tested, the amplitude of the activity 

as well as clues about how the extract might respond in the field where biochemical 

interactions between organisms can condition the formation of biofouling communities 

(Dahms et al., 2009; Burmølle et al., 2014). During the first stage of this research 

project, extracts from microalgae species were screened for their potential AF activity 

and two species emerged as the most promising for further studies in terms of their 

bioactivity and their biomass production: Cylindrotheca closterium AC170 and 

Thalassiosira pseudonana AC589. Bioassay-guided fractionation and purification is a 

very useful method to discover and identify the molecules or group of molecules 

responsible for AF activity (de Nys et al., 1995; da Gama et al., 2008; Hellio et al., 

2009b; Maréchal & Hellio, 2009; Lachnit et al., 2013). In addition, this approach also 

highlights interesting phenomenon such as synergies between compounds (Cedergreen, 

2014). Probable AF synergistic effects were recorded in compounds extracted from 

macroalgae (Sevak et al., 2012), sea stars (Greer et al., 2006) and sponges (Ribeiro et al., 

2011). Ultimately, the bioassays aim to select the most promising compounds for paint 

formulation and field-testing, which are indisputably more ecologically relevant (da 

Gama et al., 2008; Hellio et al., 2009b; Acevedo et al., 2013).  

There are three main groups of protective coatings currently used to prevent 

biofouling by controlled release of active compounds (Almeida et al., 2007; Lejars et al., 

2012): soluble matrix, insoluble matrix, and self-polishing paints (Figure 4.1). Specific 

binders are used in each group to suit the purpose, in which biocides are embedded. For 

example, insoluble matrices use high molecular weight binders such as acrylics or 

epoxy (Yebra et al., 2004). Despite their strong characteristics, the mechanism of 
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biocide release limits their lifetime to 12 months (Almeida et al., 2007). Indeed, the 

dissolution of soluble pigments in seawater forms interconnecting pores through which 

the biocides diffuse (Figure 4.1a). After a certain time the biocide has to diffuse through 

such a thick layer that the release rate falls under the minimum value required to prevent 

fouling (Yebra et al., 2004; Lejars et al., 2012). The formulation of a soluble matrix 

involves the use of rosin-based binders mixed with biocides. In contact with seawater, 

rosin and biocides are simultaneously dissolved and released (Figure 4.1b) (Almeida et 

al., 2007; Lejars et al., 2012). This kind of formulation is simple to manufacture and 

readily applied on bituminous-based primers, but it can be sensitive to atmospheric 

oxidation and has a weak activity in stationary conditions (Yebra et al., 2004). As rosin 

is a natural resin that is obtained from the exudation of trees such as pines, it contains a 

high proportion of acidic compounds like abietic and levopimaric acid that affect its 

stability when exposed to air (Yebra et al., 2004). Also, the carboxyl groups present 

react with sodium and potassium ions in seawater, causing high solubility and high 

dissolution rate. Because of the high erosion rate during the early immersion period, 

soluble matrix fail to maintain AF protection that exceeds 15 months (Almeida et al., 

2007; Lejars et al., 2012). The mechanical properties of rosin-based formulations can be 

improved by using plasticizers and co-binders in controlled depletion polymer coatings 

(Lejars et al., 2012). The ablative mechanism by hydration then dissolution allows to 

control the dissolution rate of the binder and hence the release rate of the biocide, 

resulting in an up to 36 months AF protection (Yebra et al., 2004; Isaza et al., 2011; 

Lejars et al., 2012). Self-polishing co-polymers coatings (SPC) also rely on an ablative 

mechanism (Figure 4.1c). They are acrylic based and easily decomposed by hydrolysis 

in seawater, allowing a regulated leaching rate of the blended biocides as controlled 

binder erosion rate, resulting in an up to 5 years AF effectiveness (Omae, 2003; 

Almeida et al., 2007; Lejars et al., 2012).  

In this work, intensive cultivation of the two selected species (C. closterium and 

T. pseudonana) was used to gather enough material for the study in the laboratory and 

in the field. Bioassay-guided fractionation was conducted on microalgal powder to 

identify and semi-purification was performed on one promising fraction. Then, extracts 

were sent to the University of Toulon (France) where they were formulated into a 

soluble matrix and applied on panels by Mrs Sandra Marceaux and Dr Christine Bressy. 

Immersion tests were conducted in both Toulon and Portsmouth and the AF efficiency 

observed in the field was compared with the results obtained using bioassays. 
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4.2. Materials and methods 

 

4.2.1. Preparation of microalgal extracts  

 

4.2.1.1. Culture of organisms 

 

The microalgae cultures were scaled-up in polycarbonate carboys (Nalgene) in 

order to meet the biomass requirements for field-testing. Using a 10% inoculum in F/2 

medium, C. closterium was cultivated in four carboys of 20 L for 20 days and T. 

pseudonana was cultivated in three carboys of 10 L for 10 days. The cultures were kept 

in a dedicated algal growth room at 20 °C with constant light (incident irradiance: 140 

µmol m-2 s-1) and were shaken every day to ensure resuspension of the cells. As the 

shape of the carboys did not allow efficient gas exchange in the microalgal suspension, 

the cultures were bubbled with pumped (Hailea V-60) filtered air (in-line glass fibre 

filters 0.3µm, Whatman).  

 

4.2.1.2. Extraction process 

 

The extraction process is described in the Figure 4.2. In total, 80 L of C. 

closterium and 30 L of T. pseudonana cultures were harvested by centrifugation. Due to 

the high volume, the first centrifugation was performed in 1 L bottles (30 min, 1000 g, 

4 °C), then the pellets were resuspended, combined and centrifuged again in 50 mL 

tubes (10 min, 1000 g, room temperature) in order to remove as much medium as 

possible. The pellets were desalinated (see Chapter 3, 3.2.5.2) and the cells were 

disrupted using an Ultra-Turrax (IKA T18) for 1 min then the pellets were freeze-dried. 

The resulting microalgal powder (9.42 g for C. closterium and 1.26 g for T. 

pseudonana) was layered on the top of a glass fractionation column (5.0 cm diameter × 

61 cm length) containing from bottom to top: cotton, sand and a suspension of silica 

powder (60 – 200µm) mixed with chloroform, then, the microalgal layer was covered 

with a layer of sand (Figure 4.2). The elution system used is described in the Table 4.1: 

400 mL of each solvent was gently poured on the top of the column before collecting 

the extraction solution of each fraction in a round flask. The solvent was evaporated 

using a rotary evaporator and the dry-weight of each fraction was determined. 
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Figure 4.2: Diagram illustrating microalgal cultivation, extraction for bioassay-guided 

fractionation, semi-purification steps and preparation for paint formulation  

 

 

Table 4.1: Elution system used for the fractionation of microalgal powders and samples 

code.  

Fractions	   Solvents	   C.	  closterium	  samples	   T.	  pseudonana	  samples	  

1	   Hexane	   Cc1	   Tp1	  

2	   Hexane/CHCl3	  50:50	   Cc2	   Tp2	  
3	   CHCl3	  100%	   Cc3	   Tp3	  
4	   CHCl3/MeOH	  75:25	   Cc4	   Tp4	  
5	   CHCl3/MeOH	  50:50	   Cc5	   Tp5	  
6	   CHCl3/MeOH	  25:75	   Cc6	   Tp6	  
7	   MeOH	  100%	   Cc7	   Tp7	  
8	   H2O	  100%	   Cc8	   Tp8	  
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4.2.1.3. Exploratory thin layer chromatography 

 

Each fraction was examined by thin layer chromatographic (TLC) to estimate 

the diversity of molecules present, as well as their properties such as colour and polarity. 

Each sample was applied and separated on two TLC plates with a fluorescent indicator 

(Whatman 20 x 20 cm Partisil LK6F, 250 µm thickness silica gel 60 Å) following a 

process called “spotting” using a microcap along the baseline (Figure 4.3a). Then the 

prepared TLC plates were placed in two developing sealed glass containers containing 1 

cm deep solvent (CHCl3/MeOH 95:5 and CHCl3/MeOH 90:10). After migration, the 

plates were dried and visualized with the naked eye and under UV.  Then a 

multipurpose visualization reagent of p-anisaldehyde, methanol and H2SO4 (88:2:10) 

was sprayed on the TLC plates which were then heated at 100 °C for 15 min. For each 

separated band, the Rf value was calculated by dividing the distance of the band by that 

of the solvent front.  

 
4.2.1.4. Semi-purification by preparative thin layer chromatography 

 

Following the initial TLC analysis, further separation to isolate and recover the 

extracts was attempted by preparative thin layer chromatography (Prep-TLC) (Analtech 

Uniplate 20 x 20 cm, 500 µm thickness silica gel GF). Examination of the TLC profiles 

showed that fraction five of C. closterium (Cc5) was suitable for this type of separation. 

There was reasonable quantity of the fraction and the fraction was not a very complex 

mixture. The fraction was successfully streaked along the spotting baseline (Figure 

4.3b). The prepared plates (17) were developed in TLC tanks with CHCl3/MeOH (95:5) 

and the bands of the separated extracts were identified, then respective bands were 

recovered by scraping the absorbent silica from the plates and bulked together in clean 

beakers (Figure 4.3c). Extracts were then gradually eluted (as flavonoids may bind to 

silica) and collected through a filter (Whatman grade 1) in a round flask with CHCl3 

100%, CHCl3/MeOH (95:5) and MeOH 100% (Figure 4.3c). The solvent was 

evaporated using a rotatory evaporator and the dry-weight was determined. 
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Figure 4.3: (a) Exploratory thin layer chromatography of C. closterium fractions 2 to 8.  

(b) Prep-TLC of C. closterium fraction 5; Mobile phase: CHCl3/MeOH (95:5); 

Arrows: migration over time. (c) Semi-purification of extracts from C. closterium 

fraction 5. 

	    

Cc5/10 
Cc5/9 
Cc5/8 
Cc5/7 
Cc5/6 
Cc5/5 
Cc5/4 

Cc5/3 
Cc5/2 

Cc5/1 

Scraping each band  

Elution and filtration 

a 

b 

c 



Antifouling	  bioassay-‐guided	  fractionation,	  semi-‐purification	  and	  field-‐testing	  
	  

169	  
	  

4.2.1.5. Bioassay-guided fractionation 

 

Dried extracts derived following fractionation and semi-purification were each 

recovered in methanol to generate five concentrations of microalgal extract solution 

(0.01, 0.1, 1, 10 and 100 µg mL-1), which were tested against fouling organisms to 

identify the most efficient ones. The bioassays were performed on bacteria, microalgae 

and macroalgae as described in Chapter 2 and 3 (Table 4.2). 

 

Table 4.2: Test organisms used in the bioassay guided fractionation. 

Bacteria	   Microalgae	   Macroalgae	  

V.	  natriegens	   H.	  coffeaeformis	   U.	  pinnatifida	  
P.	  irgensii	   P.	  purpureum	  

	  
S.	  putrefaciens	   E.	  gayraliae	   	  
H.	  aquamarina	   L.	  globosa	  

	  
R.	  litoralis	   C.	  closterium	   	  
P.	  elyakovii	   P.	  roscoffensis	  

	  
V.	  aestuarianus	   	  	   	  	  

 

 

4.2.2. Paint formulation  

 

The extracts selected for paint formulation (Table 4.3) were prepared in 

collaboration with Mrs Sandra Marceaux and Dr Christine Bressy at the University of 

Toulon (France). They were formulated into paint using acrylic resin (Primal SF016) as 

an aqueous binder, titanium dioxide as a white pigment, Disperbyk 190 as a wetting and 

dispersing additive, and Coapur 830W as a thickening agent. For the aqueous phase, 

Primal SF016 was first agitated using a disperser (Dispermat®) for 10 min at 200 rpm, 

before adding titanium dioxide and dispersant and agitating for 25 min at 1000 rpm. 

Biocide was then added to make a representative concentration of 1.5%, 3% and 10% 

(w/v) and the emulsion was briefly agitated (1000 rpm) before adding the thickening 

agent. The emulsion was agitated for 10 min at 1000 rpm, then 10 min at 2000 rpm. 

When the extracts were insoluble in the aqueous phase, one to two drops of propylene 

glycol methyl ether (PGME) were added. When particles were still visible despite 

PGME addition, the extracts were solubilized in ethanol. Zinc pyrithione (ZnPy) was 

used as a co-biocide at 1.5% (w/v) in combination with 1.5% (w/v) of MNPs. For 

comparison, formulations using ZnPy only were also achieved at representative 
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concentration of 1.5%, 3% and 10% as well as a coating composed of the matrix only 

(free of any biocide). As the quantities of MNPs were severely reduced after several 

attempts at solubilisation, not all the MNPs selected could be formulated at the three 

concentrations (Table 4.4). Dark grey panels of PVC (4 × 4 cm) were coated in 

duplicate using a Bar-coater 200 µm. The reversed side of the panels was coated with 

commercial self-polishing copolymer Intersmooth 360, which is a high performance, 

TBT free, AF system with patented Copper Acrylate technology (® International). 

Finally, the edges of the panels were coated with formulation of ZnPy 10%. 

 

Table 4.3: Extracts selected for paint formulation. DW: dry-weight. Red: insufficient 

quantities 

	   Extracts	   C.	  closterium	  DW	  
(mg)	  

T.	  pseudonana	  DW	  
(mg)	  

Crude	  extract	   Acetone	  crude	  extract	   38	   36,8	  

Fractions	  

Fraction	  4	  CHCl3/MeOH	  (75:25)	   -‐	   40,9	  
Fraction	  5	  CHCl3/MeOH	  (50:50)	   560,2	   62,7	  
Fraction	  6	  CHCl3/MeOH	  (25:75)	   1132.8	   91,8	  

Fraction	  7	  100%	  MeOH	   103	   -‐	  

Semi-‐purified	  

Cc5/1	   7	   -‐	  
Cc5/4	   19,6	   -‐	  
Cc5/8	   5,8	   -‐	  
Cc5/10	   47,5	   -‐	  

 

 

Table 4.4: Extracts successfully incorporated into paint formulation (% w/v) 

	   1.5%	  MNPs	  +	  1.5	  %	  ZnPy	   3%	  MNPs	   10%	  MNPs	  

C.	  closterium	  

CcA	   -‐	   -‐	  
-‐	   -‐	   Cc5	  

Cc6	   Cc6	   Cc6	  
Cc7	   Cc7	   -‐	  

Cc5/10	   -‐	   -‐	  

T.	  pseudonana	  
Tp4	   -‐	   -‐	  
Tp5	   -‐	   -‐	  
Tp6	   Tp6	   -‐	  
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4.2.3. Immersion tests 

 

The panels were immersed at Gunwharf Quays Marina of Portsmouth, UK 

(50°47’42”N 01°06’29”W) and in Toulon, France (43°06’25”N 05°55’41”E) from the 

7th June 2012 at approximately 2 m depth.  

 

4.2.3.1. Portsmouth, UK 

 

The panels were installed on 2 metal frames, which were then immersed where they 

were exposed to sun and tide. One duplicate was oriented towards East and the other 

one towards Southeast. Pictures of each panel were taken weekly for 6 weeks. 

Environmental data were also recorded. 

 

4.2.3.2. Toulon, France 

 

This work was kindly performed by Dr Bressy. The panels were fixed on a metal 

frame, which was immersed towards the sun and the tide. The panels were inspected 

weekly for 8 weeks (except week 3) then every two weeks for 1 month. During 

inspection, the panels were rinsed with a water jet to remove soft fouling and pictures 

were taken. Environmental data were also recorded. 

A biological assessment was performed following the procedure described in Camps et 

al. (2014), where colonising species were recorded (such as biofilm, algae and 

invertebrates) then corresponding percentages of coverage were determined. A gravity 

factor (G) score was attributed according to the species recorded: soft foulers such as 

slime and algae were noted with a low score whereas hard shell foulers such as 

barnacles were noted with the highest score (Table 4.5). A score was also attributed to 

the intensity factor (I) depending on the percentage of coverage determined for each 

group of organism: a coverage exceeding 60% recorded the highest score (Table 4.5).  

The index N, that defines the performance of an AF coating (Camps et al., 2014), was 

then calculated as: 

𝑁 = 𝐼×𝐺  
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Table 4.5: Description of the scores of the gravity factor G and the intensity factor I 

(Camps et al., 2014). 

	  	   Description	   Score	  

Gravity	  factor	  G	  	  

Biofilm	   0	  

Slime	  +	  non	  adhesive	  algae	   1	  

Adhesive	  algae	  (phaeophyta,	  chlorophyta	  and	  
rhodophyta)	  

2	  

Non	  encrusting	  species	  (tunicates,	  ascidians,	  
hydrozoa,	  calcareous,	  sponges,	  soft	  bryozoa)	   3	  

Encrusting	  species	  (barnacles,	  hard	  bryozoa,	  
spirorbis,	  tube	  worms)	   5	  

Intensity	  factor	  I	  
(%	  coverage)	  

Up	  to	  10%	   1	  

10	  to	  20%	   2	  

20	  to	  40%	   3	  

40	  to	  60%	   4	  

60	  to	  100%	   5	  
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4.3. Results 

 

4.3.1. Preparation of the microalgal extracts 

 

4.3.1.1. Fractionation of Cylindrotheca closterium and Thalassiosira 

pseudonana 

  

Eight fractions of C. closterium and four fractions of T. pseudonana were 

collected after elution from the chromatographic columns (Table 4.6 and 4.7). For each 

alga, three fractions were recovered with large yields: Cc5, Cc6, Cc7 and Tp4, Tp5, Tp6. 

Cc6 in particular was recovered at a highest yield of recovered extract from microalgae 

powder (13.7%, w/w). These fractions were then selected based on their yields for 

bioassays and incorporation into paint formulation. 

 

4.3.1.2. Exploratory thin layer chromatography 

 

4.3.1.2.1. Cylindrotheca closterium 

 

The exploratory thin layer chromatography of C. closterium fractions showed 

that the fraction 5 was composed of several coloured extracts across a large polarity 

range (Figure 4.4 a to d). The UV lamp did not permit to highlight any additional 

extracts (Figure 4.4b). Fractions 2 to 4 were either too non-polar to be separated in this 

elution system, or were composed of only one non-polar extract (Figure 4.4d). There 

was not enough material to perform another TLC with a different elution system. The 

fraction 6 (Cc6) also contained several extracts, but they were poorly separated in this 

elution system. Another TLC was run using CHCl3/MeOH (90:10), but it did not result 

in an increased resolution (results not shown). There is a chance that the extracts visible 

in Cc6 could be derived from the elution of the previous fraction Cc5, as supported by 

the similar nature of the spots and the close Rf values (Figure 4.4c, arrows).  

Fractions 7 (Cc7) and 8 (Cc8) were too polar and thus did not migrate from the origin. 

When compared to crude acetone extract (CcA), which showed interesting AF activity 

previously against bacteria, microalgae, macroalgae spores and barnacle larvae (see 

Chapter 3, sections 3.2.2, 3.3.1 and 3.4.3), it can be noticed on the TLC that the fraction 

5 seems to share two common extracts with similar yellow feature and close Rf values 
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(Figure 4.5, arrows). Hence, the fraction Cc5 was selected for semi-purification by 

prep-TLC. 

 
 
 
 
Table 4.6: Dry weight and yields ( !"#$!!  𝑓𝑟𝑎𝑐𝑡𝑖𝑜𝑛

!"#$!!  !"#$!  !"##$
  ×  100) of each fraction recovered 

from fractionation of C. closterium (Cc) powder. 

Fractions	   Extract	  weight	  (mg)	   Yields	  (%)	  

Cc1	  	  -‐	  	  Hexane	   <	  0.1	   <	  0.1	  
Cc2	  	  -‐	  	  Hexane/CHCl3	  50:50	   <	  0.1	   <	  0.1	  
Cc3	  	  -‐	  	  CHCl3	  100%	   0.7	   <	  0.1	  
Cc4	  	  -‐	  	  CHCl3/MeOH	  75:25	   3	   <	  0.2	  
Cc5	  	  -‐	  	  CHCl3/MeOH	  50:50	   867	   9.6	  
Cc6	  	  -‐	  	  CHCl3/MeOH	  25:75	   1236	   13.7	  
Cc7	  	  -‐	  	  MeOH	  100%	   148.1	   1.6	  
Cc8	  	  -‐	  H2O	  100%	   24.4	   0.3	  

 

 

 

 

Table 4.7: Dry weight and yields ( !"#$!!  𝑓𝑟𝑎𝑐𝑡𝑖𝑜𝑛
!"#$!!  !"#$!  !"##$

  ×  100) of each fraction recovered 

from fractionation of T. pseudonana (Tp) powder. 

Fractions	   Extract	  weight	  (mg)	   Yields	  (%)	  

Tp1	  	  -‐	  	  Hexane	   <	  0.1	   <	  0.1	  

Tp2	  	  -‐	  	  Hexane/CHCl3	  50:50	   <	  0.1	   <	  0.1	  
Tp3	  	  -‐	  	  CHCl3	  100%	   <	  0.1	   <	  0.1	  
Tp4	  	  -‐	  	  CHCl3/MeOH	  75:25	   41.7	   3.3	  
Tp5	  	  -‐	  	  CHCl3/MeOH	  50:50	   73.6	   5.8	  
Tp6	  	  -‐	  	  CHCl3/MeOH	  25:75	   105.4	   8.3	  
Tp7	  	  -‐	  	  MeOH	  100%	   <	  0.1	   <	  0.1	  
Tp8	  	  -‐	  H2O	  100%	   <	  0.1	   <	  0.1	  
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Figure 4.5: Exploratory TLC. Comparison between fraction 5 (Cc5) and crude acetone 

extract (CcA) from C. closterium. Arrows: possible common extracts present in Cc5 

and CcA with corresponding Rf values. 

  

Cc5 

Rf = 0.45 

Rf = 0.17 
Rf = 0.22 

Rf = 0.48 



Antifouling	  bioassay-‐guided	  fractionation,	  semi-‐purification	  and	  field-‐testing	  
	  

177	  
	  

4.3.1.2.2. Thalassiosira pseudonana 

 

The TLC performed on eluted fractions from column chromatographic 

separation of T. pseudonana was more difficult to interpret due to heavy spotting 

(Figure 4.6a to d). Due to a lack of biological material, only fractions Tp4, Tp5 and Tp6 

could be studied. Tp6 was too polar to migrate from the origin in this elution system 

(Figure 4.6a to d). A trial with the solvent system CHCl3/MeOH (90:10) was not more 

informative. The exploratory TLC showed that the fractions Tp4 and Tp5 contained 

several different extracts separated along the plate: for Tp4 most of them were visible 

(Figure 4.6a to d), whereas the ones in the fraction Tp5 needed to be revealed by 

treatment with p-anisaldehyde and heat (Figure 4.6d). This suggests that the two 

fractions do not share common extracts. Two extracts in Tp5 were also revealed by the 

UV lamp as well as by the reagent (Figure 4.6b and d, arrows). 

The comparison of T. pseudonana fractions with the acetone crude extract TpA did not 

show any common extracts. No semi-purification was carried-out as the quantities of 

product were too low.  

 

4.3.1.3. Semi-purification of Cc5 

 

The fraction 5 of C. closterium was separated by Prep-TLC and 10 extracts were 

semi-purified (Figure 4.3c). The Rf value of each isolated extract was recorded (Table 

4.8). Only 6 extracts were used in the following bioassays due to limited quantities: 

Cc5/1, Cc5/3, Cc5/4, Cc5/8, Cc5/9 and Cc5/10. 

 
Table 4.8: Dry weight of the semi-purified products from further separation of Cc5 with 

corresponding Rf values. 

Semi-‐purifed	  Extracts	   Dry	  weight	  (mg)	   Rf	  values	  

Cc5/1	   7.3	   0.12	  

Cc5/2	   <	  0.1	   0.35	  
Cc5/3	   4.4	   0.39	  
Cc5/4	   22.6	   0.50	  
Cc5/5	   <	  0.1	   0.65	  
Cc5/6	   <	  0.2	   0.69	  
Cc5/7	   <	  0.3	   0.83	  
Cc5/8	   7.4	   0.87	  
Cc5/9	   5.1	   0.90	  
Cc5/10	   50.3	   0.96	  
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4.3.2. Laboratory screening for antifouling activity 

 

4.3.2.1. Cylindrotheca closterium fractions and semi-purified extracts 

 

4.3.2.1.1. Antibacterial assays 

 

The fractions obtained from the chromatographic column elution of C. 

closterium exhibited diverse antibacterial activity such as adhesion/growth inhibition, 

reduction and even promotion: significant activities (p < 0.05) observed for each 

organisms tested are presented in the Table 4.9. No growth inhibition was recorded, 

however, total adhesion inhibition of V. natriegens and P. irgensii was observed with all 

the fractions tested at MIC = 100 µg mL-1. A significant adhesion reduction was also 

observed at 1 µg mL-1 for Cc3 and 10 µg mL-1 for Cc4 and Cc5, suggesting a dose-

response effect. Significant adhesion reductions were recorded for S. putrefaciens when 

exposed to the highest concentration of Cc3 to Cc6 (100 µg mL-1), while it was 

completely inhibited by Cc7 and Cc8. An unusual dose-response was observed with H. 

aquamarina when exposed to Cc3 to Cc6:  the lowest concentrations (0.01 and 0.1 µg 

mL-1) significantly reduced biofilm formation and the effect of higher concentration did 

not differ from control - except for Cc6 at 100 µg mL-1 - but it was completely inhibited 

by 100 µg mL-1 of Cc7 and Cc8. A further unusual dose-response was observed with R. 

litoralis exposed to Cc3 to Cc6, where significant adhesion reduction was observed at 

low concentrations followed by increased biofilm formation (up to ×24) at higher 

concentrations. Fractions Cc7 promoted the adhesion of R. litoralis at 10 µg mL-1 (×11) 

whereas 100 µg mL-1 was inhibitory. Fraction 8 was also effective against R. litoralis by 

reducing the adhesion from 0.01 to 1 µg mL-1 and by totally inhibiting the adhesion at 

100 µg mL-1, but no significant adhesion reduction was recorded at 10 µg mL-1. 

Regarding P. elyakovii, fractions Cc3 to Cc5 stimulated biofilm formation between 10 

and 100 µg mL-1 (up to ×22), whereas it was totally inhibited by fractions Cc6 to Cc8. V. 

aestuarianus was the most resistant strain to the extracts tested as the only significant 

effect recorded was adhesion promotion (up to ×7) at high (Cc3 to Cc5) or intermediate 

concentrations (Cc6 and Cc7). In multispecies assays, only Cc7 maintained its 

bioactivity at 100 µg mL-1, but to a lesser extent as it only reduced the adhesion of the 

bacterial mixture targeted by 68% as opposed to total inhibition.  
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Overall, extracts with low and intermediate polarity Cc3, Cc4 and Cc5 exhibited 

interesting activities against five bacteria, reducing the bacterial adhesion of H. 

aquamarina and P. irgensii at the lowest concentration tested (0.01 µg mL-1). However, 

the activity was not dose-dependant. The most polar extracts Cc6 and Cc7 and Cc8 

showed activity mainly at the highest concentration (100 µg mL-1) but are still 

promising as the inhibition was more intense and less stimulatory effects were observed. 

Also Cc7 maintained a good activity against the biofilm formation of mixed species. 

Due to limited quantities, only Cc5, Cc6 and Cc7 were selected for further studies. 
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Table 4.9: Antibacterial assays of fractions from C. closterium.  

The significant bioactivity relative to control (p < 0.05, n = 6) against adhesion (A) is 

displayed. Black = percentage of adhesion inhibition; bold = total inhibition (≥ 90%); 

red = adhesion promotion with corresponding stimulation factor; - = no activity at 

the concentrations tested. 

	  Samples	   Concentration	  
(µg	  mL-‐1)	   Vn	   Pi	   Sp	   Ha	   Rl	   Pe	   Va	   Mix	  

Cc3	  	  	  	  	  	  	  	  	  	  	  

0.01	   -‐	  	   	  -‐	   -‐	  	   A:	  69%	   A:	  33%	   	  -‐	   	  -‐	   -‐	  
0.1	   -‐	   	  -‐	   -‐	   A:	  61%	   A:	  30%	   	  -‐	   	  -‐	   -‐	  
1	   A:	  72%	   	  -‐	   -‐	   -‐	  	   A:	  28%	   	  -‐	   	  -‐	   -‐	  
10	   A:	  100%	   A:	  90%	   A:	  22%	   -‐	   A:	  x	  24	   A:	  x	  22	   A:	  x	  5	   -‐	  

Cc4	  	  

0.01	   	  -‐	   -‐	   -‐	   A:	  58%	   A:	  51%	   -‐	   -‐	   -‐	  
0.1	   	  -‐	   -‐	   -‐	   A:	  57%	   A:	  31%	   -‐	   -‐	   -‐	  
1	   	  -‐	   -‐	   -‐	   -‐	  	   A:	  35%	   -‐	   -‐	   -‐	  
10	   A:	  85%	   -‐	  	   -‐	   -‐	   	  -‐	   A:	  x	  12	   -‐	   -‐	  
100	   A:	  100%	   A:	  100%	   A:	  53%	   -‐	   A:	  x	  22	   A:	  x	  19	   A:	  x	  7	   -‐	  

Cc5	  	  

0.01	   -‐	  	   -‐	  	   -‐	  	   A:	  38%	   	  -‐	   	  -‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   A:	  40%	   A:	  31%	   	  -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  	   A:	  35%	   	  -‐	   -‐	   -‐	  
10	   A:	  70%	   -‐	   -‐	   -‐	   A:	  x	  16	   A:	  x	  22	   A:	  x	  5	   -‐	  
100	   A:	  100%	   A:	  100%	   A:	  28%	   -‐	   A:	  x	  22	   -‐	   A:	  x	  3	   -‐	  

Cc6	  	  

0.01	   -‐	  	   	  -‐	   	  -‐	   A:	  49%	   A:	  25%	   -‐	   -‐	   -‐	  
0.1	   -‐	   	  -‐	   	  -‐	   A:	  61%	   A:	  32%	   -‐	   -‐	   -‐	  
1	   -‐	   	  -‐	   	  -‐	   	  -‐	   -‐	  	   -‐	   A:	  x	  7	   -‐	  
10	   -‐	   	  -‐	   	  -‐	   	  -‐	   A:	  x	  14	   -‐	   -‐	   -‐	  
100	   A:	  100%	   A:	  100%	   A:	  57%	   A:	  80%	   A:	  66%	   A:	  100%	   -‐	   -‐	  

Cc7	  	  	  	  	  	  	  	  	  	  	  

0.01	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  x	  5	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  x	  3	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	   A:	  x	  11	   -‐	   -‐	   -‐	  
100	   A:	  100%	   A:	  100%	   A:	  100%	   A:	  100%	   A:	  100%	   A:	  100%	   -‐	   A:	  68%	  

Cc8	  	  	  	  	  	  	  	  	  	  	  	  	  

0.01	   -‐	   -‐	   -‐	   -‐	   A:	  40%	   -‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	   A:	  38%	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	   A:	  42%	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	  
100	   A:	  100%	   A:	  100%	   A:	  90%	   A:	  100%	   A:	  100%	   A:	  100%	   -‐	   -‐	  

Vn = V. natriegens; Pi = P. irgensii; Sp = S. putrefaciens; Ha = H. aquamarina; Rl = R. 

litoralis; Pe = P. elyakovii; Va = V. aquamarina; Mix = V. natriegens + P. irgensii for Cc3, 

Cc4, Cc5, Cc6; V. natriegens + P. irgensii + S. putrefaciens + H. aquamarina for Cc7 and 

Cc8.  
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The antibacterial activity of extracts semi-purified from Cc5 was tested against a 

selection of four bacterial strains due to limited quantities of material available: the 

statistically significant results are presented in the Table 4.10.  

First of all, no total adhesion/growth inhibition was observed using the semi-purified 

extracts, even against V. natriegens and P. irgensii, which were previously completely 

inhibited by fraction Cc5. 

The adhesion of H. aquamarina was reduced when exposed to 100 µg mL-1 of Cc5/1, 

but a stimulatory effect was recorded when in the presence of high concentrations of 

Cc5/3 (growth), Cc5/9 and Cc5/10 (adhesion). An unusual dose-response effect was 

observed with S. putrefaciens for almost all semi-purified extracts where the lowest 

concentration significantly reduced the adhesion but the extracts became stimulatory of 

biofilm formation at 10 and 100 µg mL-1. The same was observed with P. irgensii 

exposed to Cc5/10: biofilm formation was significantly reduced at 0.01 µg mL-1 (Cc5/1, 

Cc5/3) or intermediate concentrations (Cc5/8), but other concentrations were not 

different from control conditions. Only Cc5/4 exhibited a normal dose-response with 

biofilm reduction observed at 100 µg mL-1. Cc5/7 and Cc5/9 were not effective towards 

this bacterial strain. Biofilm formation of V. natriegens was significantly reduced at 

MIC = 100 µg mL-1 using Cc5/1 and Cc5/4, and at MIC = 10 µg mL-1 with Cc5/8 and 

Cc5/10, however, growth and adhesion promotion was recorded at 100 µg mL-1 of 

Cc5/7. The semi-purified extracts Cc5/3 and Cc5/9 had no activity.  

Overall, the bioactivity of the semi-purified extracts greatly differed from the parent 

extract Cc5. For instance, semi-purified extracts exhibited stimulatory effects, more 

unusual does-response as well as growth inhibition, whereas only adhesion inhibition 

was recorded with the parent extract Cc5 against those strains, without stimulatory 

effects. Cc4 appeared to be the most promising as no stimulatory activities were 

recorded, but due to the complexity of the bioactivity, fractions and semi-purified 

extracts were selected for further study based on the quantities available.  
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Table 4.10: Antibacterial assays of semi-purified extracts from fraction 5 of C. 

closterium (Cc5).  

The significant bioactivity relative to control (p < 0.05, n = 6) against adhesion (A) 

and growth (G) is displayed. Black = percentage of adhesion/growth inhibition; red = 

percentage of adhesion/growth stimulation; - = no activity at the concentrations 

tested. 

Samples	  	   Concentration	  
(µg	  mL-‐1)	   Ha	   Sp	   Pi	   Vn	  

Cc5/1	  

0.01	   -‐	   G:	  32%	   A:	  8%	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   A:	  45%	   -‐	   -‐	  
100	   A:	  16%	   A:	  30%	   -‐	   A:	  16%	  

Cc5/3	  

0.01	   -‐	   G:	  24%	   A:	  15%	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   A:	  75%	   -‐	   -‐	  
100	   G:	  29%	   A:	  47%	   -‐	   -‐	  

Cc5/4	  

0.01	  

Not	  tested	  

-‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	  
100	   -‐	   A:	  53%	   A:	  32%	  

Cc5/7	  

0.01	  

Not	  tested	  

-‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	  

100	   G:	  30%	   -‐	   A:	  15%	  
G:	  13%	  	  

Cc5/8	  

0.01	   -‐	   G:	  33%	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   A:	  14%	   -‐	  
10	   -‐	   A:	  50%	   A:	  12%	   A:	  16%	  
100	   -‐	   A:	  85%	   -‐	   A:	  17%	  

Cc5/9	  

0.01	   -‐	   G:	  24%	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   A:	  8%	   A:	  72%	   -‐	   -‐	  
100	   A:	  11%	   A:	  112%	   -‐	   -‐	  

Cc5/10	  

0.01	   A:	  15%	   G:	  41%	   A:	  13%	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   A:	  59%	   G:	  14%	   A:	  24%	  
100	   A:	  22%	   A:	  93%	   G:	  19%	   A:	  18%	  

Ha = H. aquamarina; Sp = S. putrefaciens; Pi = P. irgensii; Vn = V. natriegens. 
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4.3.2.1.2. Antimicroalgal assays 

 

Due to limited quantities, antimicroalgal assays were conducted using only the 

fractions Cc5, Cc6 and Cc7. Significant bioactivities (p < 0.05) are listed in the Table 

4.11. Mainly stimulatory effects were recorded on all the microalgae strains tested with 

the fractions from C. closterium, and often with complex dose-responses. But Cc5 at 

100 µg mL-1 significantly reduced the growth of P. purpureum, and completely 

inhibited the adhesion and the growth of E. gayraliae, C. closterium, P. roscoffensis and 

H. coffeaeformis - the latter with no stimulatory effect at lower concentrations. 

Moreover, the activity was still inhibitory at 100 µg mL-1 (up to 84%) when tested 

against a mixture of organisms. The toxicity tests showed that the antimicroalgal 

activity was biostatic as cells were able to grow normally after being transferred into 

fresh medium (results not shown). Adhesion promotion of L. globosa was observed at 

100 µg mL-1 of Cc5, and cells of P. purpureum and E. gayraliae exposed to 100 µg mL-

1 of Cc5 aggregated and gathered in the centre of the wells (Figure 4.7). Fraction Cc6 

had no effect on H. coffeaeformis and was mainly stimulatory for the other strains tested 

as well as in the multispecies assay. It only reduced the growth of E. gayraliae at 1 µg 

mL-1 by 71%.  Fraction Cc7 reduced the adhesion of E. gayraliae at the lowest and the 

highest concentrations tested, but intermediate concentrations had no effect. It 

stimulatory for the other strains but no activity was recorded in the multispecies assay. 

At concentrations of 100 µg mL-1 both Cc6 and Cc7 fractions caused cell aggregation of 

all microalgae strains studied, as shown in the Figure 4.7, which gathered in the centre 

of the wells, including when mixed together. 

Overall, Cc5 showed the most promising antimicroalgal activity inhibiting five strains 

at 100 µg mL-1, including mixed species.   
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Figure 4.7: Aggregation of cells gathered in the centre of the wells (arrows). Left: E. 

gayraliae; right: P. purpureum. 
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Table 4.11: Antimicroalgal assays of fractions from C. closterium.  

The significant bioactivity relative to control (p < 0.05, n = 4) against adhesion (A) 

and growth (G) is displayed. Black = percentage of adhesion/growth inhibition; bold 

= total inhibition (≥ 90%); red = percentage of adhesion/growth stimulation; shaded 

= aggregation + centre gathering; - = no activity at the concentrations tested. 

Samples	   Concentration	  
(µg	  mL-‐1)	   Hc	   Pp	   Eg	   Lg	   Cc	   Pr	   Mix	  

Cc5	  

0.01	   -‐	   -‐	   G:	  59%	   -‐	   A:	  63%	  
G:	  61%	   -‐	   -‐	  

0.1	   -‐	   G:	  28%	   G:	  69%	   -‐	   A:	  91%	  
G:	  91%	   -‐	   -‐	  

1	   -‐	   -‐	   G:	  55%	   -‐	   A:	  85%	  
G:	  121%	  

A:	  54%	  
G:	  55%	   A:	  72%	  

10	   -‐	   -‐	   G:	  27%	   -‐	   A:	  110%	  
G:	  134%	  

A:	  49%	  
G:	  62%	   A:	  82%	  

100	   A:	  100%	  
G:	  100%	   G:	  32%	   A:	  100%	  

G:	  100%	   A:	  15%	   A:	  100%	  
G:	  100%	  

A:	  100%	  
G:	  100%	  

A:	  84%	  
G:	  70%	  

Cc6	  

0.01	   -‐	   -‐	   -‐	   A:	  233%	   A:	  43%	  
G:	  87%	  

A:	  59%	  
G:	  70%	   A:	  53%	  

0.1	   -‐	   -‐	   G:	  28%	   -‐	   A:	  39%	  
G:	  66%	   -‐	   -‐	  

1	   -‐	   -‐	   G:	  71%	   A:	  176%	   A:	  51%	  
G:	  65%	  

A:	  72%	  
G:	  52%	   A:	  29%	  

10	   -‐	   -‐	   -‐	   -‐	   G:	  20%	   -‐	   A:	  55%	  

100	   	   A:	  262%	   G:	  39%	   	   	   A:	  66%	   	  

Cc7	  

0.01	   -‐	   A:	  134%	  	   A:	  53%	   -‐	   -‐	   A:	  34%	  
G:	  18%	   -‐	  

0.1	   A:	  59%	   A:	  181%	   -‐	   -‐	   A:	  53%	   A:	  80%	  
G:	  67%	   -‐	  

1	   -‐	   A:	  87%	   -‐	   -‐	   -‐	   A:	  49%	  
G:	  55%	   -‐	  

10	   -‐	   A:	  117%	   -‐	   A:	  135%	   -‐	   A:	  59%	  
G:	  40%	   -‐	  

100	   	   A:	  89%	   A:	  30%	   	   	   	   	  
Hc = H. coffeaeformis; Pp = P. purpureum; Eg = E. gayraliae; Lg = L. globosa; Pr = P. 

roscoffensis; Mix = mixture of P. purpureum, E. gayraliae, C. closterium, P. roscoffensis 

and H. coffeaeformis.  
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The semi-purified extracts were tested against only four microalgal strains due 

to the limited quantity of material. For the same reason, Cc5/8 and Cc5/9 were not 

tested against microalgae. Significant bioactivities (p < 0.05) are listed in the Table 4.12. 

E. gayraliae appears to be the most sensitive strain as a significant adhesion and growth 

reduction was recorded at MIC = 0.01 µg mL-1 when exposed to the semi-purified 

extracts Cc5/3, Cc5/4 and Cc5/7. Total inhibition of E. gayraliae’s growth and adhesion 

was also recorded when using Cc5/3 (0.1 µg mL-1), Cc5/4 (10 µg mL-1) and Cc5/10 

(100 µg mL-1). Unusual dose-responses were recorded for C. closterium when exposed 

to the semi-purified extracts: lowest and highest concentrations significantly reduced 

the microalgal adhesion/growth, but intermediate concentrations had no effect (Cc5/1, 

Cc5/3, Cc5/10). In other cases, stimulatory effects were recorded at low concentrations, 

while 100 µg mL-1 of semi-purified extracts significantly reduced adhesion/growth 

(Cc5/4 and Cc5/7). Regarding P. roscoffensis and P. purpureum, Cc5/1 and Cc5/4 

significantly reduced their adhesion at 100 µg mL-1, however, Cc5/3 promoted both 

their adhesion and growth. Cc5/7 reduced the adhesion and growth of P. roscoffensis at 

100 µg mL-1 but promoted the growth of P. purpureum at low concentrations. Cc5/10 

reduced the adhesion of P. purpureum but had no activity on P. roscoffensis. 

Microalgal cells always aggregated in the centre of the wells when exposed to high 

concentrations of semi-purified extracts (Table 4.12).  

The most promising semi-purified extracts were Cc5/1 and Cc5/10 as they did not 

exhibit stimulatory effect. Cc5/4 was also interesting as it inhibited the four microalgal 

strains tested including P.purpureum by 81% and E. gayraliae at the lowest 

concentration tested, with only moderate growth promotion of C. closterium. 

 
4.3.2.1.3. Antimacroalgal assay 

 

The fractions Cc5, Cc6 and Cc7 inhibited the settlement of Undaria pinnatifida 

spores at 100 µg mL-1. Also, Cc5 and Cc7 reduced the settlement as well as the 

germination at 10 µg mL-1. All the semi-purified extracts from Cc5 inhibited the spores’ 

settlement at 100 µg mL-1, and, Cc5/1, Cc5/8 and Cc5/10 reduced the settlement and the 

germination of the spores at 10 µg mL-1. 
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Table 4.12: Antimicroalgal assays of semi-purified extracts from fraction 5 of C. 

closterium (Cc5). The significant bioactivity relative to control (p < 0.05, n = 4) 

against adhesion (A) and growth (G) is displayed. Black = percentage of inhibition; 

bold = total inhibition; red = percentage of stimulation; shaded = aggregation + 

centre gathering; - = no activity at the concentrations tested. 

	  Samples	   Concentration	  (µg	  mL-‐1)	   E.	  gayraliae	   C.	  closterium	   P.	  roscoffensis	   P.	  purpureum	  

Cc5/1	  

0.01	   -‐	   G:	  13%	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   	   	   	  

100	   A:	  17%	  
G:	  32%	   G:	  12%	   A:	  25%	   A:	  25%	  

Cc5/3	  

0.01	   A:	  21%	  
G:	  14%	   -‐	   A:	  100%	  

G:	  163%	  
A:	  30%	  
G:	  70%	  

0.1	   A:	  100%	  
G:	  100%	  

A:	  41%	  
G:	  28%	   -‐	   A:	  66%	  

G:	  53%	  

1	   -‐	   -‐	   -‐	   A:	  44%	  
G:	  29%	  

10	   -‐	   -‐	   -‐	   A:	  39%	  
G:	  29%	  

100	   A:	  37%	  
G:	  31%	  

A:	  25%	  
G:	  21%	   	   -‐	  

Cc5/4	  

0.01	   A:	  44%	  
G:	  36%	   G:	  18%	   -‐	   -‐	  

0.1	   A:	  42%	  
G:	  38%	   G:	  23%	   -‐	   -‐	  

1	   A:	  42%	  
G:	  37%	   G:	  12%	   -‐	   -‐	  

10	   A:	  100%	  
G:	  100%	   -‐	   -‐	   -‐	  

100	   A:	  53%	  
G:	  67%	   A:	  24%	   A:	  26%	   A:	  81%	  

Cc5/7	  

0.01	   A:	  33%	  
G:	  31%	   G:	  14%	   -‐	   G:	  35%	  

0.1	   A:	  45%	  
G:	  61%	   G:	  9%	   -‐	   G:	  39%	  

1	   A:	  51%	  
G:	  75%	   G:	  13%	   -‐	   -‐	  

10	   A:	  48%	  
G:	  46%	   G:	  15%	   -‐	   -‐	  

100	   A:	  70%	  
G:	  60%	  

A:	  43%	  
G:	  40%	  

A:	  35%	  
G:	  27%	   -‐	  

Cc5/10	  

0.01	   -‐	   A:	  29%	  
G:	  27%	   -‐	   -‐	  

0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	  

100	   A:	  100%	  
G:	  100%	  

A:	  64%	  
G:	  71%	   -‐	   A:	  39%	  
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4.3.2.2. Thalassiosira pseudonana fractions 

 

4.3.2.2.1. Antibacterial assay 

 

The fractions obtained from the chromatographic separation of T. pseudonana 

microalgal powder (Tp4, Tp5 and Tp6) were tested against four strains of bacteria and 

the significant bioactivities are listed in the Table 4.13. Low amplitude of adhesion 

reduction was recorded (up to 11%). The three fractions significantly reduced the 

adhesion of P. irgensii at 0.01 µg mL-1, but higher concentrations had no effect 

compared to control conditions. The same phenomenon was observed with V. 

natriegens when exposed to 0.01 µg mL-1 of Tp6. H. aquamarina’s biofilm formation 

was significantly reduced by Tp6 at all concentrations tested except 1 µg mL-1. 

However, its growth was stimulated by 100 µg mL-1 of Tp5. S. putrefaciens appeared to 

be resistant to all the fractions tested as only adhesion stimulation was recorded at 10 

and 100 µg mL-1 (up to 82%). Overall, Tp6 was the most promising fraction regarding 

antibacterial activity inhibiting the growth of three bacterial strains at 0.01 µg mL-1. 

 

4.3.2.2.2. Antimicroalgal assay 

 

The fractions of T. pseudonana were tested against 4 strains of microalgae and 

the significant bioactivities are listed in the Table 4.14. No total inhibition of microalgae 

was observed, but significant adhesion/growth reduction was recorded (up to 47%). For 

instance, all the fractions significantly reduced the growth of P. roscoffensis at 100 µg 

mL-1 and Tp5 additionally aggregated the cells in the centre of the well. E. gayraliae 

was resistant to Tp4 but its adhesion was reduced and cells aggregated when exposed to 

100 µg mL-1 of Tp5. Its growth was also reduced when exposed to 0.01 and 100 µg mL-

1 of Tp6 but intermediate concentrations had no effect. C. closterium’s adhesion and 

growth was significantly reduced when exposed to 100 µg mL-1 of Tp4 and Tp5, 

respectively. But the latter fraction exhibited stimulatory effects at the lowest 

concentrations. Tp6 only aggregated C. closterium cells in the centre at 100 µg mL-1. P. 

purpureum appeared to be the most resistant as only Tp4 significantly reduced both its 

growth and adhesion at 100 µg mL-1. The three fractions tested aggregated P. 

purpureum cells at 100 µg mL-1. Overall, Tp4 showed the broadest activity with a 

classic dose-response effect, highest amplitude, and no stimulatory effects.	  
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Table 4.13: Antibacterial assays of fractions from T. pseudonana. 

The significant bioactivity relative to control (p < 0.05, n = 6) against adhesion (A) 

and growth (G) is displayed. Black = percentage of inhibition; red = percentage of 

stimulation; - = no activity at the concentrations tested. 

	  Samples	   Concentration	  
(µg	  mL-‐1)	   P.	  irgensii	   V.	  natriegens	   H.	  aquamarina	   S.	  putrefaciens	  

Tp	  4	  

0.01	   A:	  11%	   -‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   A:	  82%	  
100	   -‐	   -‐	   -‐	   A:	  54%	  

Tp	  5	  

0.01	   A:	  11%	   -‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   A:	  39%	  
100	   -‐	   -‐	   G:	  33%	   A:	  36%	  

Tp	  6	  

0.01	   A:	  11%	   A:	  12%	   A:	  9%	   -‐	  
0.1	   -‐	   -‐	   A:	  8%	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   A:	  5%	   -‐	  
100	   -‐	   -‐	   A:	  10%	   A:	  81%	  

 

 

Table 4.14: Antimicroalgal assays of T. pseudonana.  

The significant bioactivity relative to control (p < 0.05, n = 4) against adhesion (A) 

and growth (G) is displayed. Black = percentage of inhibition; red = percentage of 

stimulation; shaded = aggregation + centre gathering; - = no activity at the 

concentrations tested. 

Samples	  	   Concentration	  
(µg	  mL-‐1)	   P.	  roscoffensis	   E.	  gayraliae	   C.	  closterium	   P.	  purpureum	  

Tp	  4	  

0.01	   -‐	   -‐	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	  

100	   G:	  34%	   -‐	   A:	  33%	   A:	  43%	  
G:	  47%	  

Tp	  5	  

0.01	   -‐	   -‐	   G:	  26%	   -‐	  
0.1	   -‐	   -‐	   G:	  23%	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	  
100	   G:	  24%	   A:	  37%	   G:	  14%	   	  

Tp	  6	  

0.01	   -‐	   G:	  21%	   -‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	  
100	   G:	  24%	   G:	  17%	   	   	  
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4.3.2.2.3. Antimacroalgal assay 

 

Fraction Tp4 reduced the settlement of Undaria pinnatifida spores from 

concentrations of 10 µg mL-1, and no germination was recorded for the settled spores. 

Tp5 reduced settlement and germination at 10 µg mL-1 and totally inhibited spore 

settlement at 100 µg mL-1. Finally, Tp6 completely inhibited the settlement of spores at 

100 µg mL-1. 

 

Summary: 

In conclusion, the bioassay guided-fractionation led to the identification of 

promising AF extracts.  

Regarding C. closterium, the fraction of intermediate polarity Cc5 separated from others 

as it exhibited antibacterial activity from the lowest concentration 0.01 µg mL-1, as well 

as totally inhibiting adhesion and growth of five microalgal strains at 100 µg mL-1, and 

inhibiting settlement and the germination of the macroalga Undaria pinnatifida from 

10µg mL-1. Cc6 extracts also showed very good antibacterial activity inhibiting the 

adhesion of 6 bacterial strains at 100 µg mL-1 (and at the lowest concentration on two 

occurrences), however, it had broad and intense stimulatory effect on microalgae. 

Amongst the semi-purified extracts from Cc5, Cc5/4 and Cc5/10 showed good AF 

activity against bacteria, microalgae cells and macroalgal spores. 

Regarding T. pseudonana, all fractions showed potential against the group of organisms 

tested, but Tp6 had broader activity.  
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4.3.3. Antifouling activity of microalgal extracts in the field 

 

Microalgae extracts that were successfully formulated into paints were immersed in 

seawater in Portsmouth (UK) and in Toulon (France), either alone or in combination 

with zinc pyrithione (ZnPy), for up to 15 weeks (Table 4.15). 

 

Some formulations had a more granulated texture but it was decided not to filter 

them and risk losing any active extracts. After one week of immersion, a loss of 

coloration was observed for all the extracts. 

 

 

Table 4.15: Microalgae extracts successfully formulated and immersed in seawater in 

Portsmouth (UK) and Toulon (France); % (w/w). 

	  Samples	   Portsmouth	   Toulon	  

CcA	   	  	   1.5%	  +	  ZnPy	  1.5%	  

Cc5	   10%	   10%	  
	  	   3%	   3%	  

Cc5/10	   	  	   1.5%	  +	  ZnPy	  1.5%	  

Cc6	   10%	   10%	  

	  
3%	   3%	  

	  	   1.5%	  +	  ZnPy	  1.5%	   1.5%	  +	  ZnPy	  1.5%	  
Cc7	   1.5%	  +	  ZnPy	  1.5%	   3%	  
	  	   	  	   1.5%	  +	  ZnPy	  1.5%	  

Tp4	   	  	   1.5%	  +	  ZnPy	  1.5%	  

Tp5	   	  	   3%	  

Tp6	   1.5%	  +	  ZnPy	  1.5%	   3%	  
	  	   	  	   1.5%	  +	  ZnPy	  1.5%	  
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4.3.3.1. Immersion tests in Portsmouth 

 

 Algal foulers was mainly dominated the site in Portsmouth. No invertebrates such 

as tunicates, tubeworms or barnacles were recorded throughout the immersion period. 

During the period of immersion, the average water temperature and pH during 

inspections (mid-day) were 19.5 °C and 8.0, respectively. The air temperature recorded 

by the automated weather station of the University of Portsmouth ranged between 11.7 

and 26.8 °C. 

 

The Figure 4.8 shows the fouling process on the control panels from week zero 

(W0) to week 6 (W6).  

On PVC panels, biofilm was observed after the first week of immersion, then, it 

developed thicker and greener by the second week, suggesting the presence of 

photosynthetic organisms such as microalgal cells and macroalgal spores. By week 3, 

algal filaments of the three taxonomic classes (Chlorophyta, Rhodophyta and 

Phaeophyta) were observed which developed into a thick layer of macroalgae by week 4, 

mainly dominated by Cholorophyta in the first replicate.  

On matrix panels, the formulation free from biocides delayed the fouling process as 

biofilm formation was observed after the third week of immersion. In the same way, 

algal filaments were observed at week 4 as opposed to week 3 with PVC panels; which 

then developed into mature algal thallus by week 5.  

On ZnPy 1.5% panels, added ZnPy effectively delayed the fouling process in a way that 

green slime started covering the panels from week 3, but significant macroalgal 

filaments coverage was observed at week 5 which developed into mature thallus by 

week 6. 

With higher concentrations of ZnPy (ZnPy 3% and ZnPy 10% panels), thicker and 

greener biofilm formed later at week 4 and developed into browner colour throughout 

immersion period with no macroalgal foulers observed.  
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The panels presented in Figure 4.9 comprised ZnPy 10%; Cc5 10%, Cc5 3 %, 

Cc6 10%, Cc6 3%, and Cc6 1.5% + ZnPy 1.5% (w/w).  

Panels with extracts Cc5 3% was covered in thick green slime after two weeks of 

immersion. Higher concentrations (Cc5 10% panels) reduced the slime coverage but no 

significant difference was recorded beyond two weeks as both panels were fully 

covered by macroalgal filaments by week 3. Biofouling process was similar to the one 

observed on PVC panels. 

Panels with extract Cc6 3% had less than 50% slime coverage at week 2, but higher 

concentrations (Cc6 10% panels) significantly increased coverage. In the same way, 

beyond two weeks of immersion no significant differences between the concentrations 

were recorded as both were fully covered by macroalgal filaments by week 3. 

Biofouling process was similar to the one observed on PVC panels as well. 

Panels with Cc6 1.5% combined with ZnPy 1.5% were less efficient than the control 

panels ZnPy 1.5% as they attracted more microfoulers at week 2, developed thicker 

green slime at week 3, and recorded algal filaments from week 4. Biofouling process 

was similar to the one observed on matrix panels. 

There was a minor difference in species colonization between the two replicates: 

replicate 2 was mostly colonized by Pheophyta and Rhodophyta species whilst 

Chlorophyta species were also recorded in replicate 1.  

By week 6, algal thallus detached from the surface of the panels Cc5 3% and Cc6 10%. 

 

The panels presented in the Figure 4.10 contain Tp6 1.5% + ZnPy 1.5%, and 

Cc7 1.5% + ZnPy 1.5% (w/w).  

As for panels with Cc6 1.5% combined with ZnPy 1.5%, both panels Tp6 1.5% and Cc7 

1.5% were less efficient than the control panels ZnPy 1.5%. Light biofilm formation 

was observed after two weeks of immersion, then a thicker and greener slime developed 

at week 3, and some algal filaments were recorded at week 4. Panels Tp6 1.5% + ZnPy 

1.5% exhibited slightly less coverage. In the same way, the biofouling process was 

similar to the one observed on matrix panels. 

Again, replicate 2 seemed to be more colonized by Pheophyta and Rhodophyta species.  
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Figure 4.10: 6 weeks immersion tests in Portsmouth of Tp6 1.5% + ZnPy 1.5% and Cc7 

1.5% + ZnPy 1.5% 
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4.3.3.2. Immersion tests in Toulon, France 

 

The Toulon site being an oligotrophic environment, less algal coverage was 

observed on the panels compared to the ones immersed in the Portsmouth site. However, 

invertebrates such as spirorbis and hydrozoans were the dominant fouling organisms.  

During the period of immersion, the average water temperature and pH were 23.2 °C 

and 7.8, respectively. The air temperature recorded ranged between 21.5 and 25.1 °C.  

 

 

The Figure 4.11 shows the progress of the colonization process over a period of 15 

weeks on control panels.  

On the PVC panels, biofilm and a few spirorbis (5% coverage) were observed after 2 

weeks of immersion, followed by algae and hydrozoans (10% coverage) at week 4 and 

week 6, respectively. After 13 weeks of immersion, a large number of spirorbis 

colonised the PVC panels (80% coverage), which brought the N index value to reaching 

32 at week 15 (Table 4.16). 

On matrix panels, persistent biofilm was visible from week 6 followed by adhesive 

algae filaments (70% coverage) from week 8. Only a few spirorbis (10% coverage) 

were recorded at week 13 setting the N index value to 18 until week 15 (Table 4.16). 

On ZnPy 1.5% panels, persistent biofilm was also visible from week 6 and 10% 

coverage spirorbis were also recorded at week 13, but ZnPy seem to inhibit green algae 

reducing the N index value to 16 (Table 4.16). 

ZnPy 3% panels remained free from fouling during the first two weeks of immersion, 

but a large number of hydrozoan (50% coverage) were subsequently recorded, which set 

the N index value to 21 at the end of the immersion test (Table 4.16). 

ZnPy 10% panels remained free from fouling during 4 weeks, and kept a low N index 

value throughout the immersion test (N = 5 at week 15) (Table 4.16). 

 
Table 4.16: N index values of control panels after 1 to 15 weeks of immersion in 

Toulon; % (w/w). 
Weeks	   PVC	   Matrix	   PyZn	  1.5%	   PyZn	  3%	   PyZn	  10%	  

W1	   0	   0	   0	   0	   0	  

W2	   10	   7	   2	   0	   0	  

W4	   10	   7	   2	   5	   0	  

W5	   12	   7	   2	   2	   0	  

W6	   22	   11	   10	   2	   2	  
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W8	   35	   18	   18	   23	   10	  

W13	   30	   18	   16	   21	   5	  

W15	   32	   18	   16	   21	   5	  

 
 
 
 
 
 
 
 

 
Figure 4.11: 15 weeks immersion tests in Toulon of controls: PVC, matrix, ZnPy 1.5%, 

ZnPy 3% and ZnPy 10%. Test performed by Dr Bressy and Mrs Marceaux. 
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The Figure 4.12 shows panels containing Cc6 1.5% + ZnPy 1.5%, Cc6 3%, Cc6 

10%, Cc5 3%, Cc5 10%, and ZnPy 10%, tested by Dr Bressy and Mrs Marceaux. 

Cc5 3% panels showed a fair activity against algae with only 15% algal coverage. 

However, this extract attracted hydrozoans and hard foulers such as spirorbis, which set 

the N index value at 25 at the end of the immersion test (Table 4.17), which is higher 

than for the matrix panels (N = 18, Table 4.16). 

Higher concentrations of the extract on panels Cc5 10% further attracted invertebrates. 

Up to 45% hydrozoans coverage and up to 40% spirorbis coverage were recorded, 

bringing the N index value to reaching 36 at week 15 (Table 4.17), whereas the value 

for PVC was 32 (Table 4.16). 

Cc6 3% panels attracted more organisms than the control matrix coating with 70% of 

algae coverage, 30% hydrozoan coverage and 25% of spirorbis coverage. This brought 

the N index value to reaching 28 at week 15 (Table 4.17), which is considerably higher 

than for the matrix panels. 

Higher concentrations of the extract on panels Cc6 10%, however, recorded interesting 

AF activity with N index values lower than the matrix panels and close to those of ZnPy 

1.5% (Table 4.16 and 4.18). 

Cc6 1.5% + ZnPy 1.5% panels were subject to low biofouling during the first 6 weeks 

of immersion with N index values similar to controls with ZnPy 1.5% alone. However, 

fouling organisms settled after 8 weeks of immersion, with mostly brown algae (20 to 

40% coverage up to 15 weeks) and spirorbis (15% coverage). This resulted in an 

increase N index value (N = 27, Table 4.17), which greatly exceeded the control matrix 

panels (Table 4.16).  

 
 

Table 4.17: N index values of panels containing Cc5 3%, Cc5 10%, Cc6 3%, Cc6 10%, 

and Cc6 1.5% + 1.5% ZnPy (w/w) after 1 to 15 weeks of immersion in Toulon. 
Weeks	   Cc5	  3%	   Cc5	  10%	   Cc6	  3%	   Cc6	  10%	   Cc6	  1.5%	  +	  PyZn	  1.5%	  

W1	   0	   0	   0	   0	   0	  

W2	   5	   5	   5	   5	   3	  

W4	   10	   10	   10	   5	   3	  

W5	   10	   7	   9	   2	   2	  

W6	   16	   9	   12	   9	   10	  

W8	   24	   29	   28	   19	   25	  

W13	   25	   29	   28	   17	   27	  

W15	   25	   36	   28	   17	   27	  
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The Figure 4.13 shows the panels of Cc7 1.5% + ZnPy 1.5%, Cc7 3%, Tp6 1.5% 

+ ZnPy 1.5%, Tp6 3%, and acetone crude extract CcA 1.5% + ZnPy 1.5%.  

Cc7 1.5% + ZnPy 1.5% panels showed biofilm formation after 4 weeks of immersion. 

The algal coverage reached 60% with a predominance of Chlorophyta, and up to 40% 

spirorbis coverage was recorded at week 15. The N index value during the first four 

weeks was similar to the control ZnPy 1.5% panels, but then reached 31 at week 15 

(Table 4.18), which is very similar to the control PVC panels (Table 4.16). 

Cc7 3% panels exhibited the same coverage but in this case, the N index increased more 

quickly (N = 14 at week 4, Table 4.18) and reached a value of 26 at week 15, which is 

higher than the matrix panels. 

Tp6 1.5% + ZnPy 1.5% panels showed good activity towards Chlorophyta (only 5% 

coverage) but 30% coverage of Phaeophyta species was recorded. Regarding 

invertebrates, a few spirorbis were present (10% coverage) but mainly hydrozoans (40% 

coverage). The N index value during the first four weeks was similar to the control 

ZnPy 1.5% panels, then reached 20 at week 15 (Table 4.18), which is similar to the 

control matrix panels (Table 4.16).  

Tp6 3% panels were less effective towards green algae (30% coverage) than when 

combined with ZnPy and attracted invertebrates: 5% hydrozoans and 40% spirorbis 

coverage were recorded at week 15. Hence, a higher N index was calculated (Table 

4.18), which was greater than for PVC panels at week 15. 

CcA 1.5% + ZnPy 1.5% panels attracted macroalgae and invertebrates, which resulted 

in N index value very similar to PVC panels. 

 

 

Table 4.18: N index values of panels containing Cc7 combined with 1.5% ZnPy and 

3%; Tp6 combined with 1.5% ZnPy and 3%; and CcA combined with 1.5% ZnPy 

10% after 1 to 15 weeks of immersion in Toulon, % (w/w). 
Weeks	   Cc7	  1.5%	  +	  PyZn	  1.5%	   Cc7	  3%	   TP6	  1.5%	  +	  PyZn	  1.5%	   TP6	  3%	   CcA	  1.5%	  +	  PyZn	  1.5%	  

W1	   0	   0	   0	   0	   0	  

W2	   3	   5	   3	   2	   3	  

W4	   8	   14	   8	   12	   8	  

W5	   10	   11	   8	   10	   10	  

W6	   14	   11	   10	   10	   10	  

W8	   28	   26	   20	   24	   26	  

W13	   28	   28	   25	   28	   28	  

W15	   31	   26	   20	   31	   28	  
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Figure 4.13: 15 weeks immersion tests in Toulon of Cc7 1.5% + ZnPy 1.5% and 3%; 

Tp6 1.5% + ZnPy 1.5% and 3%; and CcA 1.5% + ZnPy 1.5%. Test performed by Dr 

Bressy and Mrs Marceaux. 
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The last panels presented in the Figure 4.14 are composed of Cc5/10 1.5% + 

ZnPy 1.5%, Tp5 3% and Tp4 1.5% + ZnPy 1.5% (w/w).  

On Cc5/10 1.5% + ZnPy 1.5% panels, spirorbis were noticeable from week 6, then from 

week 8 they covered the panels by 40% until they reached 50% coverage at week 15. 

High macroalgae coverage started at week 8 with 40% green algae and 20% brown 

algae coverage from week 13. The N indexes calculated over the 15 weeks were very 

similar to the ones of PVC, despite the 1.5% ZnPy present in the formulation (Table 

4.19).  

Tp5 1.5% + ZnPy 1.5% panels showed the same trend in terms of N index values, but 

higher species diversity was observed from week 8 with higher hydrozoans coverage 

(20%), presence of tubeworms, barnacles and bryozoans. 

Tp4 1.5% + ZnPy 1.5% panels remained free from fouling until week 8 where 25% 

algae coverage was recorded, 15% hydrozoans and 50% spirorbis: the N index value 

was estimated to be 30 (Table 4.19), which is similar to PVC panels. 

	  

	  

Table 4.19: N index values of panels Cc5/10 1.5% + ZnPy 1.5%, Tp5 1.5% + ZnPy 

1.5%, and Tp4 1.5% + ZnPy 1.5% (w/w) at 1 to 15 weeks of immersion in Toulon. 
Weeks	   Cc5/10	  1.5%	  +	  PyZn	  1.5%	   TP5	  1.5%	  +	  PyZn	  1.5%	   TP4	  1.5%	  +	  PyZn	  1.5%	  

W1	   0	   0	   0	  

W2	   8	   10	   8	  

W4	   10	   5	   8	  

W5	   8	   10	   5	  

W6	   7	   10	   10	  

W8	   26	   32	   32	  

W13	   28	   26	   30	  

W15	   33	   32	   30	  
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Figure 4.14: 15 weeks immersion test in Toulon of Cc5/10 1.5% + ZnPy 1.5%, Tp5 3%, 

and Tp4 1.5% + ZnPy 1.5%. Test performed by Dr Bressy and Mrs Marceaux. 

 
  



Antifouling	  bioassay-‐guided	  fractionation,	  semi-‐purification	  and	  field-‐testing	  
	  

206	  
	  

Summary: 

 
 Portsmouth site allowed evaluating the AF activity of extracts in the field at high 

algal fouling pressure, whereas Toulon site enabled the assessment against invertebrates. 

Most of the extracts exhibited opposite effects towards fouling organisms: fouling 

coverage was often similar of greater than the matrix control, and sometimes greater 

than the PVC control. In addition, extracts often cancelled the effect of co-biocide in 

combined formulations with ZnPy.  

However, two extracts separated from others: 

- Cc5 10% panels showed less algal slime coverage during the first two weeks of 

immersion in Portsmouth. 

- Cc6 10% panels immersed in Toulon showed a fouling coverage that was lower 

than the matrix control and close to the ZnPy 1.5% control panels, suggesting 

that high concentrations of Cc6 extracts have a deleterious effect on 

invertebrates in oligotrophic environments.  
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4.4. Discussion 

 

The initial laboratory-based bioassays described in the Chapter 3 demonstrated that 

microalgae extracts studied exhibited AF activities, inhibiting the growth of bacteria 

and microalgae as well as settlement of macroalgae spores and barnacle larvae. C. 

closterium and T. pseudonana acetone extracts proved to have the most interesting 

extracts and replicate experiments where four batches were cultivated starting with the 

same inoculum showed good reproducibility. In this Chapter, high biomass was needed 

for bioassay-guided fractionation and field-testing. Microalgae cells were cultivated 

under different conditions: instead of being cultivated in 2 L erlen flasks with a large 

surface area for air exchange, cultures were grown in 10 L and 20 L carboy Nalgene 

bottles. This mode of cultivation required air bubbling to compensate for the lower 

surface/volume ratio, which introduced a new stress parameter, hydrodynamic 

disturbance. As shear stress could lead to reduced cell growth, cell damage and 

ultimately cell death (Barbosa, Hadiyanto, & Wijffels, 2004; Liu, Li, Hu, Wiltberger, & 

Ryll, 2014), it could be suggested that the added air bubbling have affected metabolite 

production compared to previous studies.  

The exploratory TLC performed on fractions obtained after elution of the microalgal 

powders on chromatography columns were compared to the TLC performed on crude 

acetone extracts. For instance, Tp4 and Tp5 showed common trends with crude acetone 

extracts especially close to the solvent front were non polar extracts are revealed (Figure 

4.6). This suggests that the corresponding elution regime (Tp4: CHCl3/MeOH 75:25, 

Tp5: CHCl3/MeOH 50:50) recovered some of the mixture of compounds extracted by 

acetone in T. pseudonana. But, UV light also revealed additional mixture of compounds 

in the fractions (Rf = 0.49 and Rf = 0.89). In the same way, common yellow extracts 

were highlighted between fraction Cc5 and crude acetone extract CcA  (Figure 4.5, 

arrows), but many other extracts of various polarities were also revealed in fraction Cc5. 

This could suggest that the different cultivation system used in this study impacted the 

metabolites production: higher volume could have decreased light availability and air 

bubbling could have introduced mechanical stress (Liu et al., 2014; Mimouni et al., 

2012).  Also, it was shown on fraction Cc5 there might have been an overlap of extracts 

between the fractions eluted (see arrows in Figure 4.4). This was not observed for T. 

pseudonana, probably because the quantity of microalgal powder was much lower 

allowing the volume of eluent solvent to completely elute the extracts.  
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The position of the visible bands along the TLC plate (indicating the level of 

polarity), their colour, and reference to literature, provide clues as to the nature of the 

extracts (Motten, 1995; Rijstenbil, 2003; Pavia et al., 2004; Pasquet et al., 2011; 

Mikami & Hosokawa, 2013). For instance, Cc5/10 is believed to contain pheophytins (a 

product of chlorophyll degradation): they are grey-green and less polar than 

chlorophylls due to the loss of the magnesium ion. They are usually followed by the 

blue-green chlorophyll a (Cc5/9) and the yellow-green chlorophyll b (Cc5/8), which is 

more polar due to its aldehyde group. Xanthophylls normally follow: they are more 

polar as a result of their alcoholic groups: yellow extracts such as lutein (Cc5/7), 

diadinoxanthin/diatoxanthin (Cc5/5); and bright orange extracts such as fucoxanthin 

(Cc5/4) and neofucoxanthin (Cc/3). Chlorophyll c is supposed to be located very low on 

the TLC plate (Motten, 1995) and is suspected to be in Cc5/1 and/or Cc5/2. Finally, the 

hydrocarbon beta-carotene is very nonpolar and is normally located very high on the 

TLC plate, but it was not observed here probably because it is found in very small 

quantities in C. closterium (Rijstenbil, 2003). Fractions Cc3 and Cc4 are non-visible 

and very nonpolar and could be composed of fatty acids such as EPA that could 

represent up to 15% of total fatty acids in C. closterium and are known to exhibit 

biological activities (Renaud & Parry, 1994; Renaud et al., 1995; Wen et al., 2003; 

Spolaore et al., 2006; Desbois et al., 2008). Still these extracts can be polar as well, 

unless they are esterified (personal communication, Dr Asmita Sautreau). T. 

pseudonana is also known to be a fucoxanthin-producing species (Mikami et al., 2013), 

but we have failed to identify this extracts in the TLC of Tp4, Tp5 and Tp6. However, it 

might be contained in the crude acetone extract TpA (yellow band in the middle, Figure 

4.8a). Given their colour and their high position on the TLC plate, the bands of TpA and 

Tp4 could mainly be composed of chlorophylls and pheophytins. The reagent p-

anisaldehyde revealed a previously non-visible extracts in purple (Figure 4.8d), but it 

would be misleading to try to identify it as p-anisaldehyde is a multipurpose reagent. 

Tp5 contained two UV-active nonpolar and moderately polar extracts (Figure 4.8b, 

arrows), as well as other non-visible extracts of various polarities revealed by p-

anisaldehyde reagent (Figure 4.8d).  

 

Extracts of intermediate (Cc5) and high polarity (Cc6, Cc7, Cc8 and Tp6) exhibited 

the most promising bioactivity against bacterial adhesion without affecting the growth. 

Effects were recorded mostly at concentration of 100 µg mL-1, but also at 0.01 µg mL-1 
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for R. litoralis and H. aquamarina. However, the effect was not dose-dependant.  These 

extracts exhibited anti-biofilm activity possibly by interfering with bacterial quorum 

sensing (Antunes et al., 2010; Ta et al., 2014), hence switching to a planktonic mode of 

growth instead (Jefferson, 2004).  

Fraction Cc7 remained efficient even when tested against a mixture of bacteria, 

however this was not the case for the other active fractions. This could probably be the 

result of multispecies synergistic interactions that could have increased resistance to the 

antimicrobial extract, or could have triggered the ability to degrade the extracts extracts 

(Burmølle et al., 2006, 2014). It was proposed that synergistic protective effect between 

species present in mixed biofilms occurred through changes in EPS viscosity that could 

reduce the diffusion of inhibitory extracts (Burmølle et al., 2006, 2014).  

The fraction Cc5 showed the most promising activities against microalgae, inhibiting or 

reducing the aggregation/adhesion/growth of most of the strains tested (except for L. 

globosa) at 100 µg mL-1, but lower concentrations had significant stimulatory effects. 

This shows that the extracts have a very complex mode of action and are more likely to 

act as allelochemicals that regulate the biofilm formation of competitors such as 

bacteria, and have beneficial effects on microalgal communities. Such dissimilar 

outcomes have been observed in other studies, such as Abed et al. (2013), involving 

MNPs extracted from isolates of a hypersaline cynanobacterial mat that induced the 

growth of the microalgae Dunaliella salina and Halamphora coffeaeformis. Similarly to 

our study, Lachnit et al. (2013) have demonstrated that compounds extracted from the 

macroalga Fucus vesiculosus had various effects on colonizers, displaying inhibition 

and attraction effects.  

Fractions from T. pseudonana exhibited lower bacterial inhibition rates, and complex 

biological activities were also recorded such as unusual dose-responses and stimulatory 

effects. For instance, all fractions reduced the adhesion of the bacterium P. irgensii at 

0.01 µg mL-1 but no activity was recorded at higher concentrations. Also, the adhesion 

of S. putrefaciens was systematically stimulated by high concentrations of each fraction. 

These complex bioactivities could be broken down in the case of fraction Cc5 by 

looking into the bioactivity of each semi-purified extract composing the parent fraction. 

None of the semi-purified extracts completely inhibited the adhesion of the strains V. 

natriegens and P. irgensii, as it was observed before using 100 µg mL-1 of Cc5. Besides, 

a lack of bioactivity and stimulatory effects were often observed using semi-purified 

extracts, contrary to activities found with the parent fraction. Regarding antimicroalgal 
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assays, whereas Cc5 had inhibitory effects on most of the strains of microalgae, 

including multispecies assays, the activity was weakened using semi-purified extracts 

with more cell aggregation observed. This highlights the importance of synergistic 

interactions between chemicals, where some compounds can increase the effect of 

others so that they can jointly exhibit a higher effect (Cedergreen, 2014). For instance, 

Sevak et al. (2012) observed strong bioactivity of combined macroalgal fractions, but 

no activity was recorded when individual fractions were tested. This phenomenon often 

occurs at high concentrations (Cedergreen, 2014), which could explain the intense 

activity of fractions at 100 µg mL-1 when lower concentrations have the same erratic 

stimulatory/inhibitory effect than the semi-purified extracts. Amongst semi-purified 

extracts from Cc5 fraction, Cc5/4 and Cc5/10 showed good activity against bacteria, 

microalgae and macroalgal spores. According to the information compiled on the 

chemical nature of these extracts (see above), pheophytins, fucoxanthins and 

chlorophyll c could be associated with the activity observed. This will be in accordance 

with previous studies that attributed numerous bioactivities to fucoxanthin such as anti-

oxidant, anti-cancer, anti-inflammatory, anti-malarial and apoptotic properties (Mori et 

al., 2004; Peng et al., 2011). Also, it has also been suggested that given its high surface 

concentration on the macroalga Fucus vesiculosus, fucoxanthin could be an ecologically 

relevant antimicrobial agent (Saha et al., 2011): 50% inhibition of bacterial isolates was 

recorded at natural concentration (0.7 and 9 µg cm−2 on the algal surface). To confirm 

this hypothesis, an attempt at structure elucidation by NMR spectroscopic analysis was 

carried out on Cc5/4 and Cc5/10, but the spectra were not informative due to poor 

resolution and silica contamination (results not shown).  

 

Microalgal extracts were incorporated in a soluble matrix alone, or in combination 

with ZnPy, at 1.5%, 3% and 10%, then were immersed in Portsmouth and Toulon 

(France). Because the release rate is subject to various parameters intrinsic to the 

physico-chemical properties of the paint formulation, as well as environmental 

conditions (Yebra et al., 2004), it is difficult to predict the actual concentration of active 

ingredient to which the organisms are exposed to in the field (personal communication, 

Dr Christine Bressy). In addition, other problems such as over-leaching could have 

altered the availability of the extracts to the organisms in the field. Indeed, a 

discoloration of the panels was observed within the first week of immersion (cf. pictures 

of immersion tests between W0 and W1, Figures 4.12, 4.13, 4.15, 4.16, 4.17). This is 
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likely to be linked with the high erosion rate at early immersion, which is inherent to the 

soluble matrix mechanical properties (Lejars et al., 2012). Optimizing characteristics of 

coating formulation is thought to be a very important and complex step in order to 

improve the release rate of active ingredients (Briand, 2009). Phytagel, an inert 

polysaccharide gel, could have been initially used as the extracts are released at a slower 

rate (Henrikson & Pawlik, 1995; Engel & Pawlik, 2000; Acevedo et al., 2013). It is also 

believed to be more stable compared with other polymers, so inhibitory properties are 

less likely to be hindered by their inclusion into this polymer (Zapata et al., 2007). 

However, the gels need to be heated at 75 °C (Acevedo et al., 2013) to allow the 

incorporation of extracts, so suspected thermo-labile extracts would not be suitable for 

this method. The ideal formulation that could have been tested in these experiments 

would be the microencapsulation technique, which would have stabilized the active 

ingredients in the coating and protect them from chemical degradation (Faÿ et al., 2008). 

However, the encapsulation of extracts into microspheres and incorporation in paint 

formulation required time and high quantity of material to optimize the encapsulation 

yield, the particle size and morphology and to ensure that the biological activity is 

preserved in such formulation (Faÿ et al., 2008).  

 

The panels were immersed during the summer, when the fouling pressure is the 

highest (Dziubińska & Szaniawska, 2010; Fitridge et al., 2012). The early succession 

stages of fouling communities were studied during an immersion period of six weeks in 

Portsmouth, and 15 weeks in Toulon. The chosen sites of immersion differed in their 

fouling communities: algal fouling was the most intensive in Portsmouth, a eutrophic 

zone, whereas encrusting invertebrates such as spirorbis were the major nuisances in the 

oligotrophic region of Toulon. Our study revealed that the succession of community 

appeared in the classic order in Portsmouth, with bacterial and microalgal biofilm, 

followed by spore’s settlement that developed into dense macroalgal covering 

(Dziubińska & Janas, 2007; Mieszkin et al., 2013). In Toulon, however, spirorbis 

colonised the panels almost simultaneously with biofilm within the first two weeks of 

immersion, and were later followed algae and hydrozoans after four weeks. The 

classical successional pattern could have been altered on this site due to the dominant 

characteristics of spirorbis in this geographic location (Rittschof, 2010; Mieszkin et al., 

2013). The performances of the microalgal extracts in the field reflected the outcomes 

of the laboratory AF assays. The stimulatory effects frequently recorded in AF assays 
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translated in field studies, as fouling coverage was often similar or greater than the 

control panels. It is possible that our extracts contained chemical cues present in natural 

mixed biofilms that promote the settlement of fouling organisms (Hadfield et al., 2001; 

Harder et al., 2009; Mieszkin et al., 2013; Salta et al., 2013). Having said that, the 

fractions Cc5 and Cc6, which were the most promising ones in AF assays, did show 

activity in the field by reducing early algal slime formation and invertebrate settlement, 

respectively. Further statistical analysis such as Spearman’s rank correlation test could 

assert that the laboratory assays correlate with field studies (JZhang et al., 2013). Also, 

further purification of those extracts could help targeting the compound responsible for 

this activity, which was probably moderated by stimulatory effects of associated 

compounds in the fraction (Sevak et al., 2012). Finally, knowing that the performances 

of fractions Cc5 and Cc6 in the field were supposedly affected by the uncontrolled 

initial release rate, they could be enhanced with an optimized formulation (Briand, 

2009). 
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4.5. Conclusions 

	  

After selecting the most promising strains during previous work, C. closterium and 

T. pseudonana, the further step was to produce high biomass for bioassay-guided 

fractionation and immersion tests. The fraction of intermediate polarity Cc5 exhibited 

good AF activity in the laboratory: total inhibition was recorded against the adhesion 

two bacterial strains at 100, against the adhesion and growth of five microalgal strains at 

100 µg mL-1; and against the settlement and the germination of the macroalga Undaria 

pinnatifida from 10µg mL-1. This AF activity was also demonstrated to a lesser extend 

in the field during the first two weeks of immersion where 10% formulation reduced the 

slime coverage. The polar fraction Cc6 did show interesting AF activity against bacteria 

and macroalgal spores, but also significant stimulatory effects on microalgae. This was 

reflected in the Portsmouth site as Cc6 10% panels were quickly covered in algal slime. 

However, interestingly this extracts showed remarkable activity against invertebrates in 

Toulon site. Further investigation of synergistic effect of chemicals within the fractions 

coupled with an optimized formulation approach could lead to an interesting AF 

solution.  

The validation of the premise of this work now consists in evaluating the 

importance of associated bacteria in the microalgal cultures studied on the AF activity 

of extracts recorded. 
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ABSTRACT 

Throughout this work, microalgal extracts have demonstrated potential for their 

use as AF agents. In this context, understanding the contribution of the bacterial 

community associated with microalgal cultures to the production of bioactive extracts is 

essential. Porphyridium purpureum, Cylindrotheca closterium and Thalassiosira 

pseudonana were selected for this work, and their associated bacteria were investigated. 

Their morphological features and physical interaction with microalgae cells was studied 

(only for P. purpureum and C. closterium), then, the antimicrofouling activity and 

chemical fingerprints were compared to microalgal extracts. Four strains of bacteria, 

including the bacterial suspensions associated with each microalgal cultures, and five 

strains of microalgae were targeted. Associated bacteria showed high diversity and 

close proximity with both microalgal strains studied, with bacterial cells attached to the 

cell wall. Bacterial attachment dynamic was similar to P. purpureum, and the 

bacteria/microalgae ration decreased from 10 at early stage of immersion to one 

bacterium per microalga at the end. The attachment dynamic was different with C. 

closterium, which became quickly dominated by bacterial cells, with a cell ratio 

reaching 50 bacteria per microalga after 72 hours of immersion. The AF activities of 

microalgal and bacterial extracts were compared: interestingly, bacterial extracts 

showed stronger antibacterial activity. They inhibited the adhesion/growth of a larger 

number of bacterial suspensions (up to 96%) at concentrations as low as 0.01 µg mL-1. 

Two targeted bacterial suspensions stood out of these bioassays: all the extracts studied 

consistently stimulated H. aquamarina, and inhibited bacteria associated with T. 

pseudonana.  At the contrary, bacterial extracts showed less activity towards microalgal 

strains, however, a targeted activity from these extracts towards the host microalgae was 

noticed. These different trends in bioactivity were explained by the differences noted 

the multivariate analysis of the metabolomic profiles. Indeed, at both 214 and 320 nm, 

microalgal extracts and associated-bacterial extracts forms two significantly different 

groups. The antibacterial activity could be attributed to the bacterial compounds eluted 

between 32.43 and 32.8 min at 214 nm - and, between 21.89 and 22.78 min, and 

between 34.6 and 34.79 min at 320 nm. The antimicroalgal activity could be attributed 

to the microalgal compounds eluted between 45.62 and 46.2 min at 320 nm. These 

results assert that the AF activities recorded from microalgal extracts throughout this 

work are indeed of microalgal origin. Further investigation could address the role of the 

associated bacteria in the production of AF extracts by microalgae.  
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5.1. Introduction 

 

Several unsuccessful attempts were made in previous work to obtain axenic cultures 

(see Chapter 3, 3.3.1). It was suggested that there is an obligatory association between 

bacteria and microalgae where bacteria could be somehow essential for microalgal 

growth. For instance, the microalgal growth and the EPS production necessary for 

biofilm-formation by microphytobenthic strains seem to depend on the presence of 

associated bacteria, which can produce soluble substances that impact on microalgal 

physiology (Bruckner et al. 2011). Also, it was shown that  the diatoms Achnanthidium 

minutissimum and Cymbella affiniformis grown under axenic conditions exhibited 

abnormalities such as cell length reduction and deformation of the siliceous cell walls 

(Windler et al., 2014). Microalgal extracts have showed significant AF activity against a 

wide several groups of organisms. However, this activity could also be attributed to the 

associated bacteria. Indeed, epibiotic bacteria can play a major role in the chemical 

interactions with the host: they can produce secondary metabolites that directly affect 

the host, and/or induce chemical response from the host through defence mechanisms 

(Wahl et al., 2012). 

In nature, ecological interactions between organisms are inevitable and can be 

beneficial, neutral or deleterious (Table 5.1) (Reece & Campbell, 2011). 

Microalgal/bacterial interactions have been the subject of several studies in recent years 

(Rooney-Varga et al., 2005; Sapp et al., 2007; Amin et al., 2009, 2012; Bruckner et al., 

2011; Natrah et al., 2014). This has become an important topic of research because of 

the many possible industrial applications of microalgal cultivation that necessitate either 

the use of axenic cultures (Pauw et al., 1984; Buhmann et al., 2012), or co-cultivation 

with growth-promoting bacteria (Le Chevanton et al., 2013), or bacteria that mediate 

resistance to viral infection (Kimura & Tomaru, 2014). Interactions between microalgae 

and bacteria are complex and multifactorial. Many chemical fluxes and interaction 

mechanisms with bacteria occur in the immediate environment surrounding the 

microalgae cells (Figure 5.1), an area known as the phycosphere (Sapp et al., 2007). 

Through these interactions, microalgae can inhibit and/or stimulate the bacterial growth 

by producing organic exudates or toxic metabolites, and conversely, bacteria can 

stimulate and/or inhibit microalgae by providing/withdrawing nutrients and/or 

producing stimulatory/inhibitory substances (Rivas & Riquelme, 2012; Natrah et al., 

2014).  



Study	  of	  the	  bacterial	  community	  associated	  with	  microalgal	  cultures	  
	  

	  
	  

217	  

 

 

Table 5.1: Ecological interactions between organisms (Reece et al., 2011) 

	  	   Interactions	   Definition	  

Benefical	  
Commensalism	   Unilateral	  benefit	  with	  neutral	  effect	  

Mutualism	   Mutual	  benefit	  
Symbiosis	   Obligatory	  interactions	  with	  mutual	  benefit	  

Neutral	   Neutralism	   No	  positive	  nor	  negative	  effect	  

Deleterious	  

Competition	   Mutual	  damage	  

Amensalism	   Unilateral	  damage	  with	  neutral	  effect	  
Parasitism	   Unilateral	  damage	  with	  benefit	  

 

 

 

 

 

 

 
Figure 5.1: Positive and negative interactions between microalgae and bacteria (Rivas et 

al., 2012) 
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Bacteria can have significant impact on the stimulation, the inhibition and also 

the duration of phytoplanktonic blooms, and interact with this biological compartment 

while contributing to carbon export in the ocean and recycling of organic matter in the 

form of marine snow (Azam & Malfatti, 2007; Gärdes et al., 2011).  

It was demonstrated that bacteria can control the availability of nutrients for microalgal 

growth by differentially stocking and recycling them, hence switching the limiting 

nutrient from nitrogen to phosphorus (Danger et al., 2007). This can have consequences 

on algal chemical composition such as P:C, N:C and N:P ratios, as well as the 

microalgae community structure (Danger et al., 2007). For instance, it was 

demonstrated that bacterial competition for phosphate significantly altered 

phytoplankton growth by periodically amplifying internal phosphorus limitation (Li et 

al., 2014). Another example of microalgal/bacterial interactions in the field was 

established in the Bay of Fundy (USA) where similar patterns of diversity and 

abundance were found for phytoplankton cells and attached bacterial community, while 

no connection was established with free-living bacteria, suggesting a high dependence 

and specific interactions with attached bacteria (Rooney-Varga et al., 2005; Amin et al., 

2012). Other studies demonstrated the action of bacterial hydrolytic ectoenzymes on 

diatom surfaces: high ectohydrolase activities were recorded and it was suggested that 

enzymatic hydrolysis of diatom mucus could be responsible for the production of 

dissolved organic matter, as well as for the inhibition cell aggregation, thus prolonging 

the phytoplanktonic bloom (Smith et al., 1995; Gärdes et al., 2011; Agogué et al., 2014).  

Negative interactions were observed in some bacteria of the genus Pseudoalteromonas, 

that can inhibit the growth and adhesion of microalgal cells and can even induce cell 

lysis, in a predator-like manner, of some microalgal species (Bowman, 2007; Natrah et 

al., 2014). For instance, some dinoflagellates produce antibiotic compounds such as 2-

heptyl-4-quinolinol or brominated compounds through QS (Bowman, 2007). Another 

Pseudoalteromonas strain was also found to produce compounds that inhibit the 

motility and the attachment of the diatoms Navicula sp. and Halamphora coffeaeformis, 

leading ultimately to cell lysis (Bowman, 2007). To date, members of the γ-

Proteobacteria phylum (such as Pseudoalteromonas and Alteromonas), which 

interestingly are also among the dominant group within the phycosphere, have been 

identified to be the most algicidal bacteria (Mayali & Azam, 2004; Sapp et al., 2007; 

Natrah et al., 2014).  
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On the other hand, it has also been shown that microalgae can produce antibacterial 

compounds to eliminate competitors (Sánchez-Saavedra et al., 2010; El Semary, 2011; 

Amin et al., 2012). Interestingly, most of these activities have not been recorded in cell-

free supernatant of microalgal cultures, suggesting that the inhibitory compounds are 

either intracellular or that the concentrations of the compounds only reach inhibitory 

levels in close proximity to the microalgal cells (Natrah et al., 2014). 

 

In aquatic environments bacteria benefit from the carbon source associated with 

several biological compartments including phytoplankton blooms: the organic matter 

generated by senescent microalgal cells and/or secreted by viable cells in the form of 

polysaccharides stimulates bacterial growth (Rooney-Varga et al., 2005; Grossart & 

Simon, 2007; Ribalet et al., 2008; Agogué et al., 2014; Natrah et al., 2014).  

Beneficial effects have also been recorded on microalgal growth rate and cell 

concentrations (Bruckner et al., 2011; Gärdes et al., 2011; Natrah et al., 2014). Indeed, 

when in presence of an isolated bacterium, growth-promoting effects of Nitzchia sp. 

were recorded (Liu, Lewitus, Brown, & Wilde, 2008). Bacteria are known to produce 

vitamins (cobalamin, thiamine and biotin) as well as other growth factors such as 

hormones (indole-3-acetic acid) that stimulate microalgal metabolism (Croft et al., 

2005; De Bashan et al., 2008; Natrah et al., 2014). In addition, it was shown that some 

bacteria stimulated the secretion of EPS, contributing to the formation of biofilms, 

which are crucial for microphytobenthic strains (Bruckner et al., 2008, 2009; Mieszkin 

et al., 2013). Interestingly, the presence of the bacterial community can also 

significantly reduce the sensitivity of microalgae cells to toxins, such as copper, by up 

to 300% (Levy et al., 2009, 2011).  

Closer physical interactions can be observed when free-living bacteria approach the 

phycosphere: epiphytic bacteria attach and develop directly on the surface of the 

microalgal cell, sometimes following chemotaxis (Bates et al., 2004; Geng & Belas, 

2010; Natrah et al., 2014). For example, rod-shaped bacteria were observed attached to 

the frustule of Pseudo-nitzschia multiseries (Figure 5.2) (Bates et al., 2004), and, further 

investigations showed that epibionts attached preferentially at specific regions such as 

the raphe where organic matter may be extruded (Kaczmarska et al., 2005).  
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Figure 5.2: Scanning electron micrographs of Pseudo-nitzschia multiseries. (A) Bacteria 

attached to the girdle region of the frustule. (B) Valve face view of a cell with 

bacteria attached mainly along the raphe. (C) Sibling diatoms harbouring rod-shaped 

bacteria in the area of the junction between the cingulate, some bacteria appear to be 

attached underneath the valve bands. (D) Prepared filter showing resident free-living 

bacteria (Bates et al., 2004). 
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Bacterial endophytes have also been observed but little is known on the nature of the 

interactions (Geng et al., 2010; Natrah et al., 2014). Mutualistic association between 

dinoflagellates and endophytic bacteria were demonstrated, where microalgae provide a 

favourable habitat to bacteria, and bacteria regenerate nutrients for microalgae (Hold, 

2001; Natrah et al., 2014). One example of a better-understood endosymbiotic 

interaction is the nitrogen-fixing cyanobacterium Richelia intracellularis that is found 

within the cells of diatoms such as Rhizosolenia spp and Hemiaulus spp allowing the 

survival of species in oligotrophic environments (Figure 5.3) (Zeev et al., 2008). 

 

The various nature of the physical interactions within he phycosphere generate a 

range of complex chemical fluxes, from the production of harsh chemicals used for 

predator-like behaviour or in competition for space and nutrients, through to the release 

of infochemicals that promote the cell growth and attachment for mutual benefit.  

 

In the context of our study, understanding the contribution of microalgal-

associated bacteria to the production of bioactive extracts was very important. The 

influence of the bacterial community present in three microalgal cultures (Porphyridium 

purpureum, Cylindrotheca closterium and Thalassiosira pseudonana) was investigated. 

First, the morphological features of the associated bacteria were examined by isolation, 

Gram staining and scanning electron microscopy (SEM). Second, the associated 

bacteria were cultured and potentially bioactive mixture of compounds extracted using 

the protocols developed for the microalgal cultures. Microalgal and bacterial acetone 

extracts were compared in terms of their bioactivity against microfoulers, as were their 

chemical fingerprints.  
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Figure 5.3: The diatom Rhizosolenia clevei var. communis and its endosymbiotic 

cyanobacterium Richelia intracellularis (Zeev et al., 2008) 
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5.2. Materials and methods 

 

5.2.1. Culture of microorganisms 

 

5.2.1.1. Microalgae 

 

Three species of microalgae were chosen for this investigation as they have 

shown to produce high yields of biomass and extracts (approximately 10%), and 

because of their demonstrated AF activity in our previous studies: Porphyridium 

purpureum AC122, Thalassiosira pseudonana AC589 and Cylindrotheca closterium 

AC170 (Chapter 3, 1.1) They were cultivated in 2 L Erlenmeyer flasks and in 10 L 

Nalgene carboys using a 10 % inoculum in F/2 medium and maintained at 20 °C and 

constant light (incident irradiance: 140 µmol m-2 s-1). Efficient gas exchange in the 

microalgal suspension was achieved by bubbling the cultures with pumped (Hailea V-

60), filtered air (in-line glass fiber filters 0.3µm, Whatman). The growth rate was 

monitored using cell counts until harvesting at a cell concentration ≥ 106 cells mL-1. 

  

5.2.1.2. Associated bacteria 

 

Microalgae cells were pelleted by centrifugation (see 5.2.1.3) and a small aliquot 

(approximately 1 mg) of each pelleted microalgal culture was added to a 1 L 

Erlenmeyer flask containing sterile seawater enriched with 0.5% (w/v) neutralized 

bacteriological peptone  (LP0034 Oxoid) and incubated at 25 °C to allow the growth of 

the associated bacteria. After 48 hours, each bacterial culture was then used as an 

inoculum for 10 L Nalgene carboys containing sterile seawater enriched with 0.5% 

(w/v) peptone, which were incubated at 25 °C for 5 days. The growth rate was 

monitored by OD630nm measurements until harvesting at an OD630nm ≥ 0.2 units. 

 

5.2.1.3. Cell harvesting 

 

Microalgal and bacterial cells were harvested by centrifugation (30 min, 4 °C, Camlab 

ALC 4232 and Sorvall Instruments RC-3B) at 1000 g and 3000 g, respectively. 

Aliquots of pelleted cells were reserved for morphological studies (see 5.2.2). The 
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remaining pelleted cells of microalgae and bacteria were desalinated (see Chapter 3, 

3.2.5.2) and lyophilised for extracts preparation (see 5.2.3). 

 

5.2.2. Morphological studies of associated bacteria 

 

5.2.2.1. Isolation and Gram staining 

 

Six media solidified with 1.5% (w/v) technical agar were prepared to attempt 

isolation and study the morphology of associated bacteria:  

• ISP2 (Shirling & Gottlieb, 1966): 0.4% (w/v) yeast extract, 1% (w/v) malt extract, 

0.4% (w/v) glucose, diluted in FSW; 

• ISP2: 0.4% (w/v) yeast extract, 1% (w/v) malt extract, 0.4% (w/v) glucose, 

diluted in dH2O; 

• GYEA (Evans & Niven, 1951; Rogosa et al., 1951): 0.5% (v/v) glycerol, 0.2% 

(w/v) yeast extract, 0.1% (w/v) dipotassium phosphate), Malt (2% (w/v) malt 

extract, 2% (w/v) glucose, 0.1% (w/v) peptone, diluted in FSW; 

• GYEA: 0.5% (v/v) glycerol, 0.2% (w/v) yeast extract, 0.1% (w/v) dipotassium 

phosphate, Malt (2% (w/v) malt extract, 2% (w/v) glucose, 0.1% (w/v) peptone, 

diluted in dH2O; 

• General marine media: FSW enriched with 0.5% (w/v) peptone, (Oxoid LP0034); 

• General terrestrial media: dH2O enriched with 2.5% nutrient broth, (Oxoid 

CM0067). 

GYEA is a selective medium for many of the spore forming bacteria in the 

Actinomycetes, Bacillus and other groups of Gram-positive bacteria whill ISP2 medium 

is mainly used for characterizing Streptomyces species (Gordon et al., 1974; Badji et al., 

2011).  

 

Inocula from both microalgal (supernatant and pelleted cells) and associated 

bacteria cultures were streaked onto solid media under aseptic conditions and incubated 

at 25 °C for 10 days after which colony forming units (CFU) were determined.  

Gram staining was performed using standard protocols (Gram, 1884). 
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5.2.2.2. Morphological diversity and proximity of associated bacteria: scanning 

electron microscopy 

 

Thermonox plastic slides (15 mm diameter) were pierced with a hot needle, tied 

to a nylon string, and UV-sterilized on both sides. Slides (18) were dipped in each 2 L 

microalgal culture (106 cells mL-1) under aseptic conditions and the strings were secured 

with the stopper. Biofilm formation was monitored regularly (3h, 6h, 12h, 24h, 48h and 

72h) by removing slides in triplicate and the samples were prepared for scanning 

electron microscopy SEM observation (Kientz et al., 2011). Slides were immediately 

put in individual glass vials and fixed in a 4% (v/v) glutaraldehyde solution in 0.2 M 

sodium cacodylate buffer for > 60 minutes and stored at 4 °C. The glutaraldehyde 

solution was removed using a Pasteur pipette and 4 drops of 1% (v/v) osmium 

tetraoxide solution in 0.2 M sodium cacodylate buffer was added to the vials, which 

were put in a rotary agitator for one hour. The osmium tetraoxide was discarded and 

each slide was rinsed with dH2O before dehydrating by dipping for 15 min in increasing 

concentrations of ethanol (10, 20, 30, 40, 50, 60, 70, 80, 90 and 100%: (v/v)) and finally, 

absolute acetone. The slides were then subject to critical point drying to totally remove 

water. The slides were coated using a rotary pumped carbon coater (Quorum Q150R 

ES).  

Six random fields of each slide were photographed and both bacterial and microalgae 

cells were counted using ImageJ 1.45S. 

 

To investigate for possible endosymbiosis, each pelleted microalga was fractured in 

liquid nitrogen using a razor, fixed in 4% (v/v) glutaraldehyde in 0.2 M sodium 

cacodylate buffer and then prepared for SEM analysis as described above. In this case, 

instead of using the critical point dryer (unsuitable for this delicate material), the 

samples were covered in pure hexamethyldisilazane (HDMS) as a drying agent. 

  



Study	  of	  the	  bacterial	  community	  associated	  with	  microalgal	  cultures	  
	  

	  
	  

226	  

5.2.3. Comparing the antifouling activity and the chemical fingerprinting of 

microalgal and associated bacterial extracts 

 

5.2.3.1. Antimicrofouling assays 

 

Mixture of compounds were extracted from a total of six lyophilised samples 

(comprising samples of three microalgal species and their enriched associated bacteria) 

obtained as described in 5.2.1.3 using three 1 hour and one overnight acetone (1:1 

(w/v)) extractions. Acetone extracts were filtered (Whatman Grade 1) and dried using a 

rotary evaporator. Dried extracts were recovered with methanol and diluted to 0.01, 0.1, 

1, 10 and 100 µg mL-1. Microplates were coated and prepared for bioassays against 

bacteria and microalgae as described in the Chapter 2 (see 2.2.3 and 2.2.4, respectively). 

Four bacterial strains were targeted (H. aquamarina, V. natriegens, P. irgensii and S. 

putrefaciens) as well as the bacteria associated with the three microalgae cultures 

studied, and, the following five microalgae strains: P. purpureum, C. closterium, T. 

pseudonana, E. gayraliae and P. roscoffensis.  

 

5.2.3.2. Metabolomics 

 

Samples of the acetone extracts were sent to Dr Bernard Banaigs at the 

Laboratoire Chimie Biomolécules Environnement (LCBE), Perpignan, France, for 

metabolite profiling as described in Chapter 3 (see 3.2.5.4). 

 
5.2.3.3. Data analysis 

 

The metabolome data were analysed as described in Chapter 3 (3.2.5.5). In this case 

the bacterial chromatograms exhibited a lot of slope variations making it difficult to 

directly superimpose all the recorded chromatograms. Hence, the Y-offsets in each 

chromatogram were corrected using the Standard Normal Variate (SNV) procedure 

(Barnes et al., 1989): the spectrum mean is subtracted and the length is normalized to 1 

by dividing by the standard error. A subset of data from each chromatogram was 

produced by eliminating the first 20 minutes of elution time before applying 

chemometric methods. Principal component analysis (PCA) followed by a hierarchical 

cluster analysis (HCA) of PCA scores were performed on all chromatograms as 
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previously described (Wold et al., 1987). In addition, a multiway analysis of variance 

(N-way ANOVA) was applied on the microalgal extract group and the bacterial extract 

group in order to identify significant discriminating variables. Plotting p-values < 0.05 

provides a visualization of the most discriminant variables for distinguishing the 

compared groups of samples on the loadings (Daszykowski et al., 2003).  
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5.3. Results 

 

5.3.1. Morphological studies of microalgal-associated bacteria 

 

5.3.1.1. Isolation and Gram staining 

 

The pelleted microalgal cells as well as the supernatants from microalgal 

cultures, contained bacteria that were able to grow on at least one of the media tested 

(Table 5.2). Bacteria present in the pellet were able to grow on the selective GYEA and 

ISP2 media prepared using seawater, unlike those present in the culture supernatant. 

Selective media prepared in dH2O did not allow the growth of the associated 

microorganisms, however, most of the samples inoculated on terrestrial agar produced 

colonies. All the colonies were circular and presented a “sticky” surface. The colonies 

observed in T. pseudonana samples were white and sized approximately 1 mm. The 

same morphology was recorded for the colonies derived from C. closterium samples, 

together with pink colonies that sized approximately 5 mm from supernatant samples 

grown on terrestrial agar. For P. purpureum samples, greater morphological diversity 

was observed, including the same small white colonies together with white colonies 

with a red colour in the centre. In addition, small yellow colonies were recorded on 

marine agar. As for C. closterium, the colonies grown on terrestrial agar were large and 

pink. 

 

The presence of large clumps of cells made it impossible to interpret the results 

of Gram staining performed on pellets of microalgae (data not shown). The results of 

Gram staining performed on supernatant and cultivated bacteria are presented in Table 

5.3.  

 

Both bacilli and cocci shaped bacteria were observed in all the samples. Bacilli 

were dominant most of the time, except for the supernatant of C. closterium where cocci 

shaped bacteria prevailed. Although Gram-negative bacteria were found in the 

supernatant of microalgal cultures, pellet-associated bacteria cultivated in enriched 

media are mainly Gram-positive. 
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Table 5.2: Bacterial growth on solid media (+: presence of colonies, -: absence of 

colonies, GYEA = glucose yeast extract agar, ISP2 = International Streptomyces 

Project 2, SW = seawater) 

	  	   	  	  
Marine	  
agar	  

Terrestrial	  
agar	  

GYEA	  
SW	  

GYEA	  
dH2O	  

ISP2	  
SW	  

ISP2	  
dH2O	  

Supernatant	  

P.	  purpurem	   +	   +	   -‐	   -‐	   -‐	   -‐	  

C.	  closterium	   -‐	   +	   -‐	   -‐	   -‐	   -‐	  

T.	  pseudonana	   +	   +	   -‐	   -‐	   -‐	   -‐	  

Pellet	  

P.	  purpurem	   +	   +	   +	   -‐	   +	   -‐	  

C.	  closterium	   +	   -‐	   +	   -‐	   -‐	   -‐	  
T.	  pseudonana	   +	   +	   +	   -‐	   +	   -‐	  

 

 

 

 

 

 

 Table 5.3: Gram staining of samples from supernatant of microalgae cultures and 

samples of associated bacteria cultivated in enriched media. 

	  	   	  	   Shape	   Gram	  

Supernatant	  

P.	  purpurem	   Bacilli	  (dominant)	   negative	  

	  
Cocci	   positive	  

C.	  closterium	   Bacilli	   negative	  

	   Cocci	  (dominant)	   negative	  

T.	  pseudonana	   Bacilli	  (dominant)	   positive	  

	  	   Cocci	  	   positive	  

Associated	  bacteria	  cultivated	  
in	  enriched	  media	  

P.	  purpurem	   Bacilli	  (dominant)	   positive	  

	  
Cocci	   positive	  

C.	  closterium	   Bacilli	  (dominant)	   positive	  

	  
Cocci	   positive	  

T.	  pseudonana	   Bacilli	  (dominant)	   positive	  

	  	   Cocci	  	   positive	  
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5.3.1.2. Morphological diversity and distribution of associated bacteria: 

scanning electron microscopy 

 

Due to technical difficulties with the SEM unit, only P. purpureum and C. 

closterium could be studied.  

 

The biofilm formation is presented in the Figure 5.4 for P. purpureum and 

Figure 5.5 for C. closterium, and the same pattern of formation was observed for both 

species. Bacterial and algal biofilm formed during the first three hours of immersion 

where it developed in patches. After six hours of immersion, denser patches of biofilm 

covered the slides, and, at 72 hours, a thick coverage of bacterial and algal was 

observed. Clear areas are due to contact with replicate slides in the microalgal cultures.  
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The attachment dynamics of P. purpureum and associated bacteria (Figure 5.6a) 

showed similarities between microalgae and bacteria, with a peak at early stage of 

immersion reaching 18 bacteria cells mm-2 and 9 microalgal cells mm-2; followed by a 

steady increase reaching the same cell density of approximately 35 cells mm-2. 

For C. closterium, different dynamics of microalgal and bacterial (Figure 5.6b) 

attachment were recorded. Bacterial cell density increased steadily over time reaching 

approximately 15 cells mm-2, but very low microalgal cell density (1 cell mm-2) was 

recorded given the large size (60 µm) of C. closterium cells.  

Figure 5.6c and 5.6d showed the evolution of bacteria/microalgae cell ratios over 

time. For P. purpureum (Figure 5.6c), a high ratio (mean value = 8) was observed at the 

early stage during the first 6 hours of immersion, then the number of bacteria per 

microalga decreased in the next 6 hours to reach the value of one.  

Slides immersed in C. closterium cultures (Figure 5.6d) showed a steady increase in the 

bacteria/microalga cell ratio on the surface of the slide from 10 at three hours then 

reaching approximately 50 after 72 hours of immersion. High variability was recorded 

at 24h immersion. 
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Figure 5.6: Bacterial (red) and microalgal (green) attachment dynamics on triplicate 

slides immersed in cultures of P. purpureum (a) and C. closterium (b) up to 72 hours. 

Bacterial/microalgal cell ratios of triplicate slides immersed in P. purpureum (c) and 

C. closterium (d) cultures. Mean ± SD. 
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Diverse bacterial morphologies were observed in SEM images from the first 

hours of immersion. For example in C. closterium (Figure 5.7), shapes such as cocci (1), 

spirilla (2), curved-rod vibrio-like (3) and bacilli (4) (including chains (5) and some 

with flagellae (6)) were observed after 3 hours of immersion (Figure 5.7a). Long chains 

of bacilli could also be seen as depicted in Figure 5.7b. It was noticed that bacterial cells 

often concentrated in areas close to and attached to senescent microalgal cells (Figure 

5.7c). After 72 hours of immersion, bacilli with long filamentous appendages were 

predominantly observed (Figure 5.7d). In general, bacterial cells were found closely 

associated with the microalgae (distance < 5 µm), and attached to the cell wall 

(ectosymbionts: Figure 5.7e).  

 

For P. purpureum, a variety of bacterial morphologies were observed from the 

early hours of immersion (Figure 5.8a) with cocci (1), spirilli (2 and 3), curved-rod 

vibrio-like (4), bacilli with single cell (5) and diplobacilli (6). Ectosymbionts were 

occasionally observed on the surface of the microalgae cells (7).  From 48 hours of 

immersion, most of the microalgae cells were aggregated in clumps with bacteria cells 

generally in very close proximity (Figure 5.8b). At 72 hours, the microalgae cells form 

very large clumps and are embedded in a thick protective mucilage coat (Figure 5.8c). 

No bacterial cells were observed attached to the microalgal clumps at this stage. 

 

SEM images of freeze-fractured microalgal cells were inconclusive. 
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Figure 5.8: Bacteria associated with P. purpureum microalgal cells, a: morphological 

diversity (6 hours): cocci (1), spirilli (2 and 3), curved-rod vibrio-like (4), bacilli with 

single cell (5) and diplobacilli (6), ectosymbionts (7), b: aggregation formation (48 

hours), c: thick mucilage formation (72 hours). 
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Summary: 

The morphological studies of associated bacteria showed that the bacterial an 

algal biofilm formed during the first hours of immersion then developed into larges 

patches. The dynamics of biofilm formation was similar for P. purpureum and 

associated bacteria, and showed higher proportion of bacteria at the early stages of 

development. However, regarding C. closterium, associated bacteria increased steadily 

while microalgal density remained stable, giving a bacteria/microalgae ratio of 

approximately 50 at 72 hours of immersion.  

The associated bacteria showed a high diversity from the early stage of immersion in 

both P. purpureum and C. closterium cultures, and, they were found very close to the 

microalgal cells or attached to the cell wall, especially senescent ones. Towards the end 

of the immersion period, a large number of bacilli with long filamentous appendages 

were observed in C. closterium. On the other hand, P. purpureum cells formed clumps 

embedded in mucilage at 72h, on which no bacterial cells were observed.  
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5.3.2. Comparing the antifouling activity and the metabolic fingerprints of 

microalgal and associated bacterial extracts 

 

5.3.2.1. Antimicrofouling assays 

 

Due to a lack of material, the new T. pseudonana extract could not be screened 

for activity against bacteria and microalgae, therefore the results obtained from previous 

experiments were used to compare against the activity observed for the associated 

bacterial extracts. 

 

5.3.2.1.1. Antibacterial assays 

 

Only a few cases of significant growth reduction were recorded (maximum 

magnitude of 16% reduction), however, the extracts studied successfully inhibited the 

adhesion of at least one of the bacterial suspensions tested (Table 5.4).  

The extracts from P. purpureum (Pp) and associated bacteria (PpB) have very 

similar AF activity, inhibiting the adhesion of V. natriegens, P. irgensii, and bacteria 

associated with C. closterium (CcB) at 100 µg mL-1. These two extracts also inhibited 

the adhesion of the bacteria associated with T. pseudonana at MIC = 0.01 µg mL-1by up 

to 62%. On the other hand, both Pp and PpB extracts promoted the adhesion of H. 

aquamarina by a factor four from 10 µg mL-1, up to a factor 10 at 100 µg mL-1. The 

microalgal extract Pp failed to inhibit S. putrefaciens, but the associated bacteria extract 

PpB prevented its adhesion by 44% at 100 µg mL-1. The bacterial extract PpB, however, 

had no effect on its own bacterial community whereas the microalgae extracts Pp 

inhibited adhesion (45%) of associated bacteria in a non dose-dependant way (IC = 0.01 

µg mL-1). 

The extract from bacteria associated with C. closterium (CcB) had a broad 

spectrum of activity, exhibiting adhesion/growth inhibition towards all the bacterial 

suspension tested. For instance, the adhesion of V. natriegens was inhibited from 0.01 

µg mL-1 by 35%, reaching 83% of inhibition at 100 µg mL-1. CcB also inhibited the 

adhesion of P. irgensii and S. putrefaciens at 100 µg mL-1 up to 46%. Activity towards 

bacteria associated with P. purpureum and T. pseudonana was also recorded from 

0.01µg mL-1, however, CcB extract had mild activity against its own bacterial 

community (up to 18% only at 0.01 µg mL-1). Finally, stimulatory were again observed 
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with H. aquamarina from 10 µg mL-1 (up to 180%), but lower concentrations inhibited 

the adhesion up to 78%. C. closterium extract (Cc) exhibited a smaller spectrum of 

activity than the extract from associated bacteria, having no effect on V. natriegens, P. 

irgensii, S. putrefaciens and the bacteria associated with P. purpureum. There was, 

however, similar activity against bacteria associated with T. pseudonana, where 

adhesion inhibition was recorded up to 56% at a MIC = 0.01 µg mL-1. Also, this extract 

exhibited 16% adhesion inhibition of the associated bacteria CcB at 100 µg mL-1. 

Interestingly, microalgal extract Cc promoted the adhesion and the growth of H. 

aquamarina at all concentrations tested.  

The T. pseudonana extract Tp previously inhibited biofilm formation by 

significantly inhibiting the adhesion of V. natriegens (from IC = 0.01 µg mL-1, up to 

86% at 100µg mL-1), P. irgensii (MIC = 10 µg mL-1, up to 96% at 100µg mL-1) and S. 

putrefaciens (IC = 0.01 µg mL-1, up to 78% at 100 µg mL-1). No activity was recorded 

against bacteria associated with C. closterium (CcB) and T. pseudonana (TpB). The 

extract from bacteria associated with T. pseudonana (TpB) also inhibited the adhesion 

of V. natriegens, P. irgensii and S. putrefaciens at 100 µg mL-1. In addition, TpB 

inhibited the bacteria associated with P. purpureum (PpB) and C. closterium (CcB) at 

0.01 µg mL-1 and 100 µg mL-1, as well as its own bacterial community at all 

concentrations. Stimulation effects were also recorded: growth promotion of PpB was 

observed at all concentrations, and adhesion promotion of H. aquamarina was recorded 

at 100 µg mL-1. 

As no total growth inhibition was recorded, toxicity tests were not performed. 

The antibacterial bioassays conducted showed that the bioactivities of associated 

bacteria are very similar to those for the microalgal extracts, but have a higher potency 

with lower MIC and broader spectrum of activity. It was also noticed that the strain H. 

aquamarina was consistently stimulated by all the extracts tested, and, that the bacterial 

community associated with T. pseudonana was very sensitive. 
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Table 5.4: Antibacterial activity of microalgae and associated bacteria extracts against four 
bacteria and associated bacterial communities. 

The significant bioactivity relative to control (p < 0.05, n = 6) against adhesion (A) and 
growth (G) is displayed. Black = percentage of inhibition; bold = total inhibition; red = 
percentage or stimulation or stimulation factor; - = no activity at the concentrations tested. 
Extracts	   Concentrations	  

(µg	  mL-‐1)	   Ha	   Vn	   Pi	   Sp	   PpB	   CcB	   TpB	  

Pp	  

0.01	   -‐	   -‐	   -‐	   -‐	   A:	  45%	   -‐	   A:	  50%	  

0.1	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  38%	  

1	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  35%	  

10	   A:	  x	  4	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  37%	  

100	   A:	  x	  10	   A:	  40%	   A:	  51%	   -‐	   -‐	   A:	  26%	   A:	  39%	  

PpB	  

0.01	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  60%	  

0.1	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  45%	  

1	   -‐	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  57%	  

10	   A:	  x	  4	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  62%	  

100	   A:	  x	  5	   A:	  74%	   A:	  40%	   A:	  44%	   -‐	   A:	  18%	   A:	  56%	  

Cc	  

0.01	   G:	  14%	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  38%	  

0.1	   G:	  13%	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  46%	  

1	   G:	  12%	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  43%	  

10	   A:	  x	  3	  
G:	  22%	   -‐	   -‐	   -‐	   -‐	   -‐	   A:	  56%	  

100	   A:	  x	  5	  
G:	  22%	   -‐	   -‐	   -‐	   -‐	   A:	  16%	   A:	  36%	  

CcB	  

0.01	   A:	  68%	  
G:	  36%	  

-‐	   -‐	   A:	  40%	   A:	  18%	   A:	  61%	  
A:	  35%	  

0.1	   A:	  78%	   A:	  34%	   -‐	   -‐	   -‐	   -‐	   A:	  63%	  

1	   A:	  75%	   A:	  35%	   -‐	   -‐	   G:	  11%	   -‐	   A:	  65%	  

10	   A:	  111%	   A:	  31%	   -‐	   -‐	   G:	  9%	   -‐	   A:	  71%	  

100	   A:	  180%	   A:	  83%	   A:	  44%	   A:	  46%	  
G:	  16%	  

-‐	   A:	  53%	  
A:	  39%	  

Tp	  

0.01	  

Not	  tested	  

A:	  23%	   -‐	   A:	  36%	  

Not	  tested	  

-‐	   -‐	  

0.1	   A:	  27%	   -‐	   -‐	   -‐	   -‐	  

1	   -‐	   -‐	   -‐	   -‐	   -‐	  

10	   A:	  35%	   A:	  55%	   -‐	   -‐	   -‐	  

100	   A:	  86%	   A:	  96%	   A:	  78%	   -‐	   -‐	  

TpB	  

0.01	   -‐	   -‐	   -‐	   A:	  24%	  
G:	  24%	  

A:	  19%	   A:	  44%	  
A:	  31%	  

0.1	   -‐	   -‐	   -‐	   -‐	   G:	  42%	   -‐	   A:	  46%	  

1	   -‐	   -‐	   -‐	   -‐	   G:	  27%	   -‐	   A:	  57%	  

10	   -‐	   -‐	   -‐	   -‐	   G:	  28%	   -‐	   A:	  53%	  

100	   A:	  164%	   A:	  83%	  
G:	  15%	  

A:	  58%	  
G:	  19%	  

A:	  17%	   A:	  63%	  
A:	  40%	   A:	  31%	  

Ha = H. aquamarina; Vn = V. natriegens, Pi = P. irgensii, Sp = S. putrefaciens. 
Pp = P. purpureum, PpB = bacteria associated with P. purpureum, Cc = C. closterium, CcB = 

bacteria associated with C. closterium, TpB = bacteria associated with T. pseudonana 
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5.3.2.1.2. Antimicroalgal assays 

 

The bioassays conducted on microalgae strains using both microalgae and 

associated bacteria extracts showed significant adhesion/growth inhibition (up to 100% 

magnitude) (Table 5.5).  

P. purpureum extract (Pp) inhibited the adhesion and growth of all microalgae 

strains tested, included itself, but not in a dose-dependent way. For instance, P. 

purpureum and T. pseudonana were inhibited at low concentrations of Pp extract (0.01 

and 0.1 µg mL-1) and at 100 µg mL-1 where up to 92% inhibition was recorded for T. 

pseudonana. But intermediate concentrations had no effect. Also, P. roscoffensis was 

inhibited at 0.01, 0.1 and 1 µg mL-1, but higher concentrations were ineffective.  

Interestingly, the growth of C. closterium was inhibited by 20% at 0.01 µg mL-1 only of 

Pp extract, but concentrations 1 and 10 µg mL-1 had stimulatory effects. Extracts from 

associated bacteria (PpB) also inhibited the adhesion and growth of all microalgal 

strains tested in a non dose-dependent way but to a lesser extent (maximum of 66% 

inhibition). P. purpureum and C. closterium were inhibited only at low concentrations 

but higher concentrations of PpB had no effect. In the case of T. pseudonana and E. 

gayraliae, up to 60% adhesion and growth inhibition were recorded at 0.01 µg mL-1 and 

100 µg mL-1 whereas intermediate concentrations had no effect. Finally, P. roscoffensis 

was inhibited by PbB extract at 100 µg mL-1.  

The C. closterium extract inhibited the adhesion and the growth of all the 

microalgae tested at 100 µg mL-1 up to 100%, including itself. The lowest concentration 

0.01 µg mL-1 also caused significant inhibition (except for E. gayraliae) but 

intermediate concentrations had no effect. The extract from the associated bacteria CcB 

was less active, and recorded adhesion and growth inhibition only between 0.01 and 1 

µg mL-1 for P. purpureum (up to 43%), 0.01 µg mL-1 for C. closterium, and at 100 µg 

mL-1 for T. pseudonana and P. roscoffensis (up to 61%). CcB extract stimulated the 

adhesion of E. gayraliae at 0.01 and 0.1 µg mL-1. 

The T. pseudonana extract was previously shown to be inhibitory against the 

adhesion and growth of E. gayraliae and P. roscoffensis at 100 µg mL-1 (up to 91%). 

The extract from associated bacteria TpB, however, was ineffective against E. gayraliae 

at all tested concentrations and only reduced the adhesion and growth of P. roscoffensis 

at IC = 0.01 µg mL-1 (as well as P. purpureum and C. closterium). TpB extract also 
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affected the adhesion and the growth of T. pseudonana at a MIC of 10 µg mL-1 (up to 

47%). 

The toxicity tests performed when total growth inhibition was recorded showed 

that the activity was biostatic. 

These bioassays showed that the antimicroalgal activities recorded were rarely 

dose-dependant, for either microalgal or associated bacterial extracts. However, 

microalgal extracts showed stronger activity against the microalgal strains tested than 

the extracts from associated bacteria. 

 

Summary: 

The antibacterial assays conducted showed stronger bioactivities of associated bacteria 

with lower MIC and broader spectrum. Mainly adhesion inhibition was recorded, up to 

96%. Interestingly, the strain H. aquamarina was consistently stimulated by all the 

extracts studied. It was also noticed that the bacterial community associated with T. 

pseudonana was very sensitive as it was inhibited by all the extracts studied at MIC = 

0.01 µg mL-1, with the exception of extracts from T. pseudonana. 

The antimicroalgal assays showed the opposite trend, with stronger bioactivities 

exhibited from microalgal extracts: up to 100% adhesion and growth inhibition were 

recorded at 100 µg mL-1. Although the microalgal activity exhibited by extracts from 

associated bacteria was weaker, it was interestingly noticed that there was a targeted 

activity from these extracts towards the host microalgae.  
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Table 5.5: Antimicroalgal activity of microalgal and associated bacteria extracts against five 
strains of microalgae. The significant bioactivity relative to control (p < 0.05, n = 4) against 
adhesion (A) and growth (G) is displayed. Black = percentage of inhibition; bold = total 
inhibition; red = percentage of stimulation; - = no activity at the concentrations tested. 

Extracts	   Concentrations	  (µg	  mL-‐1)	   Pp	   Cc	   Tp	   Eg	   Pr	  

Pp	  

0.01	   A:	  50%	  
G:	  49%	   G:	  20%	   G:	  55%	   -‐	   A:	  44%	  

G:	  67%	  

0.1	   A:	  28%	  
G:	  32%	   -‐	   G:	  19%	   -‐	   A:	  40%	  

G:	  68%	  

1	   -‐	   A:	  22%	  
G:	  19%	   -‐	   -‐	   A:	  45%	  

G:	  77%	  

10	   -‐	   A:	  17%	  
G:	  21%	   -‐	   -‐	   -‐	  

100	   A:	  43%	  
G:	  46%	   -‐	   A:	  83%	  

G:	  92%	  
A:	  66%	  
G:	  84%	   -‐	  

PpB	  

0.01	   A:	  51%	  
G:	  53%	  

A:	  48%	  
G:	  35%	  

A:	  57%	  
G:	  60%	  

A:	  26%	  
G:	  34%	   -‐	  

0.1	   A:	  33%	  
G:	  34%	   -‐	   -‐	   -‐	   -‐	  

1	   -‐	   A:	  22%	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	   -‐	  

100	   -‐	   -‐	   A:	  54%	  
G:	  59%	  

A:	  31%	  
G:	  17%	  

A:	  35%	  
G:	  66%	  

Cc	  

0.01	   A:	  37%	  
G:	  52%	  

A:	  27%	  
G:	  30%	  

A:	  37%	  
G:	  29%	   -‐	   A:	  48%	  

G:	  19%	  
0.1	   -‐	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	   -‐	  

100	   A:	  78%	  
G:	  82%	  

A:	  53%	  
G:	  66%	  

A:	  100%	  
G:	  100%	  

A:	  100%	  
G:	  100%	  

A:	  100%	  
G:	  100%	  

CcB	  

0.01	   A:	  36%	  
G:	  43%	  

A:	  37%	  
G:	  32%	   -‐	   A:	  37%	   -‐	  

0.1	   A:	  29%	  
G:	  37%	   -‐	   -‐	   A:	  76%	   -‐	  

1	   A:	  21%	  
G:	  25%	   -‐	   -‐	   -‐	   -‐	  

10	   -‐	   -‐	   -‐	   -‐	   -‐	  

100	   -‐	   -‐	   A:	  29%	  
G:	  61%	   -‐	   A:	  31%	  

G:	  56%	  

Tp	  

0.01	   -‐	   -‐	  

Not	  tested	  

-‐	   -‐	  
0.1	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	  
10	   -‐	   -‐	   -‐	   -‐	  

100	   -‐	   -‐	   A:	  88%	  
G:	  90%	  

A:	  88%	  
G:	  91%	  

TpB	  

0.01	   A:	  38%	  
G:	  40%	  

A:	  34%	  
G:	  25%	   -‐	   -‐	   A:	  54%	  

G:	  69%	  
0.1	   -‐	   -‐	   -‐	   -‐	   -‐	  
1	   -‐	   -‐	   -‐	   -‐	   -‐	  

10	   -‐	   -‐	   A:	  24%	  
G:	  47%	   -‐	   -‐	  

100	   -‐	   -‐	   A:	  46%	  
G:	  38%	   -‐	   -‐	  

Pp = P. purpureum, Cc = C. closterium, Tp = T. pseudonana, Eg = E. gayraliae, Pr = P. 
roscoffensis. PpB = bacteria associated with P. purpureum, CcB = bacteria associated with 
C. closterium, TpB = bacteria associated with T. pseudonana. 
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5.3.2.2. Metabolomics 

 

UV-spectra of extracts from microalgae and from associated bacteria were 

measured at 214 nm (Figure 5.9a) and 320 nm (Figure 5.9b). The chromatograms from 

microalgae extracts gave stronger signals in comparison to the bacterial extracts, but 

this was normalized using the SNV transformation. All of the UV-spectra seem to share 

the same peak eluting at 31.45 minutes. Chemometrics allowed a more detailed analysis 

of the chromatograms: they were subject to a principal component analysis (PCA) 

followed by a hierarchical cluster analysis (HCA) of PCA scores. The “bacterial 

extracts group” and the “microalgal extracts group” were then subject to a N-way 

ANOVA to search for significant discriminating variables.  
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Figure 5.9: UV-spectra of acetone extracts from microalgae and associated bacteria at 

214 nm (a) and 320 nm (b). Pp = P. purpureum, Cc = C. closterium, Tp = T. 

pseudonana, PpB = bacteria associated with P. purpureum, CcB = bacteria 

associated with C. closterium, TpB = bacteria associated with T. pseudonana. 

 

  

 

 

a"

b"
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5.3.2.2.1. Chemometrics at 214 nm 

 

The Figure 5.10a shows that the bacterial extract chromatograms form a group 

on the positive side of the first principal component (PC1), which explains 46.2% of the 

variance, while microalgal extracts are grouped on the negative side. A PCA 

representation with the second principal component, which accounted for 27.9% of the 

variance, also allowed separation of the microalgal and bacterial extracts: bacteria 

associated with P. purpureum and C. closterium were on the negative side of PC2 and 

bacteria associated with T. pseudonana were on the positive side. 

The HCA dendrogram representation (Figure 5.10b) confirms that bacterial 

extracts form a distinct cluster at a distance value of 48.93, with associated bacteria 

from C. closterium and P. purpureum being very similar with a distance value of 4.45. 

These two microalgae also formed a separate cluster but with a higher level of 

dissimilarity (62.83). T. pseudonana had a distinct chemical signature and was found to 

be closer to the bacterial extracts group (83.54) than were the other microalgal extracts 

(98.83).  

Reference to the loadings on PC1 (Figure 5.11a) and PC2 (Figure 5.11b) helps 

identify the peaks that contribute to the observed differences: positive peaks on the 

loadings are characteristic of the extract peaks located on the positive side of a principal 

component, while negative peaks are characteristics of those on the negative side. The 

probability plot (Figure 5.11c), which is the output of the N-way ANOVA between 

bacterial spectra and microalgal spectra, complements the interpretation by identifying 

the peaks that are the most significantly discriminant (p < 0.05) between the two groups.  

The positive peaks on PC1 are the ones characteristics of the bacterial extracts group: it 

appears that the compounds eluted between 32.43 and 32.8 min are the most 

discriminating ones between the two groups at 214 nm. 
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5.3.2.2.2. Chemometrics at 320 nm 

 

There is a clear separation between the microalgae group and the bacteria group 

along PC1, which accounted 65.2% of the variability (Figure 5.12a). P. purpureum and 

T. pseudonana extracts were also separated from their associated bacterial extracts 

along PC2, which explains 16.3% of the variability, however, this was not the case for 

the  C. closterium extract.  

The HCA dendrogram (Figure 5.12b) shows the high level of dissimilarity 

between the microalgal extracts and associated bacterial extracts (distance value = 

123.18).  

The loadings on PC1 (Figure 5.13a) indicate the positive peaks that are characteristic of 

bacterial extract group. Alignment with the probability plot (Figure 5.13b) helps to 

identify the significant most discriminating variables: the times at which these 

compounds were eluted are between 21.89 and 22.78 min; and between 34.6 and 34.79 

min. Also, the significant most discriminating negative peak of compounds eluted 

between 45.62 and 46.2 min is characteristic of microalgal extracts group. 

 

Summary: 

At 214 nm, the multivariate analysis of the metabolomic profiles showed that the 

chemical signature of each microalgal strains studied is very distinct from their 

associated bacteria. They formed two distinct groups both on PC1 (which explains 

46.2% of the variability) and on PC2 (which explains 27.9% of the variability). At this 

wavelength, compounds eluted between 32.43 and 32.8 min are typical of extracts from 

associated bacteria.  

At 320 nm, the extracts formed two distinct groups as well on PC1 (which explains 

65.2% of the variability). At this wavelength, the products eluted between 21.89 and 

22.78 min, and between 34.6 and 34.79 min are characteristics of the associated bacteria 

whereas compounds eluted between 45.62 and 46.2 min are of microalgal origin. 
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5.4. Discussion 

 

After several attempts, axenic microalgal cultures could not be obtained. It was 

suggested that bacteria/microalgae association was mandatory for the long-term survival 

of microalgal cultures. However, high dependency of microalgae on associated bacteria 

is not unexpected, as previous studies have highlighted the importance of this 

association by assessing the effect of bacterial removal. For example, penicillin 

treatment of sediment samples not only reduced bacterial abundance, but also resulted 

in suppression of the dominant diatom, Halamphora coffeaeformis, suggesting that 

bacteria played an important role in structuring benthic diatom communities (D’Costa & 

Anil, 2011). Also, it was found that after decontamination treatments (vortexing and 

antibiotic treatment), many microalgal strains showed a rapid reduction in cell size, 

formed slow-growing aggregates, or failed to grow at all (Bruckner et al., 2009). 

Windler et al. (2014) also recorded cell abnormalities such as cell length reduction and 

deformation of the siliceous cell walls when diatoms were grown under axenic 

conditions. However, in another study (Le Chevanton et al., 2013), purification of 

Dunaliella sp. was successfully achieved without affecting the viability of microalgae 

cells using a specific mix of antibiotic over 2 courses of 7 days: 

ampicillin/gentamycin/kanamycin/neomycin (1250/250/500/2500 µg mL-1). 

In the context of our study, it was essential to address these interactions between 

bacteria and microalgae, and to investigate the potential contribution of the associated 

bacteria to the production of microalgal bioactive extracts. As we were unable to 

remove bacteria from our microalgal cultures, our approach was to characterise the 

bacterial communities, to look for bioactive extracts within them, and to compare 

activities as well as chemical fingerprints to those for the original bacterized cultures.  

 

5.4.1. Morphology and attachment dynamic study 

 

Isolation method of bacterial strains on agar plates gave a fair description of the 

bacterial diversity in the samples studied, but it only allowed the identification of 

cultivable dominant strains, which, additionally, are able to grow on solid media. Indeed, 

it is stated that the cultivable fraction of bacterial strains isolated from environmental 

samples represent at the best 20% of the total bacterial community using the dilution 

culturing technique to allow for the growth of the most abundant bacteria, followed by 
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PCR-DGGE (denaturing gradient gel electrophoresis) (Selje et al., 2005; Lekunberri et 

al., 2014). 

All microalgal pellets samples yielded bacterial colonies on GYEA agar plates, which is 

selective for many of the spore forming bacteria in the Actinomycetes, Bacillus, and 

other groups of Gram-positive bacteria (Badji et al., 2011; Gordon et al., 1974). On the 

other hand, only P. purpureum and T. pseudonana pellets yielded colonies on ISP2 agar 

plates, which is mainly used for characterizing Streptomyces species (Badji et al., 2011). 

Although Actinomycetes were traditionally thought of as soil microorganisms, they are 

also widely distributed in the marine environment, in sediments, seawater, and in 

association with organisms (Subramani & Aalbersberg, 2012). Hence, there is a 

possibility that the bacterial colonies observed could be from the Actinomycetes group, 

even though no filamentous growth was observed in them, as this is not systematic 

(Basavaraj et al., 2010). If present in the cultures, this would be very interesting, as 

Actinomycetes are known to produce bioactive compounds with strong antibiotic 

activities including against bacteriophages, animal viruses, bacteria and fungi 

(Waksman et al., 2010). Interestingly, some white colonies with red pigmentation in the 

centre were observed on agar plates inoculated with P. purpureum samples. It is 

possible that these colonies produced phycobilins such as phycoerythrin (Ahmad et al., 

2012). Our colonies could also have produced a prodigiosin red pigment, which has 

exhibited algicidal activity against red tide phytoplankton (Nakashima et al., 2006; 

Natrah et al., 2014).  

SEM studies provided a more detailed representation of the bacterial morphotypes 

associated with nascent biofilms. Various morphologies were observed, such as cocci 

(flagellated or not), spirilla (mainly corkscrew shaped), curved-rod (vibrio-like) and 

rods (bacillus-like including chains of bacilli).  

Several senescent cells were observed in C. closterium cultures, which were 

probably suffering from nutrient limitation as slides were put into the microalgal 

cultures at the end of the exponential phase. These cells were colonised by bacterial 

cells of various morphotypes (rods and corkscrew). Previous studies reported bacterial 

cells were also observed attached on growing microalgal cells directly along the raphe, 

possibly to degrade the secreted polysaccharides in this area (Cottrell & Kirchman, 

2000; Kaczmarska et al., 2005; Natrah et al., 2014). Because of the nutrient-limiting 

conditions in the microalgal cultures, it is possible that the nature of interactions 

between microalgae and bacteria has changed and became more aggressive. Indeed, Le 
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Chevanton et al. (2013) reported that the microalgal growth was negatively affected at 

the stationary phase by over 50% due the presence of bacteria, probably because of 

increasing competition interactions for limiting nitrates. It is very likely that a parasitic 

interaction was observed, with an algacidal effect aimed at the release of organic matter. 

Indeed, lysis of algal cells following attachment has been reported in numerous studies, 

and it was suggested to result in the degradation of chlorophyll a  (Mayali et al., 2004; 

Mu et al., 2007; Amin et al., 2012; Natrah et al., 2014). 

In our study, bacterial cells often attached to C. closterium from the poles of the 

bacterial cells, possibly using appendages such as pili, fimbriae or stalks. It has been 

shown that filamentous bacterial nanofibers function as adhesin and play an important 

role in the attachment to abiotic and living surfaces (Hori et al., 2010; Hwang et al., 

2012). These appendages can pierce the energy barrier and bridge between the cell and 

the surface (Hwang et al., 2012). Type IV pili, located at one or both poles of the 

bacterial cell, can bind to various surfaces (including inert surfaces or other 

prokaryotic/eukaryotic cells), generating “twitching motility” by pili adhesion and 

retraction and mediating surface and host colonization (Mattick 2002, Wei et al. 2013, 

Guégan et al. 2014). Also, long flagellated cells were observed after 72 hours of 

immersion in C. closterium cultures, which could be related to prosthecate bacteria such 

as Caulobacter crescentus. They have a dimorphic life cycle where they differentiate 

from mobile flagellated cells into a sessile stalked cell (Figure 5.14) (Thanbichler & 

Shapiro, 2008; Lin et al., 2010; Subramanian et al., 2013). Stalks are an extension of the 

cell envelope containing inner membrane, peptidoglycan and outer membrane, of 

approximately 100 nm in diameter and several micrometers in length, and tipped by a 

holdfast composed of extracellular polysaccharides which provide remarkable 

attachment strength (Hori et al., 2010). They also play a role of nutrient-scavenging 

appendages, facilitating the intake of nutrient by increasing the cell surface area in 

nutrient-limited environment (McAdams, 2006). In fact, significant elongation of the 

stalk was recorded during events of phosphate starvation (Gonin et al., 2000), which is 

probably what was observed after 72 hours of immersion in C. closterium cultures 

(Figure 5.7d). 
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Figure 5.14: Caulobacter crescentus differentiates from a mobile, flagellated swarmer 

cell into a sessile stalked cell in the course of its life cycle, and then undergoes an 

asymmetric cell division that creates a new swarmer cell (Thanbichler et al., 2008).  
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These types of close physical interactions were rarely observed in P. purpureum 

cultures, where occasionally only one spirillum bacterium was found attached on the 

surface of the cell. In our laboratory, this microalgal strain is known to form dense 

aggregates covered with thick mucilage, as was observed under SEM observation. This 

source of carbon (mucilage) surprisingly did not attract bacteria, which were relatively 

close but not in direct contact with the microalgal cells. It is possible that chemical 

fluxes generated by the microalgal cells kept the phycosphere area from being heavily 

colonised by bacterial cells, as was suggested by Natrah et al. (2014). It was also 

reported that bacteria can secrete insoluble compounds such as fatty acids and esters 

that will not diffuse far from the microalgal cell, but would prevent attachment of 

algicidal bacteria (Amin et al., 2012; Lebeau & Robert, 2003). 

Then cell abundance study also translated the poor physical interaction: 

bacteria/microalgae ratio was approximately eight at the beginning of the slides 

immersion, but rapidly decreased to one as microalgae cells attached to the surface and 

survived the beginning of the stationary phase. This could also suggest that microalgae 

could have benefited from the association with this bacterial community, probably by 

detoxifying the by-products such as hydrogen peroxide generated by microalgae close 

to stationary phase, and hence relieving micralgal cells from oxidative stress (Hünken et 

al., 2008; Amin et al., 2012; Windler et al., 2014).  

 

5.4.2. Antifouling activity of microalgal and bacterial extracts 

 

The bioassays provided a better understanding of the chemical interactions between 

bacteria and microalgal cells. Indeed, the antibacterial assays showed that bacterial 

extracts had a stronger bioactivity than the microalgal extracts, efficiently inhibiting the 

adhesion and, sometimes, the growth of the bacterial suspensions targeted. For instance, 

bacterial extracts successfully inhibited the bacterial communities associated with each 

microalgal cultures studied. These antagonistic interactions have been reported in 

numerous studies and it was suggested that they might act as a control in environments 

where competition for space and resources is intense (Hibbing et al., 2010; Wietz et al., 

2013). This was not the case for extracts from bacteria associated with P. purpureum, 

PpB, which did not inhibit its community. This is in accordance with the results of the 

attachment dynamics study in cultures P. purpureum, which showed a lower bacterial 

abundance hence less competition.   
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The complexity of these interactions lies in in opposite recorded effects of the secreted 

secondary metabolites, with species-specific actions. For instance, activities for 

chemical defence and community structuring purposes were recorded, as observed with 

the pelagic Alteromonas species that produces the antibiotic 2-n-pentyl-4-quinolinol 

(Long et al., 2003; Wietz et al., 2013).  But the antibacterial assays also showed that the 

bacterium Halomonas aquamarina was almost always stimulated by the extracts tested 

whether of bacterial or microalgal origin. Croft et al. (2005) highlighted a very close 

relationship between Halomonas sp. and P. purpureum. On one hand this study 

suggested the high dependence of microalgal cells on vitamin B12 (cobalamin) that they 

are unable to produce, but that Halomonas sp. can synthesise de novo. On the other 

hand, it was shown that vitamin B12 biosynthesis is upregulated in Halomonas sp. in the 

presence of fucoidin – an algal extract, and that this fucoidin positively affects the rate 

of bacterial growth. Hence, it seems that this interaction is of a symbiotic nature, with 

the algae supplying carbon source in return for vitamin B12 production by bacteria 

(Croft et al., 2005; Amin et al., 2012; Kazamia et al., 2012; Natrah et al., 2014). 

Interestingly, growth promotion was observed along with simultaneous adhesion 

inhibition on several occasions: at 0.01 µg mL-1 of CcB extract against V. natriegens, 

and at 0.01 and 100 µg mL-1 of TpB extract against bacteria associated with P. 

purpureum (PpB). This could suggest a change in the bacterial phenotype from biofilm 

forming cells to planktonic cells. It is possible that the extracts caused a disruption of 

the bacterial QS mechanism that in this case controls the biofilm formation (Defoirdt et 

al., 2004; Natrah et al., 2011; Liaqat et al., 2014). This phenomenon was thoroughly 

discussed in the Chapter 2 (see 2.4.3.3). 

While extracts from associated bacteria showed stronger antibacterial activities than 

the host microalgal extracts, they exhibited lower inhibition rates against microalgal 

strains. This contrast was manifest in C. closterium, whose microalgal extracts inhibited 

all the strains targeted at 100 µg mL-1 with inhibition rates ranging from 66% to 100%, 

showing allelopathic mechanisms and competition regulation for the same resources 

(Granéli et al., 2003; Poulson-Ellestad et al., 2014). But extracts from associated 

bacteria exhibited lower inhibition, and even stimulated the adhesion of E. gayraliae by 

76%. As previously discussed, the mechanisms by which bacteria stimulate microalgal 

metabolism are undetermined, but might involve mutualistic interactions for vitamins 

such as cobalamin or growth factor hormones such as indole-3-acetic acid (Croft et al., 
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2005; De Bashan et al., 2008; Amin et al., 2012; Kazamia et al., 2012; Natrah et al., 

2014). 

The contrast of antimicrofouling activity recorded in microalgal extracts and 

extracts from their associated bacteria was further confirmed by the metabolomic 

studies.  

 

5.4.3. Chemical fingerprints of microalgal and bacterial extracts 

 

As discussed in the Chapter 3 (see 3.4.4.2), HPLC-based metabolomics coupled 

with multivariate analysis allow the analysis and comparison of metabolite contents 

(Chandramouli et al., 2013; Paul et al., 2013; Dittami et al., 2014; Poulson-Ellestad et 

al., 2014). In addition, incorporating this approach to AF bioassays can help targeting 

and identify the compounds with AF activity (Chandramouli et al., 2013). Multivariate 

analysis performed on chromatograms obtained at two wavelengths (214 nm and 320 

nm) showed that microalgal extracts have significantly different chemical signatures 

from associated bacterial extracts. The most discriminant compounds were also 

highlighted, and specifically attributed their producers, i.e. microalgae or associated 

bacteria. Although further investigation is needed to identify the exact nature of these 

compounds, these results support the assertion that the bioactive extracts from 

bacterized cultures of microalgae throughout this study are of microalgal origin.  

However, the influence of bacterial presence on the ability of microalgal cells to 

produce bioactive extracts should not be underestimated. It has been shown that the 

interactions of diatoms with bacteria have a significant effect on algal abundance and 

performance (Teeling et al., 2012; Paul et al., 2013). For instance, several studies have 

shown the necessity of direct contact between Pseudo-nitzschia multiseries and 

associated bacteria in order for the diatom to produce domoic acid (Bates et al., 2004; 

Kobayashi, Takata, & Kodama, 2009; Lelong, Hégaret, & Soudant, 2014). Also, a 

method using co-culturing device with a metabolomic routine allowed the study of 

physically separated microalgae and bacteria that can still exchange chemical signals 

(Paul et al., 2013). This study revealed the high influence of the bacterium 

Dinoroseobacter shibae on the metabolic profiles of the diatom Thalassiosira 

pseudonana. The high diversity of the chemically mediated interactions observed 

throughout our work makes the elucidation of the chemical communication extremely 

challenging. This kind of experimental set-up could facilitate further investigation of 
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these complex interactions, provided that axenic microalgal strains are obtained (Paul et 

al., 2013). 

  



Study	  of	  the	  bacterial	  community	  associated	  with	  microalgal	  cultures	  
	  

	  
	  

261	  

5.5. Conclusions 

 

This investigation addressed the contribution of the bacterial community associated 

with microalgal cultures to the AF activity recorded in microalgal extracts. The study of 

the morphological features and attachment dynamics showed a high bacterial species 

richness within the cultures, which quickly formed biofilm in very close proximity to 

microalgal cells. A high bacterial abundance was also highlighted: a bacteria/microalgae 

ratio > 1 was recorded, and reached 50 after 72 hours in C. closterium cultures.  

Different trends in AF activity were recorded with crude acetone extracts from 

microalgae and from associated bacteria. Bacterial extracts showed greater antibacterial 

activity whereas microalgal extracts were more efficient against microalgae. These 

dissimilarities were further supported by the multivariate analysis of metabolomic 

profiles, which showed significant differences between bacterial and microalgal extracts 

fingerprints. These results corroborate the fact that the AF activity recorded throughout 

this work is indeed of microalgal origin. This study also highlighted the extreme 

complexity of microalgae-bacteria interactions, which was reflected in the unusual 

bioactivities recorded such as the stimulation of the bacterial strain H. aquamarina. The 

recognition of these multi-factorial interactions necessitates a change in our approach to 

understand the microbial communities within a biofilm. The exploitation of microalgae 

for biotechnological applications could encompass the development of co-culturing 

systems with specific organisms that would allow microalgal growth-promotion and 

stimulation of bioactive extracts production.  
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General discussion 

 

The search for innovative AF technologies has been attracting increasing interest 

from the middle of the 20th century. The first publications, in the 1940s, related to the 

use of dichlorodiphenyltrichloroethane (DDT) as an AF agent (Seagren et al., 1945; 

Marchand, 1946), but it is from the 1970s that research on AF coatings intensified with 

the formulation of organometallic compounds into paints. The number of publications 

further increased from 2008 following the ban of TBT-based AF coatings, covering 

diverse areas of research related to AF technologies and biofouling processes: marine 

engineering, biology of fouling organisms, ecotoxicology, environmental sciences, 

chemical ecology and biotechnology. With the growing opposition to the use of copper 

and other heavy-metal based coatings due to their toxicity on non-target organisms (Bao, 

Leung, Lui, & Lam, 2013; Katranitsas, Castritsi-Catharios, & Persoone, 2003; Kiaune 

& Singhasemanon, 2011; Wang, Li, Huang, Xu, & Wang, 2011), there has recently 

been a particular focus directed towards bio-inspired AF technologies. The process of 

adapting the existing AF strategies used by marine organisms, biomimetics, inspired 

new AF solutions. To repel epibionts, many marine taxa use chemical defence, often in 

combination with other mechanisms such as adapted surface properties, surface renewal, 

mechanical grooming using structures such as specialised brushes in crustaceans and/or 

behavioural mechanism such as burying to avoid fouling (Ralston et al., 2009; Epstein 

et al., 2013; Heo et al., 2013; Müller et al., 2013; Chapman et al., 2014).  

The biodiversity within the oceans and the importance of chemical interactions 

in this diluted environment represents a great resource for the discovery of high value 

molecules of which only portion have been tested for their potential in various 

applications (Bugni et al., 2008; Hill & Fenical, 2010; Fusetani, 2011; Imhoff et al., 

2011; Blunt et al., 2012). In fact, it is estimated that a total of approximately 200,000 to 

250,000 biologically active products are known out of a probable total of 1 million 

compounds (Bhatnagar & Kim, 2012). This route necessitates a full comprehension of 

marine bioprocess engineering, which often requires a multidisciplinary approach as it 

includes discovery, development and screening methods, and sustainable production 

(Pomponi, 1999; Pereira & Costa-Lotufo, 2012; Murray et al., 2013; Yen et al., 2013). 

With the discovery of useful compounds remain, however, issues about maintaining a 

sustainable supply of these compounds without disrupting the ecosystems or depleting 

the resource (Chernogor et al., 2011; Murray et al., 2013). Using cultivable 
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microorganisms, such as microalgae, for such purposes can overcome these difficulties. 

The commercial feasibility of this approach was demonstrated for the bulk supply of 

natural products as significant progresses were made in the field of sustainable algal 

culturing (Jorquera, Kiperstok, Sales, Embiruçu, & Ghirardi, 2010; Lebeau & Robert, 

2003; Mimouni et al., 2012; Murray et al., 2013; Pérez-López et al., 2014; Rawat et al., 

2013; Sasso, Pohnert, Lohr, Mittag, & Hertweck, 2012). For example, Asta 

(astaxanthin) is commercially produced by Mera Pharmaceuticals (Hawaii) using 

Haematococcus in closed tubular photobioreactors, β-carotene is commercially 

produced by Betaten (Australia) using Dunaliella in open ponds, and Innovalg (France) 

produces Odontella aurita in open-air raceways for their high EPA and DHA content 

(Mimouni et al., 2012). The strategy of chemical defence used by cultivable microalgae 

to repel competitors and predators was investigated in this work (Roy et al., 2013). The 

selected microalgal strains in our study are excellent candidates as biomass and extracts 

producers. At a laboratory scale, up to 80 L were cultivated, that yielded in 

approximately 10% dried biomass, which then yielded up to 13% dried extracts. For up-

scaled production, life cycle impacts of microalgae cultivation and extraction need to be 

considered (Jorquera et al., 2010; Pérez-López et al., 2014). For instance, extraction 

methods based on the use of organic solvent extraction could be substituted by the use 

of supercritical CO2 extraction (Pérez-López et al., 2014). Also, the use of sunlight 

instead of artificial illumination could also considerably reduce costs and environmental 

impacts (Jorquera et al., 2010; Pruvost et al., 2011; Pérez-López et al., 2014). On the 

other hand, the use of metabolomics coupled with multivariate analysis in cultivation 

systems is of increasing interest. First, it is a valuable tool for assessing the impact of 

variable culture conditions on the production of bioactive compounds (Paul et al., 2013; 

Ng et al., 2014; Ritter et al., 2014). Also, it is a powerful analytical strategy that enables 

quality control and monitoring of the production of high value molecules to ensure that 

the target compounds are produced predictably (Cajka, Riddellova, Tomaniova, & 

Hajslova, 2010; Farag, Mahrous, Lübken, Porzel, & Wessjohann, 2013; Kim et al., 

2011; Lee et al., 2013; Wang et al., 2004). For instance, generating multiple chemical 

fingerprinting for one optimized culturing condition that allows the production of high 

yields of compounds of interests can allow the establishment of a database of standard 

spectra. These spectra can then be statistically analysed using the partial least squares 

regression and the resulting treatment could be used as a calibration model.  
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After up-scaling the laboratory culture conditions that yielded into high algal 

biomass, the AF activity of microalgal-derived extracts was first assessed in the 

laboratory by screening the antimicrofouling activity against bacteria and microalgae. In 

this process, limitations inherent in existing methods based solely on the evaluation of 

growth inhibition were identified and improvements were achieved. A multi-functional 

laboratory-based bioassay was developed where the biological processes involved in the 

microfouling process were integrated in a unique test using the same inoculum. 

Screening the AF activity of extracts requires a thorough understanding of the structure 

and succession of fouling communities, as well as that of each group of key organisms 

involved in this process. It is generally accepted that biofouling develops as a series of 

stages that can happen sequentially, but it has also been argued that the stages could 

overlap, occur in parallel, or stochastically (Railkin et al., 2004; Khalaman, 2010; 

Rittschof, 2010; Mieszkin et al., 2013). As numerous studies have demonstrated that 

biofilm formation can induce subsequent settlement and metamorphosis of invertebrates 

and macroalgae (Wieczorek et al., 1995; Qian et al., 2007; Mieszkin et al., 2012, 2013; 

Salta et al., 2013), a focus on antimicrofouling inhibition was crucial. It was also 

important to assess the effect of an AF agent on each process of microorganisms 

colonisation, which include aggregation, settlement, and development (Briand, 2009; 

Dahms et al., 2009; Hori et al., 2010). The improvements brought to the bioassay 

provided a quantitative and more detailed assessment of the range of biological 

processes affected by the extracts tested, such as behaviour, adhesion, growth and 

toxicity. In this way, the improved bioassays allowed a better understanding of the 

mode of action of the bioactive extracts, with a particular focus on sub-lethal effects 

such as repulsion, which are important when searching for eco-friendly alternatives 

(Dobretsov et al., 2006a; Krång & Dahlström, 2006; Leflaive et al., 2009; Duchet et al., 

2010). Similarly to our study, research on early stages of biofouling focused mainly on 

the dominant biofilm organisms, i.e bacteria and diatoms, and it was shown that the 

composition is mainly driven by biogeochemical and physical interactions, as well as 

seasonal and geographical variations (Salta et al., 2013). In mature biofilms, the 

dominant bacteria include members of the α-proteobacteria, γ-proteobacteria, and the 

cytophaga-flavobacterium-bacteroides groups (Bellou, Papathanassiou, Dobretsov, 

Lykousis, & Colijn, 2012; Dobretsov, 2010; Jones, Cottrell, Kirchman, & Dexter, 2007; 

Salta et al., 2013). Pennate diatoms were shown to dominate biofilms, especially, 

members of the genera Achnantes, Amphora, Navicula, and Bacillaria (Thornton et al., 
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2002; Patil & Anil, 2005; Salta et al., 2013). A large proportion of non-cultivable 

microorganisms remained un-tested despite their relevance as fouling organisms 

(Kaczmarska et al., 2005; Selje et al., 2005), but Arrhenius et al. (2014) recently 

developed a bioassay that overcomes the limitations of using lab-cultivable 

photoautrophic species. Indeed, by using field-collected marine photoautotrophic 

periphyton as inoculum, the response of the multitude of indigenous fouling species 

could be recorded. However, targeting monospecifically a large spectrum of dominant 

members of biofilms was key in the evaluation of new AF agents in order to understand 

the mode of action, and increases the robustness of the bioassays to detect powerful AF 

compounds with a wide spectrum of activity. It was equally important to integrate 

multispecies biofilm in the developed assay as they facilitate the study of synergistic 

and antagonistic interactions, where a fine balance between cooperation and 

competition exists (Nadell et al., 2009; Ren et al., 2014). Multispecies assays also gave 

insights about the potential efficacy of AF extracts in the field (Dobretsov et al., 2006a; 

Dahms et al., 2009). Molecular tools such as quantitative PCR could further be used to 

detect and quantify the bacterial and microalgal proportion, and give additional 

information on the effect of AF agents on a microbial community (Bacchetti De 

Gregoris et al., 2011; Ebenezer et al., 2012; Burmølle et al., 2014). Finally, because QS 

regulates biofilm formation processes, disrupting the cell-to-cell communication, can be 

another interesting AF strategy (Batista et al., 2014). So, evaluating QS inhibition using 

the bacterium Chromobacterium violaceum CV026 could be another element to 

integrate in the multifunctional assay to support the behavioural changes (aggregation 

and phenotypic switch) recorded at sublethal concentrations, which could be explained 

by QS disruption (Martinelli et al., 2004; Teasdale et al., 2009; Batista et al., 2014). The 

antimacrofouling assays used throughout this study effectively evaluated the bioactivity 

of microalgal extracts tested against macroalgal spores and barnacle larvae, however, 

major limitations involved seasonality constraints and accessibility. For these reasons, 

not all microalgal extracts could be screened for their antimacrofouling activity. For 

instance, the acquisition of macroalgal spores was highly dependent on seasonality, tide, 

moon phase (Fletcher & Callow, 1992; Maggs & Callow, 2003). As a result, stress-

induced sporulation in the laboratory (by altering temperature, light intensity, 

hydrodynamics, nutrient concentrations or desiccation, (Hiraoka & Enomoto, 1998)) 

was very challenging. To overcome the spores availability constrain, the impact of AF 

agents on enzymes involved in the adhesion process, such as haloperoxidases (Vreeland 
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et al., 1998; Bitton et al., 2006; La Barre et al., 2010), could be investigated, as 

proposed by Hellio, Lebret, et al. (2009a). 

The above laboratory assays were used to assess the potential for exploitation in 

AF applications of chemicals produced by microalgae from different taxonomic groups, 

possibly for ecological purposes such as defence, competition and allelopathy (Adolph 

et al., 2004; Ribalet et al., 2008; Leflaive et al., 2009, 2011; Balestra et al., 2011; Ianora 

et al., 2011; Roy et al., 2013). In the studies reported in this thesis, promising results 

were demonstrated in the laboratory where several group of fouling organisms were 

inhibited by microalgal extracts. Especially, extracts from T. pseudonana, P. purpureum 

and C. closterium affected the adhesion/settlement and growth/development of bacteria, 

microalgae, macroalgae spores and barnacle larvae at concentrations as low as 0.01 µg 

mL-1. When compared to commercial biocides also tested in this study (Sea Nine 211 

and Irgarol 1051), the antimicrofouling fouling activity of microalgal extracts showed 

activity at lower MIC, demonstrating their potential for AF application. Sea Nine 211 

inhibited the bacterial and algal adhesion and growth at MIC = 0.1 µg mL-1 while 

Irgarol 1051 only recorded one significant inhibitory effect against the bacterium V. 

natrigens at 10 µg mL-1. Algicidal activity of Irgarol 1051 was, however, unbeatable as 

total inhibition was systematically recorded against all the microalgal strains tested at 

MIC = 10-5 µg mL-1. Nonetheless, complex responses were recorded, both with 

microalgal extracts and commercial biocides, which included non dose-dependent 

inhibition and stimulatory effects. For instance, stimulatory and inhibitory effects were 

often recorded using the same extract at different concentrations, and, it was also found 

that the same extract concentration could stimulate growth while inhibiting adhesion. 

These complex responses, thought to be an example of the phenomenon of hormesis 

(Hadacek et al., 2011), were fully discussed in the Chapter 3 (3.4) and were also 

observed in previous studies especially using MNPs (personal communication, Prof. C. 

Hellio). But such observations are ordinarily not thoroughly documented in AF 

publications as they complicate the interpretation of data sets and the fitting for standard 

concentration-response curves models. As a result, only little data reflecting hormetic 

effects is available in an ecotoxicological context (Altuntaş, Kılıç, Uçkan, & Ergin, 

2012; Kefford, Zalizniak, Warne, & Nugegoda, 2008; Kefford & Zalizniak, 2013). In 

order to fully understand the mode of action of a potential AF agent and fully apprehend 

its effect on target organisms, the assumption that stimulatory effects could also have a 
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measurable effect on natural populations needs to be considered and acceptance of such 

type responses is required (Kefford et al., 2008, 2013). 

Because those complex effect patterns were observed in our studies for crude extracts 

and fractions containing a mixture of molecules, as well as for the semi-purified extracts, 

this phenomenon could be attributed to synergistic effects (Sevak et al., 2012; 

Cedergreen, 2014). In addition, intra- and interspecific chemical interactions could 

simply reflect the chemical ecology complexity within microalgal cultures. Our study 

demonstrated that stress-induced culture conditions such as light limitation, predation, 

and competition had significant impact on the nature of the extracts produced and 

hence, on the effectiveness of the AF activity recorded. The production of chemicals 

with positive and negative activity could be the result of multiple triggers and stresses 

on both microalgae and associated bacteria, but they can also be inherent to the 

evolution of the microalgae-bacteria association over the cultivation period (Amin et al., 

2012; Lachnit et al., 2013; Le Chevanton et al., 2013; Natrah et al., 2014). The 

numerous and complex interactions between bacteria and diatoms within the 

phycosphere, such as competitive, synergistic, and parasitic (Amin et al., 2012), lead to 

the extraction of mixture of compounds with both inhibitory and stimulatory activity. 

The type-responses complexity demonstrated in the laboratory was extrapolated in the 

field where promising inhibitory activities recorded were largely overwhelmed by the 

stimulatory effects, even when combined with ZnPy. These results should encourage 

more investigations on hormesis, which needs to be appropriately addressed as a typical 

response in future AF studies (Kefford et al., 2013). 

Our work suggested that fucoxanthin could be associated with the AF activity observed, 

which exhibited numerous bioactivities in previous studies, including antibacterial 

(Mori et al., 2004; Peng et al., 2011; Saha et al., 2011; Lachnit et al., 2013; Mikami et 

al., 2013). Further biochemical analyses such as LC/MS are needed in order to identify 

and quantify the proportion of each compound, including fucoxhantin, within the 

extracts studied, and to reflect their importance with regards to the complex nature of 

the chemical interactions revealed in our study. Indeed, effective bio-inspired AF 

strategies that target a diverse spectrum of fouling organisms requires an understanding 

of the details and dynamics of chemical communications that occur within the 

biofouling communities and their close surroundings. This would help finding the ideal 

mixture of info-chemicals that could prevent the adhesion/settlement of a large 

spectrum of organisms including bacteria, which are the most adaptable group of 
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organism, prone to resistance, and able to mediate resistance to viral infection in 

microalgae (Burmølle et al., 2006, 2014; Kimura et al., 2014).  

 

Just as in nature, a combination of approaches seems to provide the most hope for 

the development of eco-friendly AF technologies (Ralston et al., 2009; Epstein et al., 

2013; Heo et al., 2013; Müller et al., 2013). A recent study showed promising results by 

using both surface topography and chemical defence strategy (Chapman et al., 2014). 

Algae surfaces were replicated using a polymeric reproduction method, loaded with pre-

extracted algae brominated furanones: the combinatory approach using topography and 

chemistry helped lowering the level of biofouling pressure. This combinatory approach 

is very encouraging and further investigation could involve the use of active extracts 

from cultivable microalgae for improved feasibility at an industrial level. 
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A. F/2 medium 
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B. Bold’s basal medium 
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